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Abstract

The electrophoretically-driven transport of double-stranded λ-phage DNA through focused ion

beam (FIB) milled nanochannels is described. Nanochannels were fabricated having critical

dimensions (width and depth) corresponding to 0.5×, 1×, and 2× the DNA persistence length – or

25 nm, 50 nm, and 100 nm, respectively. The threshold field strength required to drive transport,

the threading mobility, and the transport mobility were measured as a function of nanochannel

size. As the nanochannel dimensions decreased, the entropic barrier to translocation increased and

transport became more constrained. Equilibrium models of confinement provide a framework in

which to understand the observed trends, although the dynamic nature of the experiments resulted

in significant deviations from theory. It was also demonstrated that the use of dynamic wall

coatings for the purpose of electroosmotic flow suppression can have a significant impact on

transport dynamics that may obfuscate entropic contributions. The non-intermittent DNA transport

through the FIB milled nanochannels demonstrates that they are well suited for use in nanofluidic

devices. We expect that an understanding of the dynamic transport properties reported here will

facilitate the incorporation of FIB-milled nanochannels in devices for single molecule and

ensemble analyses.
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The incorporation of nanofluidic components in lab-on-a-chip devices promises to enable

analysis capabilities beyond those available on solely microfluidic platforms.1–4 One

example that has attracted considerable attention is the use of nanofluidic channels to study

the behavior of macromolecules under confinement.5–8 This is achieved by forcing

macromolecules into nanochannels having widths and/or depths that are smaller than the

molecules’ dimensions in free solution. Such studies are expected to advance the

understanding of behavior in less stringently defined nanofluidic networks such as polymer

melts, gels, and porous solids. In addition to insights gained about the ensemble behavior of

macromolecules, opportunities exist for the precise characterization of single molecules. For

example, single molecule analyses of DNA confined in nanochannels show promise in

mapping, sizing, epigenetic analysis, and separations applications.9–20 Nanochannels have

also been proposed as critical elements in single-molecule, direct-read sequencing

devices.21,22 Such applications are enabled by the extension of a DNA molecule along the

long axis of the nanochannel, which allows length determination and spatial mapping.

To date, the majority of these studies have focused on double-stranded DNA. It can be

driven into nanochannels electrokinetically or using pressure driven flow, is readily stained
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with high-contrast intercalating dyes, and has a persistence length of ~50 nm in high ionic

strength buffers.23,24 This length scale, which characterizes the bending stiffness of the

chain, is therefore commensurate with the dimensions of nanochannels routinely fabricated

using a variety of techniques.2,25–28 This fact has two important implications. First, it means

that double-stranded DNA can be significantly extended in such nanochannels and thus

mapped with high spatial resolution. Second, it enables experimental investigations of two

distinct models of macromolecule confinement. If the nanochannel critical dimensions are

significantly greater than the persistence length, then the molecule can fold over on itself

and forms a string of blobs. If the nanochannel is significantly smaller than the persistence

length, blob formation becomes energetically unfavorable because of the large bending

strain and the molecule adopts a deflecting chain conformation. These two modes of

polymer extension, under equilibrium conditions, were modeled by de Gennes and Odijk,

respectively.29,30 More recently, theoretical and experimental efforts have begun to address

the transition between the two regimes, with regard to the range of nanochannel sizes over

which it occurs and the conformations assumed in the transition regime.31–33

The forces applied to DNA molecules required to load them into nanochannels can result in

folded, compressed, or stretched conformations.11,12,17,34,35 In order to facilitate

comparisons to equilibrium theories it is necessary to remove the forces driving transport

and allow the molecules to relax to their lowest energy states. Many of these studies are

performed in nanochannels having critical dimensions greater than 100 nm and show

reasonable agreement with the predictions of de Gennes’ blob theory.14,36–38 However,

measurements performed in a series of nanochannels of various sizes have shown

equilibrium extension lengths, R, with a dependence on nanochannel dimensions, D, of

R~D−0.8, deviating from the blob theory prediction of R~D−2/3.39,40 Data from

nanochannels with dimensions smaller than the persistence length of DNA in standard

electrophoresis buffers are limited. Reisner et al. observed extension consistent with Odijk’s

deflecting chain model in 30 nm × 40 nm channels.39 The lack of data from nanochannels in

this size range reflects the challenges of nanochannel fabrication below ~50 nm. An

alternative approach to realizing deflecting chain conformations is to increase the DNA

persistence length by lowering the ionic strength of the buffer, thereby reducing counter-ion

condensation.11,41–46 Several groups have observed commensurately greater extension in

nanoslits and nanochannels at ionic strengths below ~10 mM.11,41–43 It has been noted that

the low ionic strength conditions employed in these experiments will also result in double

layer overlap in nanochannels with charged surfaces, effectively depleting co-ion and

enriching counter-ion concentrations.5 The effects of ionic strength on DNA and the

nanochannel environment can be difficult to deconvolve.

This highlights the importance of considering how phenomena that are unique to nanofluidic

channels may perturb behavior intrinsic to DNA’s molecular properties. For example, as the

nanochannel size approaches molecular dimensions, hydrodynamic interactions are

effectively screened, molecule-wall interactions become important, and electrical double-

layer overlap can occur.47–49 Because of these phenomena, the nanochannel surface

characteristics (i.e., surface chemistry, charge, and topography) may strongly affect transport

dynamics. Indeed, in surveying studies that have explored the pressure or electrokinetically

driven transport of DNA molecules through nanoslits and nanochannels, it becomes

apparent that transport dynamics can be quite complex and sensitive to the nanochannels’

dimensions, materials, and method of fabrication.12,17,50–54 In some cases, the velocities of

electrokinetically driven DNA molecules vary along the length of the nanochannels and may

not be directly proportional to the applied voltage.51,52,54 Cross et al. observed size

dependent DNA mobility in 19-nm deep but not in 70-nm deep nanoslits fabricated in fused

silica.53 Campbell et al. observed an increase in DNA mobility with a decrease in the

dimensions of FIB-milled nanochannels in a silicon device.51 This was attributed to the
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suppression of electroosmotic flow in smaller nanochannels due to double-layer overlap. In

the studies cited above, the observed mobilities ranged from 6×10−5 to 2.5×10−3 cm2 V−1

s−1, depending on device and buffer conditions.

The dynamic properties of single DNA molecules have also been monitored as the

molecules relax to or fluctuate around their equilibrium conformations and diffuse in the

nanofluidic structures.11,14,17,34,35,37–39,50,55–59 This behavior can be understood in the

context of the conformational models described above. Adoption of a particular

conformation affects not only static extension but also dynamic properties since the

coefficient of drag is dependent upon the molecular configuration.5,39 Diffusion and

relaxation are found to be slower in nanochannels and nanoslits compared to bulk solution,

consistent with confinement scaling theories.5,38,57,58 These studies have primarily imaged

single molecules at equilibrium or under modest applied forces. In the case of molecules

being rapidly driven through nanochannels, configurations and dynamics become more

complex.12,60

We recently reported the fabrication of nanochannels in quartz substrates with critical

dimensions as small as 5 nm using focused ion beam (FIB) milling.61 Here we describe the

transport of double-stranded λ-phage DNA (48.5 kbp) through unity aspect ratio

nanochannels thus fabricated with dimensions 0.5×, 1×, and 2× the biopolymer’s persistence

length (i.e., 25 nm, 50 nm and 100 nm, respectively). We focus on dynamic transport

properties that are relevant to “on-the-fly” single-molecule characterizations, in contrast to

measurements on pre-loaded and equilibrated molecules. Specifically, we determined the

voltage necessary to initiate transport, the velocity of DNA threading into the nanochannels,

and the electrophoretic mobility of DNA in the various nanochannels. A comparison of

transport in electrophoresis buffers lacking or including polyvinylpyrrolidone (PVP), an

additive to suppress electroosmotic flow, offers some additional insights on the impact of

this routinely used surface coating.

EXPERIMENTAL SECTION

Device Fabrication

A series of experimental devices, one for each nanochannel dimension, were fabricated in

quartz substrates. Each consisted of an array of ten identical 50-μm long nanochannels

interfaced to microfluidic channels. The microfluidic channels were patterned using standard

photolithography and wet etching techniques and were typically 20-μm wide and 5-μm

deep. Access vias were drilled from the substrate backside using abrasive powder blasting.

The nanochannels were patterned by FIB milling through a chromium film, a process

described in detail elsewhere,61 using a Helios NanoLab 600 DualBeam instrument (FEI

Company). After milling, the Cr was removed from the substrate using a Chromium Mask

Etchant (Transene Company, Inc.) and a thin AuPd film was sputtered for imaging with

SEM using the DualBeam instrument. The AuPd film was removed with an aqua regia etch.

A substrate and a 0.13-mm thick quartz coverslip (Esco Products, Inc.) were cleaned using

Nanostrip 2X (Cyantek Corporation), brought into contact, and heated in a furnace to 900°C

to achieve fusion bonding. Devices that are subjected to an identical thermal treatment

without being sealed with a coverslip were imaged using SEM to ensure that nanochannel

collapse did not occur under these conditions. Reservoirs were affixed over the vias on the

backside with UV-cured epoxy.62 Microfluidic devices were also fabricated without FIB-

milled nanochannels in which 20-μm wide × 5-μm deep microchannels were patterned in a

simple cross geometry. These devices were used to determine the electroosmotic mobility in

the buffers used in the DNA transport experiments by measuring the mobility of a neutral

fluorescent dye, Rhodamine B, that was introduced to the analysis channel using a pinched

injection.63,64
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Sample Preparation and Transport Measurements

DNA transport experiments were conducted in 2× TBE electrophoresis buffer [180 mM Tris

base (Fisher Scientific), 180 mM boric acid (Mallinckrodt Chemicals), and 4 mM EDTA

(Sigma-Aldrich)]. In some experiments, polyvinylpyrrolidone (PVP, 10 kDa molecular

weight, Sigma-Aldrich) was added to the buffer (2% by mass) as a dynamic coating to

suppress electroosmotic flow (EOF). Additionally, β-mercaptoethanol (Fisher Scientific)

was added to all solutions (4% by volume) to reduce photoinduced DNA cleavage.34

Solutions were initially introduced to the nanofluidic devices by adding filtered methanol to

all reservoirs and pulling vacuum on one of the reservoirs of each pair addressing a

microfluidic channel (~1 bar) for 10 min. The reservoirs were then emptied and this was

repeated twice with filtered distilled deionized water, then twice with the electrophoresis

buffer. After filling the micro and nanochannels with buffer, the ionic conductance was

measured between all reservoir pair combinations in order to determine the fraction of the

applied voltage dropped across the nanochannel arrays. The percentage of the applied

voltage dropped across the nanochannel arrays was 51%, 73%, and 81% for the 100-nm, 50-

nm, and 25-nm arrays, respectively, with the remainder of the voltage dropped across the

microfluidic channels that accessed the nanochannel arrays. The electric fields reported in

this Article were calculated from the voltage dropped across the nanochannel arrays and the

measured length of the nanochannels. After the transport experiments, these ionic

conductance measurements were repeated to verify that device performance remained

constant during the experiments (see Supporting Information for additional details).

λ-phage DNA (48.5 kbp, Promega Corporation) was used as received and stained with

YOYO-1 intercalating dye (Invitrogen) at a base-pair:dye ratio of 5:1. Stock solutions were

allowed to equilibrate at room temperature overnight prior to dilution for experiments.

Experiments were run using solutions having a DNA concentration of 0.5 ng/μL (16 pM).

DNA molecules were electrokinetically driven through the nanochannels by immersing

platinum electrodes in the reservoirs on either side of the nanochannel array and applying a

bias using a variable voltage DC power supply (Agilent). Being negatively charged, DNA

was driven towards the anode. Fluorescence microscopy was performed on an Eclipse

TE2000-U inverted microscope (Nikon) using a 100×/1.4 NA oil immersion objective

(Nikon). Fluorescence was excited and observed using a 100-W mercury arc lamp and a

GFP-3035B filter set (Semrock). Images were acquired using a Cascade II EM-CCD camera

(Photometrics) collecting at 350–400 frames s−1. Images were recorded and analyzed using

NIS Elements Advanced Research software (Nikon). A binary threshold was manually

defined to delimit the intensity of a fluorescent DNA molecule from the background. The

automated measurement of this binary layer tabulated the length of the molecule and the

coordinates of the leading end, trailing end, and intensity-weighted center of mass in each

frame. These parameters, together with the recorded time for each frame and the electric

field strength driving transport were used to generate the results presented in this Article.

RESULTS AND DISCUSSION

The FIB milled nanochannels used here have approximately square cross-sections with

nearly vertical sidewalls. Figure 1 shows a scanning electron microscope (SEM) image of

one of the nanochannel arrays, along with the cross-section images used to determine the

actual nanochannel dimensions (width × depth) of 25 nm × 29 nm, 57 nm × 49 nm, and 98

nm × 103 nm. The contiguousness and low surface roughness of the nanochannels were also

verified for all nanochannels during SEM imaging and prior to device bonding. Atomic

force microscopy (AFM) scans of FIB-milled features similar to the nanochannels in these

arrays confirm the low roughness of the bottom surface (Supporting Information). For

nanochannels of this size, analysis of both the SEM and AFM images indicates standard

deviations in nanochannel width and depth of ~0.5 nm.61 DNA transport through
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nanochannels that satisfied these quality requirements occurred with constant velocity (i.e.,

sticking or trapping in the nanochannels was rare). A representative series of frames from

each of the nanochannel devices is presented in Figure 2.

The introduction of a DNA molecule into a nanochannel smaller than the molecule’s

hydrodynamic radius requires a force sufficient to exceed the entropic barrier. This requisite

force has not been well characterized in nanochannel experiments since many such

experiments measure DNA molecules that have been introduced into the nanochannels and

then allowed to equilibrate after the transport driving force (i.e., pressure or voltage) has

been removed. However, when on-the-fly characterizations of DNA molecules during

transport are desired, the entropic barrier establishes a lower limit to the driving force, and

consequently to the molecules’ transport velocity. Large entropic barriers, and fast transport

velocities, may exceed the temporal resolution of some detection methods, such as the

fluorescence imaging used in these studies. We therefore characterized the threshold electric

field strengths required to drive transport through the various nanochannels.

This was accomplished by decreasing the driving voltage until the frequency of

translocation events dropped to ~0.002 s−1, or ~1 event/10 min. This event frequency was

comparable to near threshold capture rates measured using solid-state nanopores.65 This

approach overestimates the value of the true entropic barrier, since translocations are, in

fact, observed. However, it provides an estimate of an experimentally practical threshold

that is consistent across devices. The threshold field strengths thus measured are plotted in

Figure 3 as a function of nanochannel dimensions in both 2X TBE and 2X TBE containing

2% PVP. Initially, experiments were attempted using 1X TBE electrophoresis buffer

solutions. However, we found that DNA molecules could not be electrophoretically driven

through the nanochannels in the absence of the EOF suppressor. While the net DNA

mobility remained towards the positively biased electrode, the EOF through the

nanochannels appeared to produce a counterflow sufficient to inhibit DNA threading into

the nanochannels. At high field strengths (>5 kV/cm) DNA migrated toward the

nanochannel array but was excluded from the regions near the nanochannel entrances, with

the depletion regions increasing in volume as the applied voltage was increased. These

effects are similar to behavior reported by Cross et al. for 19-nm and 70-nm deep nanoslits

in fused silica using 5X TBE buffers.53 While this counterflow can be effectively reduced

by the addition of EOF suppressors such as PVP, it may also be desirable to monitor DNA

behavior in additive-free buffers. A change in electrolyte concentration was therefore

explored as an alternative means to decrease the electroosmotic flow. In nanochannels, EOF

can be reduced by decreasing the buffer’s ionic strength and inducing electrical double-layer

overlap.49,66 Alternatively, increasing the buffer concentration can also reduce EOF by

shielding surface charge on the channel walls and consequently decreasing their zeta

potential.67–69 Because the EOF at low ionic strengths would be suppressed to significantly

different degrees for various nanochannel sizes, we applied the second strategy to ensure

more similar electroosmotic mobility in the three nanochannel sizes investigated here. In our

devices, merely doubling the ionic strength was sufficient for electrophoretically-driven

transport to dominate. For 2X TBE, the Debye length is estimated to be ~1 nm and the

consequent suppression in the electroosmotic flow in the smallest nanochannels is expected

to be ~10% of flow in the microfluidic channels.49,69,70 This corresponds to a small error in

the DNA mobilities due to slightly different electroosmotic mobilities in each device. In

nanofluidic devices where the wall zeta potential differs due to differences in materials,

fabrication methods, or device conditioning protocols, other buffer conditions may be

optimal.

In 2X TBE the threshold field strength is inversely proportional to the nanochannel critical

dimension, D, the geometric average of the width and depth for nanochannels with
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approximately square cross sections. This behavior is intermediate between the expectations

predicted by the de Gennes and Odijk models for which the free energy of confinement

scales with D−5/3 and D−2/3, respectively.29–31,71 As noted above, recent theoretical work

has begun to examine the gradual transition between these two regimes.31–33 A comparison

between experiment and these emerging theories will require investigations with a large

number of nanochannel dimensions over a wider size range. Nonetheless, we can conclude

that the observed results are in qualitative agreement with theory and that the increase of this

entropic barrier with decreasing nanochannel dimensions has practical implications for

studies monitoring DNA molecules during transport. By reducing the EOF, which runs

counter to DNA migration, we expect to see a reduction in the field strengths required to

drive translocation. Upon addition of 2% PVP to the buffer, a different trend in the threshold

field strength also emerges, in which it increases linearly with a decrease in nanochannel

size. This change in behavior suggests contributions that are not considered in the

confinement models. Such effects may include hydrodynamic forces at the nanochannel

entrances or enthalpic contributions due to short-range attractive interactions between DNA

and the wall coating.72 While the exact mechanism is unclear, the inclusion of PVP in the

system results in a significant decrease in the voltages required to drive transport in the

smallest nanochannels.

As mentioned above, one motivation for reducing the field strength is to lessen the detection

requirements vis-à-vis sampling frequency and sensitivity. A second consideration is the

minimization of molecular deformations resulting from large strain rates. It has been

previously reported that the significant stress experienced by DNA molecules as they are

threaded into nanochannels results in non-equilibrium conformations that take several

seconds to relax.11,12,17,34,35 In the present case, DNA stretching occurs during threading

due to resistance by the entropic force and the drag experienced by the portion of the

molecule in the microchannel. Once the DNA molecule is pulled fully into the nanochannel,

a degree of relaxation occurs, as is apparent in the frame series in Figure 2. Due to the

relatively short length of these nanochannels, however, the maximum translocation time is

~100 ms and the molecule is not expected to be fully equilibrated to its confinement-induced

conformation. The extension lengths of λ-phage DNA, measured both immediately after full

insertion into the nanochannels and near the exit of the nanochannels, are shown in Figure 4

and compared to the values predicted by the de Gennes and Odijk models:

(1)

(2)

where L is the DNA contour length, P is its persistence length, and w its effective diameter.5

We use values of L=20 μm (accounting for the effect of staining), P=50 nm, and w=3 nm

(accounting for electrostatic contributions).12,56 Although the dynamic extension lengths

cannot be quantitatively compared to the equilibrium models, the theoretical values provide

a useful frame of reference. The extension lengths increase with confinement, as expected,

and are found to be greater than those predicted by the de Gennes model, as previously

reported.12 We also note that there is no discernible effect of PVP addition on the extension

lengths. For applications such as DNA sizing and mapping, the perceived advantages of

operating a nanofluidic device in a constant driving mode are simplicity and throughput. The

stretching of DNA molecules during their introduction into the nanochannels may provide

additional spatial resolution beyond that expected from confinement-induced extension. It

remains to be seen if such gains would be offset by uncertainties from the greater

distribution of pre-equilibrated conformations.60

Menard and Ramsey Page 6

Anal Chem. Author manuscript; available in PMC 2014 January 15.

N
IH

-P
A

 A
u
th

o
r M

a
n
u
s
c
rip

t
N

IH
-P

A
 A

u
th

o
r M

a
n
u
s
c
rip

t
N

IH
-P

A
 A

u
th

o
r M

a
n
u
s
c
rip

t



We consider now the effects of confinement on the electrophoretic mobility of λ-phage

DNA. The translocation process consists of three distinct stages: threading or injection into

the nanochannel, transport within the nanochannel, and ejection from the nanochannel exit.

The threading process is expected to be the slowest because it is resisted by entropic and

frictional forces.34,73 Conversely, the ejection process is expected to be the fastest as the

entropic force adds to the electrostatic force driving transport in the nanochannel.34,74 With

the present data, it was possible to quantify the dynamics of the threading and transport

processes; the effect of the entropic force on ejection was not discernible in these

experiments.

An inspection of the frame series in Figure 2 reveals that DNA is transported through each

nanochannel with a constant velocity. This is in contrast to earlier reports that indicated the

presence of steric or dielectrophoretic trapping sites in some devices that resulted in

intermittent stationary or slowed behavior.51,52,54,75 The behavior observed in our FIB-

milled nanofluidic devices suggests the absence of such trapping sites, confirming the low

roughness of the nanochannels apparent in electron micrographs. We note that intermittent

transport can also result from enthalpic interactions between DNA molecules and the

nanochannel surface. In such cases, stick-slip motion would be observed for an attractive

DNA/wall interaction if the driving force was less than the interfacial forces.76 We do not

observe such effects, however, indicating that the electrostatic forces in our experiments

overwhelm surface interactions and/or that the dynamics occur so quickly that they are not

measurable on our experimental time scale.

The dependence of velocity on field strength also conforms to expectations, appearing linear

in the voltage range investigated. Figure 5 shows this linear dependence for DNA molecules

being transported through the various nanochannels in 2X TBE with 2% PVP. The DNA

mobilities measured in the various nanochannels are shown in Figure 6. These values were

determined from center of mass measurements performed on images in which a DNA

molecule was fully contained within the nanochannel (i.e., no portion of the molecule

extended into either microchannel), thus avoiding contributions from the threading or

ejection processes. Furthermore, in order to facilitate the comparison of transport behavior

in the two electrolyte solutions, the values were corrected for the contribution of EOF by

adding the electroosmotic mobilities measured in microfluidic devices to the DNA

mobilities. The electroosmotic mobilities were found to be 1.58(±0.01) ×10−4 and

0.79(±0.01) ×10−4 cm2 V−1 s−1 in 2X TBE and 2X TBE with 2% PVP, respectively.

In both buffers, the DNA electrophoretic mobility was found to decrease with decreasing

nanochannel size. In an earlier study of DNA mobility in a series of larger nanochannels

(having dimensions of 150 nm × 180 nm, 170 nm × 340 nm, and 240 nm × 400 nm (width ×

depth)) Campbell et al. observed the opposite trend, and EOF reduction due to electrical

double-layer overlap was postulated as an explanation.51 In the present study, it should be

noted that the electrophoretic mobilities measured in 100-nm nanochannels show little

significant decrease from that observed in bulk solution. This suggests that confinement-

induced perturbations to electrophoretic mobility do not begin to emerge until the critical

nanochannel dimensions approach 100 nm. In larger nanochannels, particularly in the lower

ionic strength buffer used by Campbell et al., EOF effects are likely more important. We

note that the trends observed in the two buffers, represented by the fits in Figure 6, converge

at a value approximately equal to the bulk mobility and at a nanochannel dimension of ~150

nm, which corresponds to the diameter of a Pincus thermal blob.77 In nanochannels larger

than the Pincus blob diameter but smaller than the molecule’s hydrodynamic radius,

molecular rotation and flexion are inhibited but the blob size and number of blobs are not

determined by the nanochannel dimensions. Consequently, the hydrodynamic drag opposing
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migration is not strongly impacted by the nanochannel. This differs from diffusion, which

remains significantly hindered in channels larger than the molecule’s hydrodynamic radius.5

Also presented in Figure 6 is the scaling expected for the de Gennes and Odijk models of

confinement. The electrophoretic mobility, μep, is related to the charge per unit length, q; the

length of the molecule, L; and the drag coefficient of the molecule, ξ, by the following

equation:

(3)

In the de Gennes model,

(4)

where η is the solution viscosity.5 Therefore,

(5)

Similarly, the drag coefficient in the Odijk model is5

(6)

And consequently,

(7)

These models consider the hydrodynamic drag due to the molecular conformation and the

screening of hydrodynamic interactions. They do not take into account any additional

friction terms from the interaction with the nanochannel walls. Despite this omission, the

experimental mobilities exhibit a weaker dependence on nanochannel dimensions than

theoretically predicted. The mobilities in 2X TBE and 2X TBE with 2% PVP are found to

scale with D0.10±0.01 and D0.30±0.06, respectively. We compare these results to previous

studies investigating the effect of nanoslit depth on the diffusivity of double-stranded DNA

molecules.56,58 Since diffusivity also scales inversely with the drag coefficient, a notable

finding in those studies was that the confinement dependence of diffusivity was weaker than

the expected blob theory scaling. The deviation from theory was less dramatic than our

results, however, with exponents in the range of 0.45–0.55.56,58 This difference likely

originates in the non-equilibrium conformations of DNA molecules during driven transport.

The fact that the molecular conformation appears to be strongly influenced by the force

applied during threading and transport implies a lesser contribution from confinement. In

other words, the molecule does not experience the full extent of its confinement, in contrast

to diffusivity measurements made on molecules equilibrated to their boundary conditions.

One implication of this argument is that the velocity of molecules may decrease during

transport in sufficiently long nanochannels as they relax to conformations defined by

confinement.
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With the addition of PVP, the electrophoretic mobility of DNA in the nanochannels

decreased and became more strongly dependent upon the degree of confinement. Given the

lesser force required to drive transport (Fig. 3) and the lower velocity of fluid flowing

against the DNA molecules, this might result from the molecules assuming conformations

having greater drag coefficients. This explanation seems unlikely, however, given the

similarity in DNA extension lengths in the two buffers (Fig. 4) and the invariance in

electrophoretic mobility with field strength. Alternatively, the lower mobility might be due

to an increased affinity between DNA molecules and the PVP-coated nanochannel walls, or

a higher viscosity in the nanochannels due to the presence of PVP.78 Such effects are

expected to increase as the nanochannel dimensions decrease and the surface area per unit

volume increases. An enthalpic contribution resulting from DNA-PVP affinity is consistent

with the decreased voltage threshold shown in Figure 3. We suspect that the similarity in the

scaling observed in 2X TBE with PVP and that predicted by the Odijk model is coincidental,

considering the fact that the trends in the threshold voltage and molecular extension

described above did not conform to the deflecting chain theory.

The mobilities are also given in Table 1 for the purpose of comparing them to the threading

mobilities. The threading mobilities are calculated from the velocities of the leading ends of

DNA molecules as they thread into the nanochannels. In practice, this consisted of analyzing

the first three frames (~8 ms) of each event, providing a somewhat gross estimate of the

initial threading velocity. It was expected that the threading mobilities would be slower than

the transport mobilities due to the entropic and drag forces that resist DNA migration and

this was found to be the case. As the threading process proceeds, however, the volume of the

DNA molecule in the microchannel decreases, as does the consequent drag. The mobility is

therefore expected to increase gradually from an initial minimum value to the transport

value. More precisely characterizing this transition would require greater temporal

resolution than was available in the present study. The differences between the threading

and transport rates indicated in Table 1 for the various nanochannels provide a qualitative

measure of the stretching force applied along a DNA molecule’s length. These results

therefore reinforce the finding of highly strained, non-equilibrated molecules observed more

directly in the fluorescence images (Figs. 2,4).

CONCLUSIONS

In summary, the characteristics of DNA transport through a series of FIB milled

nanochannels are described. As the nanochannel size decreases, the field strength required to

drive transport increases. This results not only in faster transport velocities but also in

significant extensional forces applied to DNA molecules. The increase in transport velocity

is offset somewhat by lower electrophoretic mobilities in smaller nanochannels. This

dependence is weaker than theoretically predicted, however, likely due to the non-

equilibrium conditions of the experiments. The lack of intermittent transport dynamics

indicates the suitability of the smooth-walled FIB milled nanochannels for use in nanofluidic

devices. Finally, the addition of the EOF suppressor, PVP, was found to modify the behavior

of DNA in significant ways. These perturbations should be considered when attempting to

reconcile experimental results and theoretical predictions.

Supplementary Material

Refer to Web version on PubMed Central for supplementary material.
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Figure 1.

Scanning electron micrographs of nanochannels interfaced to a microfluidic device showing

(a) a top view of an array of 50-μm long nanochannels and (b–d) tilted views (52°) of

nanochannel cross-sections having critical dimensions of (b) 100 nm, (c) 50 nm, and (d) 25

nm. The roughness observed in the cross-section micrographs is due to a 2-nm AuPd film

sputtered on the surfaces for imaging. A schematic (e) showing the experimental setup

where stained DNA solutions are added to the device reservoirs, DNA is electrokinetically

driven through the nanochannels, and transport events are observed using fluorescence

microscopy. The inset shows a magnified view of the nanochannel array.
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Figure 2.

Representative series of frames showing the transport of fluorescently-stained λ-DNA

molecules through a single (a) 100-nm nanochannel, (b) 50-nm nanochannel, and (c) 25-nm

nanochannel. Scale bars are 20 μm. The time between frames in each of these series is

approximately 2.8 ms.
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Figure 3.

Dependence of the threshold field strength on the nanochannel dimensions, measured in 2X

TBE and 2X TBE with 2% PVP added to suppress electroosmotic flow. The scalings shown

are empirical fits to the data and deviate from theoretical predictions, most significantly

upon addition of PVP to the buffer. The error bars represent the standard deviations of

triplicate measurements for each device and buffer.
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Figure 4.

Extension lengths as determined from the fluorescence images. The initial lengths describe

the average lengths immediately after the DNA molecules have been pulled completely into

the nanochannels. The final lengths are measured near the end of the nanochannels, before

ejection into the microchannel. These dynamic values are compared to the equilibrium

values predicted by the de Gennes (dashed line) and Odijk (dashed-dotted line) theories.

N=10–20 molecules analyzed for each device and buffer.
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Figure 5.

Linear relationship between λ-phage DNA velocity and field strength as measured in 2X

TBE with 2% PVP added to suppress electroosmotic flow. N=10–20 molecules analyzed for

each device and field strength.
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Figure 6.

Effect of increased confinement on the electrophoretic mobility of λ-phage DNA. The

decrease in mobility with nanochannel dimensions is weaker than predicted by blob (de

Gennes) scaling. See text for details. N=20–40 molecules analyzed for each device and

buffer.
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Table 1

Summary of the Transport and Threading Mobilitiesa

2× TBE 2× TBE, 2% PVP

channel size (nm)

μep, transport × 104 (cm2

V−1 s−1)

μep, threading × 104 (cm2

V−1 s−1)

μep, transport × 104 (cm2 V−1

s−1)

μep, threading × 104 (cm2 V−1

s−1)

100 3.37±0.05 3.2±0.1 (5%) 3.17±0.08 2.8±0.1 (10%)

50 3.13±0.05 2.7±0.3 (14%) 2.43±0.05 1.9±0.2 (22%)

25 2.94±0.09 2.2±0.1 (25%) 2.12±0.08 1.2±0.1 (43%)

a
In parenthesis is given the percent decrease in mobility observed for the threading process into each nanochannel, relative to the transport mobility

through the same nanochannel.
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