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The ubiquity of plastic debris in marine environments raises the question, what impacts do
plastics have on our marine microbiota? To investigate this, we applied bacterial 16S
rRNA gene and fungal ITS2 region sequencing to identify changes in microbial biofilm
community compositions on marine plastic, over time. We sampled biofilm on virgin linear
low-density polyethylene (LLDPE), nylon-6 (PA) and glass after 2, 6 and 12 weeks of
constant immersion in Te Whakaraupō-Lyttelton Harbour, Aotearoa-New Zealand. Of the
prokaryotes, Proteobacteria and Bacteroidetes were predominant in all samples and
Verrucomicrobiota were most abundant in mature biofilms. Microbial communities on the
three substrate types were significantly distinct from those in the surrounding seawater,
regardless of age, but not between attachment substrates. Bacterial communities
occurring two weeks after immersion and fungal communities at six weeks were found
to vary more among substrate types than at other times; however, no significant
substrate-specific communities were identified overall. Taxa closely related to previously
reported plastic-biodegrading species were found in very low abundance across all
substrates, including on the glass slides. Our findings suggest that microorganisms do not
selectively persist on the LLDPE or PA surfaces to gain significant direct metabolic benefit,
instead using these plastics primarily as an attachment surface on which they form
generalist biofilm communities.

Keywords: microbial community, 16S rRNA gene, ITS2 region, plastisphere, LLDPE (linear low density
polyethylene), PA (nylon-6), biofilm, metabarcoding
INTRODUCTION

Since industrial production began in the 1950s, plastic debris has become ubiquitously distributed in
our environment; it is even found in remote locations, from isolated mountain catchments in the
French Alps (Allen et al., 2019) to the depths of the Mariana Trench in the western Pacific Ocean
(Jamieson et al., 2019). An estimated 19 to 23 million metric tons of plastic waste amassed in our
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oceans in 2016 alone (Borrelle et al., 2020), increasing societal
concerns regarding the accumulation and impact of plastics on
the marine environment (Schnurr et al., 2018). As a result, the
harm inflicted on macrobiota such as birds, fish and mammals,
by ingestion or entanglement has been well documented (Laist,
1997; Wilcox et al., 2013; Besseling et al., 2015). However, the
ecological impacts of plastic polymers and their additives on the
ecology of marine microbiota are less explored and therefore not
well understood (Lear et al., 2021).

Following preliminary observations of bacterial and diatom
colonisation on plastic debris from the Sargasso Sea in the 1970s
(Carpenter and Smith, 1972), it has become clear that complex,
diverse microbial and metazoan communities rapidly colonise
marine plastic (Zettler et al., 2013). Many studies have since
characterised the bacterial and eukaryotic communities formed
on environmental plastics, often referred to as the ‘plastisphere’,
providing evidence that taxonomically distinct plastisphere
communities develop as compared to communities in the
surrounding environment (Lear et al., 2021). Whilst it has
been shown that microbes such as the fungal phylum
Chytridiomycota (Kettner et al., 2017) and the bacterial phyla
Bacteriodetes, Proteobacteria (Oberbeckmann et al., 2014) and
Cyanobacteria (Bryant et al., 2016) are highly abundant in the
plastisphere, the specificity of plastisphere taxa remains
enigmatic as none are known to colonise specific plastics alone.
It has yet to be concluded whether different communities
associate with, and develop on different types of plastic, which
could impact the broader ecosystem’s functionality, with
unknown and unforeseen consequences (Oberbeckmann et al.,
2017; Pinto et al., 2019).

When studying the plastisphere microbiome, the focus has
predominantly been to assess mature biofilm, or biofilm
of undeterminable age. Whilst there have been limited
investigations into the pioneer species during the early
formation of plastisphere biofilms, a recent study investigated
the microbiomes of plastic pre-production pellets in flowing
seawater, revealing compositionally distinct communities
forming on plastic between 8 and 70 days (Ward et al., 2022).
Erni-Cassola et al. (2020) suggested that obligate hydrocarbon-
degrading bacteria may dominate the preliminary stages of
colonisation if they possess the ability to utilise hydrocarbons
which can leach from weathered plastics, as a carbon source. As
surface hydrophobicity influences microbial biofilm formation
(Teughels et al., 2006; Rummel et al., 2017), early colonisers
may be better adapted to colonising plastic surfaces, before
succession results in domination by more ‘generic’ biofilm
community members (Wright et al., 2020b). Due to the
extensive variability in the physicochemical dynamics of plastic
surfaces and particularly the presence of different additives and
contaminants, microbial communities are likely to be impacted
both positively and negatively by plastics, depending on their
combined responses to these substrates as either sources or carbon
and nutrients, or as sources of toxicants. The paucity of studies
investigating microbial colonisation of marine plastics in situ
leaves a significant knowledge gap in understanding which taxa
are involved in the early stages of plastic colonisation and at
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different stages of biofilm succession. This is of particular concern
since the composition of even the most commonly used plastics is
highly variable (Roosen et al., 2020; Wiesinger et al., 2021),
meaning microbial responses to marine plastics are likely to be
very specific to the particular substrates and environments under
study. Currently, we understand relatively little with regard to
whether generalist biofilm communities form on plastics, or if
different taxa colonise different plastics, as well as how these
communities vary over time and the implications this may have
on ecosystem health and function.

Previous studies have shown that plastisphere communities
are significantly influenced by their geographic location
(Hoellein et al., 2014; Oberbeckmann et al., 2014), highlighting
the need for investigations to take place over a more extensive
range of spatial scales to determine any geographic factors
shaping plastisphere assembly and to identify a core
microbiome within plastisphere communities, should one exist.
Our study is the first to characterise marine plastisphere
communities in Aotearoa-New Zealand (A-NZ), to determine
the presence of taxa previously identified as putative plastic
biodegraders in global studies and conversely, to determine
whether there are taxa in our ocean that might be sensitive to
plastics, with potentially unintended consequences. To assess the
identities and abundance of plastic-associated bacteria and fungi,
we deployed a structure containing two different plastic types
along with an inert glass control into the marine environment at
Te Whakaraupō-Lyttelton Harbour, A-NZ, for a short period of
time (sampling from 2 – 12 weeks), allowing assessment of the
early stages of microbial plastic colonisation. The polymers in
our study – nylon-6 (also called polyamide-6, abbreviated in our
study as PA) and linear low-density polyethylene (LLDPE), were
selected based on their high abundance in marine plastic debris
(Guzzetti et al., 2018; Erni-Cassola et al., 2019) and different
chemical compositions as PA contains heteroatoms in the
polymer backbone, LLDPE does not. They also contained
additives typically used in commercial plastics (e.g., tris(2,4-di-
tert-butylphenyl)phosphite, or Irgafos 168®) which have been
previously reported as hazardous or toxic (Hammond et al.,
2013; Li et al., 2016; Groh et al., 2019). First, we hypothesised that
microbial communities associating with these substrates differ
taxonomically from microbes present in ambient seawater.
Second, since the diversity of microbial communities is
thought to be influenced by the degree of hydrophobicity of
the substrate (PA is hydrophilic (Huang and McCutcheon, 2014)
whereas LLDPE is hydrophobic (Lu et al., 2004)), we predicted to
observe significant differences in the composition, evenness and
diversity of bacterial and fungal communities between the
biofilms that formed on these plastics and also on glass.
Further, we predicted to see greater differences between the
communities of younger plastic-associating biofilms compared
to communities growing on the glass, indicating the presence of
pioneer substrate-specific taxa capable of biodegrading plastics.
We hypothesised that the community differences among
substrates would reduce as the biofilm aged since we expect
more ‘generalist’ marine taxa would dominate the biofilm
over time.
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MATERIALS AND METHODS

Sampling Site and Collection
The location of the marine plastics deployment was at the
Lyttelton Port Company (LPC) floating pontoon in Te
Whakaraupō-Lyttelton Harbour, Aotearoa-New Zealand (A-
NZ) (43°36’27.3”S; 172°43’24.2”E). The site is a major
commercial port, with no public access to the deployment site.

The polymer types used in the study, PA and LLDPE,
contained additives typically included in these products for UV
light stability and degradation prevention; PA comprised the
polyamide base polymer Ultramid B3S with 0.5% Nylostab S-
EED additive; LLDPE comprised base polymer Innopulus
LL7410D1 with additive 0.25% Irganox B215 (33% Irganox
1010 and 67% Irgafos 168). Any other contaminants associated
with these were at very low levels, i.e. inorganic contaminants
were below the limits of detection of thermogravimetric analysis
( ± 0.1% of the original mass). Plastics were injection-moulded
into rectangular paddles (75 mm x 50 mm x 3 mm) with an
integrated arm (Figure S1A) using a bespoke die. The plastic
paddles were distributed across three marine-grade stainless-
steel (316) poles using a stainless-steel (316) frame. Plastic
paddles were installed at three levels due to space constraints,
starting 20 cm beneath the water surface and spaced
approximately every 20 cm (top, middle and bottom). As the
experimental structure was deployed on a floating pontoon, the
depth of samples remained consistent throughout the study and
was not impacted by tides. Sterile glass slides (76 mm x 51 mm x
1 mm made from extra white low iron soda-lime float-glass,
ProSciTech, Australia) were clamped within laser-cut marine
grade stainless-steel frames and attached to the rods with the
plastic paddles, at each depth. All slides and paddles were
oriented horizontally to the water surface (Figure S1B) and
data loggers (HOBO Pendant MX2202; Onset Computer Corp,
Bourne, MA, USA) were attached at each depth to monitor
temperature and light intensity within the water column, every
15 minutes, throughout the experiment (Figure S2). No
significant difference in temperature exposure was found
between the three depths in our structure (average temperature
was 9.1 °C at each depth). However, light intensity declined
significantly with sample depth (1213, 883 and 553 average lux
for loggers fixed to the top, middle and bottom sampling levels,
respectively; two-factor ANOVA, P < 0.01).

The structure was deployed on 11 June 2019 (austral winter)
and sampled on three occasions (14, 44 and 80 days after
deployment, hereafter referred to as weeks 2, 6 and 12). At
each time, samples were collected in triplicate for each substrate
type (one per depth); a total of six plastic paddles and three glass
slide samples were collected per sampling date, resulting in 27
paddles and glass slides overall. On each sampling occasion, the
deployment structure was removed from the water and, using
gloved hands, individual sterile Fisherbrand sample bags (Cat
No. 14955189; Thermo Fisher Scientific, Waltham, MA, USA)
were carefully placed over paddles which were then excised from
the structure using pipe cutters by cutting the integrated arm.
Three 2 L seawater samples were also collected from the same
location and approximate depth as the deployment structure at
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each timepoint to determine the ambient microbial community
composition of the seawater. Before use, a stainless-steel water
collection bucket and 2 L Schott Duran® glass bottles were acid-
washed and sterilised by autoclaving. Before sampling, the
bucket and bottles were rinsed thrice with seawater. All
samples were placed on ice for transportation back to the
laboratory for processing (i.e. three timepoints, three replicates
and four substrates [two plastics, glass and seawater], for a total
of 36 samples).

Sample Processing
Biomass was extracted within three hours of collection. All
procedures were performed on ice. The bulk of the biomass
was removed from both sides of the plastic paddles and glass
slides, using sterile flat-edged razor blades. Biomass was placed
into a separate sterile 50 ml tube per sample (Cat No. 227-261;
Greiner Cellstar®, Sigma-Aldrich, St. Louis, MO, USA). The
scraped paddle or slide was placed back in the original sampling
bag along with 30 ml ice-cold, sterile Tris-EDTA buffer (TE; Tris
10 M, EDTA 1 mM, pH 8.0). Samples were then sonicated in an
ice-cold ultrasonic water bath (Bandelin Sonorex RK 100H;
Sigma-Aldrich, St. Louis, MO, USA) for 2 min at 35 kHz to
recover additional biomass. The sonicate solution was added, by
pouring, to the recovered biomass from the same sample and
centrifugated at 4,500 xg for 10 min at 4°C. Supernatants were
gently decanted and discarded, followed by an additional 1 min
centrifugation and removal of the remaining supernatant by
pipette. Seawater was filtered (one litre per filter) through 0.2 µm
filter membranes (Supor® 200; Whatman, Maidstone, UK) using
a vacuum pump. Membranes were placed in individual, sterile,
15 ml centrifuge tubes and all samples were stored at -80°C
until required.

DNA Extraction
Microbial DNA was manually extracted individually from each
pelleted biofilm and seawater filter sample using a DNeasy
PowerSoil kit (Qiagen, Hilden, Germany) according to the
manufacturer’s instructions, except for the mechanical lysis
step, which was performed using a TissueLyser II (Cat No.
85300; Qiagen, Hilden, Germany) for 2 min at 30 Hz. DNA
was extracted from up to 250 mg biofilm biomass. When sample
biomass was <100 mg, 100 µl UltraPure Dnase/Rnase-Free
Distilled Water (Cat No. 10977015; Invitrogen, Thermo Fisher
Scientific, Waltham, MA, USA) was used to resuspend the pellet,
and the entire volume was then used for extraction. Filtered
seawater samples were placed directly into the PowerSoil bead
tubes using sterile tweezers. DNA was extracted from a total of 36
samples (i.e. 27 biofilm samples, plus nine seawater samples),
alongside an extraction kit control blank, following the
manufacturers’ instructions and each eluted in 100 µl elution
buffer. DNA concentration was assessed using a Nanodrop
photometer (Implen Nanophotometer, Munich, Germany) and
DNA samples were stored at -80°C until required.

PCR and DNA Sequencing
Polymerase chain reactions (PCRs) were performed to amplify: (i)
the hypervariable V3/V4 region of the bacterial small-subunit of
May 2022 | Volume 9 | Article 841142
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ribosomal RNA (16S) genes, using the universal amplicon primer
pair 341F and 785R (see Table S1), and (ii) the fungal internal
transcribed spacer 2 (ITS2) region of the nuclear ribosomal gene
using the primer pair: fITS7 and ITS4 (Table S1). All primers
were modified to contain the Illumina adapter sequences required
for amplicon sequencing (Kozich et al., 2013). All PCRs, including
sampling blanks from a parallel study at the same location,
extraction kit blanks and PCR controls, were conducted in total
reaction volumes of 25 µl containing 12.5 µl KAPA HiFi HotStart
ReadyMix (KAPA Biosystems Roche, Millennium Science, NZ),
0.75 µl of each primer (10 µM), 1 µl template DNA and 10 µl
UltraPure distilled water. Following PCR (Table S1), gel
electrophoresis was performed to verify amplicon sizes; 5 µl of
PCR products were run on a 2% (w/v) agarose gel, stained using
SYBR SAFE DNAGel Stain (Invitrogen, Thermo Fisher Scientific,
Waltham, MA, USA) and visualised under UV light using a
GelDoc imaging system. PCR products were quantified using a
Qubit double-stranded DNA (dsDNA) High Sensitivity Assay kit
(Invitrogen, Thermo Fisher Scientific, Waltham, MA, USA),
purified using a DNA Clean and Concentrator-5 kit (Zymo
Research, Irvine, CA, USA) and eluted in 12 µl DNA elution
buffer, according to the manufacturer’s instructions. DNA
extraction controls (and sampling controls collected at the same
site in a parallel study) yielded no sequencing product and
therefore were not sent for sequencing. The Auckland
Genomics Facility (The University of Auckland, New Zealand)
conducted DNA sequencing on an Illumina MiSeq instrument
using 2‐by‐300‐bp V3 chemistry. Before DNA sequencing, the
sequencing provider attached a unique combination of Nextera
XT dual indices (Illumina Inc., San Diego, CA, USA) to the DNA
from each sample to allow sample multiplexing.

Processing and Analysis of DNA
Sequence Data
Auckland Genomics Facility demultiplexed raw sequence reads.
Following this, we removed sequence adapters from reads with
Trimmomatic (version 0.39; Bolger et al., 2014) using the
parameters: ILLUMINACLIP:2:40:15. Primers were then
removed from reads using Cutadapt (Martin, 2011).
Successfully trimmed reads were processed using the ‘DADA2’
package (Callahan et al., 2016) in R (version 4.0.1; R Core Team,
2020) following the package instructions. Quality plots of
sequence reads were inspected, and reads were then filtered by
allowing a maximum estimated error (“maxEE”) of 2 per 100 bp.
Pooling of samples to achieve convergence of the parametric
error model was performed to estimate sequence error rates. To
reduce low sampling depth bias, all samples were dereplicated
and pooled together for amplicon sequence variant (ASV)
inference. Following this, paired-end reads were merged,
chimeric sequences removed and an ASV table constructed.
Taxonomic assignment was performed against the SILVA
reference database for bacterial 16S rRNA sequence reads
(version 138; McLaren, 2020) and against the UNITE reference
database for fungal ITS sequence reads (general FASTA release
version 10.05.2021; Abarenkov et al., 2021), using the native
implementation of the naïve Bayesian classifier method. ASVs
were defined as clusters sharing DNA sequence identity of 100%.
Frontiers in Marine Science | www.frontiersin.org 4
Accession Numbers
Raw reads are available from the NCBI Sequence Read Archive
under the BioProject ID PRJNA764817.

Bioinformatics and Statistical Analysis
Data Preparation
Bacterial and fungal ASV tables were filtered to only include read
data assigned to the kingdoms of ‘Bacteria/Archaea’ or ‘Fungi’,
respectively. ASVs that remained unclassified to the level of
kingdom were removed, as were ASVs classified at the order level
as chloroplasts. This represented less than 10% of all sequences.

All statistical analyses and visualisations were performed
using R (version 4.0.2; R Core Team, 2020). To evaluate if
sufficient DNA sequencing depth had been achieved,
rarefaction curves of the ASV data were plotted. To achieve
standard sequencing depth and ensure comparability of diversity,
samples were then rarefied using the ‘vegan’ R package (version
2.5-7; Oksanen et al., 2020) before downstream analysis. ASV
tables were randomly subsampled to the minimum library size
(rarefying; set.seed(123), bacteria n = 6810, fungi n = 577) to
ensure comparable sequencing depth.

Quantitative Analyses
To investigate species richness and evenness within the samples,
alpha diversity analyses were carried out by plotting the rank
abundance of ASVs. Chao1, Shannon and inverse Simpson
statistics were calculated using the phyloseq ‘estimate_richness’
function to compare bacterial and fungal richness and diversity.
Permutational multivariate analysis of variance (PERMANOVA;
Anderson et al., 2008) with 999 permutations was carried out on
Bray-Curtis dissimilarity matrices using the vegan ‘adonis’
function to statistically evaluate whether substrate type or
biofilm age had a significant effect (P < 0.05) on the
composition of bacterial and fungal communities. Pairwise
PERMANOVA was also conducted to assess the statistical
significance (P < 0.05) between the composition of
communities on different substrates or biofilm ages, using the
vegan ‘pairwise.adonis’ function. Homogeneity of multivariate
variance was quantified using the vegan ‘betadisper’ function.
Two-dimensional non-metric multi-dimensional scaling
(NMDS) based on Bray-Curtis dissimilarity measures was
plotted using ‘ggplot2’ for visualisation. Ellipses were drawn
onto NMDS plots using the stat_ellipse function of ggplot2
assuming a multivariate t-distribution. Rarefied ASV tables
were used to calculate relative abundances and the top five
genera per substrate were determined per sample. Stacked bar
charts were created at the genus level to show biofilm
composition at different ages (2 weeks, 6 weeks and 12 weeks)
and on different substrates (LLDPE, PA, glass and seawater). To
investigate whether bacterial and fungal ASVs are shared or
unique for each substrate and sample time, Venn diagrams were
created using R. Indicative value (IndVal) analyses (with 999
permutations and P > 0.05) were performed to evaluate which
ASVs contributed most to the observed differences in bacterial
and fungal community compositions (Dufrêne and Legendre,
1997) among substrates. To determine the presence of any
previously reported plastic biodegraders within our samples,
May 2022 | Volume 9 | Article 841142

https://www.frontiersin.org/journals/marine-science
http://www.frontiersin.org/
https://www.frontiersin.org/journals/marine-science#articles


Wallbank et al. Marine Plastisphere Community Succession
taxonomy tables were searched against a database of putative
plastic-biodegrading organisms (Gambarini et al., 2022);
potential biodegraders were identified to genus and species level.
RESULTS

A total of 36 marine samples were collected, comprising three
replicates of each substrate, sampled 2, 6 and 12 weeks after
deployment, and triplicate water samples taken at each
timepoint. After quality filtering, a total of 5142 and 1773
unique taxa were obtained for bacterial and fungal comparative
analyses, respectively. Rarefaction curves based on the ASVs of
the bacterial communities (Figure S3A) indicated adequate
sequencing depth was achieved to ensure the majority of
species were represented. However, many fungal rarefaction
curves did not reach saturation (Figure S3C); further
sequencing would therefore give a better indication of
diversity. Following rarefaction, 4431 bacterial and 688 fungal
unique taxa were retained for further analysis.

Comparison of Bacterial and Fungal
Community Richness, Evenness and
Diversity Across Substrates and Ages
Rank abundance curves were generated to assess the alpha
diversity of the bacterial (Figure S3B) and fungal (Figure
S3D) communities. In both cases, steep slopes indicate uneven
distributions of ASV abundance, demonstrating the
communities in the majority of samples were highly
dominated by a small number of taxa. ANOVA indicated
significant differences in bacterial community richness
comparing substrate types when seawater samples were
included (Chao1; substrate P = 0.001). Community evenness
was more impacted by the length of sample deployment
(Shannon and inverse Simpson; age P = 0.001, interaction
factor between substrate and age P = 0.025 and 0.019
respectively). Differences in fungal community richness and
evenness were also significantly related to substrate type
(Chao1; P = 0.021, Shannon; P = 0.035, inverse Simpson; P =
0.002) and a significant interaction term was detected between
substrate type and timepoint (Chao1; P = 0.003, Shannon; P =
0.091, inverse Simpson; P = 0.009). When removing seawater
data to compare only the communities on solid substrates (i.e.,
including on glass slides), significant differences in bacterial
community richness and evenness were only detected due to
sampling date (ANOVA; P all < 0.05), rather than substrate type
(ANOVA; P = 0.716, 0.744 and 0.832, for Chao1, Shannon and
Inverse Simpson values, respectively). Similarly, no differences in
fungal community indices were determined between the glass,
PA and LLDPE substrates (ANOVA; P = 0.272, 0.197 and 0.659,
for Chao1, Shannon and Inverse Simpson values, respectively).
Bacterial biofilm communities had a higher Chao1 richness than
seawater communities across all ages (Figure S4A), whereas
seawater fungal communities had a higher Chao1 richness only
at weeks 2 and 6 (Figure S4B). Shannon and inverse Simpson
diversity indices indicated no change in fungal biofilm diversity,
Frontiers in Marine Science | www.frontiersin.org 5
but higher bacterial diversity at 2 weeks compared to 6 and 12
weeks (Figure S4).

Variation in Bacterial and Fungal
Community Composition Across
Substrates and Ages
Non-metric multidimensional scaling (NMDS) analysis suggested
data from ambient seawater clustered separately from biofilm
microbial community data (Figures 1A, C). This indicates that
the composition of both bacterial and fungal communities
present in the seawater are distinct from those in the biofilms
(glass, PA and LLDPE), which was supported by pairwise
PERMANOVA (bacterial and fungal; seawater vs PA P = 0.001,
seawater vs LLDPE P = 0.001, seawater vs glass P = 0.002; all other
pairwise comparisons were not significant). After confirming that
the seawater communities differed from the biofilm communities,
we repeated these analyses using only the glass, PA, and LLDPE
biofilm data. Both biofilm age and substrate type were
significantly correlated with the observed variation in both
bacterial and fungal biofilm community composition
(PERMANOVA P < 0.05; Figures 1B, D). For the bacteria, the
biofilm communities after 2 weeks of incubation were most
different to those at 6 and 12 weeks (as determined by average
Bray-Curtis distance; pairwise PERMANOVA; 2 weeks vs 6
weeks P = 0.001, 2 weeks vs 12 weeks P = 0.001, 6 weeks vs 12
weeks P = 0.024). In contrast, the fungal biofilm communities
differed most after 6 weeks of incubation (pairwise
PERMANOVA; 2 vs 6 weeks P = 0.06, 2 vs 12 weeks P = 0.001,
6 vs 12 weeks P = 0.001). A significant interaction term was
detected (PERMANOVA P = 0.004; Figure 1D) between
substrate and age for the fungal data, with the greatest variation
among communities on different substrates occurring at 6 weeks.
No significant interaction term was identified for the bacterial
community data (PERMANOVA P = 0.161; Figure 1B),
indicating that the extent of variation among the three solid
substrate types did not differ with biofilm age. A permutational
test for homogeneity of multivariate dispersions was not
significant for either factor (P all > 0.05). We found no
evidence that sample depth, and thus related declines in light
intensity with depth, had any significant impact on bacterial or
fungal community compositions (Figure S5), suggesting the
observed variation in composition is dominated by factors
other than sample depth.

Taxonomic Variation in Bacterial and
Fungal Community Composition Across
Substrates and Ages
To understand which phyla were dominating within each sample,
total relative abundances were plotted, showing that Proteobacteria
and Bacteroidetes dominated microbial communities across all
samples (Figure S6A). Verrucomicrobiota were present at low
abundances in all samples at 2 weeks, increasing in abundance in
biofilm communities at 6 and 12 weeks. Actinobacteriota were also
present at low levels across all samples, with a higher abundance
in seawater. Very low abundances of Campilobacterota,
Planctomycetota and Bdellovibrionota were detectable in all
May 2022 | Volume 9 | Article 841142
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FIGURE 1 | Non-metric multidimensional scaling (NMDS) ordination for the visualisation of Bray-Curtis similarities of (A, B) bacterial (C, D) fungal communities in the
surrounding seawater and on glass, nylon-6 (PA) or linear low-density polyethylene (LLDPE) in the marine environment of Te Whakaraupō-Lyttelton Harbour,
Aotearoa-New Zealand, labelled according to substrate type and biofilm age. Closer proximity of points indicates increasing compositional similarity among those
data. PERMANOVA results are shown as p values, assessing the impact of the substrate type, biofilm age and their interaction. Black arrows represent significant (P
< 0.05) phyla correlating with ordination of samples. Ellipses were drawn using the stat_ellipse function of ggplot2 assuming a multivariate t-distribution and represent
variance observed among each different sample age with 95% confidence intervals.
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samples, as were low levels of Cyanobacteria and Desulfobacterota
at 12 weeks except for no detection in one PA 12-week sample and
one LLDPE 6-week sample, respectively. Patescibacteria were
present at low levels in all PA and LLDPE samples and most
seawater and glass samples. Marinimicrobia (SAR406 clade) were
mainly present in seawater at low levels. Most fungal reads
remained unassigned at the phylum level (Figure S6B) due to the
lack of identification of fungi in themarine environment.Within the
fungal sequences assigned, low levels of Ascomycota were present
across all samples, as were low abundances of Basidiomycota and
Chytridiomycota, which increased in abundance in biofilm samples
after 12 weeks. Biofilm phyla were therefore not observed to be
specific to the three solid substrates deployed in this study.

Communities in ambient seawater were dominated by the
bacterial genera N5S marine group and Planktomarina across all
timepoints (Figure 2A). At 2 weeks, SAR11 Clade-Ia and
unassigned genera were among the five most abundant genera
across all seawater samples, along with high abundances of either
Frontiers in Marine Science | www.frontiersin.org 6
Candidatus Actinomarina or Amylibacter. At 6 weeks, Formosa
and NS4 marine groups were among the five most abundant,
with the abundance of Polaribacter and Candidatus
Actinomarina increasing at 12 weeks in seawater samples.
Although Thalassotalea and Colwellia dominated all 2-week
biofilm samples, a greater diversity of highly abundant bacteria
were detected within the 2 week biofilm. Sulfitobacter were also
abundant in all samples, particularly in bacterial communities
present on PA. At 2 weeks, Thiomicrorhabdus and Yoonia-
Loktanella were highly abundant on glass. In contrast,
Oleiphilus, Fluviicola, Polaribacter and Dasania were highly
abundant in PA bacterial communities and Fluviicola, Yoonia-
Loktanella, Oleibacter and Arenicella in bacterial assemblages of
LLDPE. At 6 and 12 weeks, the relative abundances of Yoonia-
Loktanella, Rubritalea and Pibocella increased across all biofilm
communities. Overall, the most dominant genera in seawater
microbial communities appear to have a more consistent relative
abundance over time compared with glass, PA and LLDPE
May 2022 | Volume 9 | Article 841142
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FIGURE 2 | Relative abundances (%) of the five most dominant (A) bacterial and (B) fungal genera within communities in each sample on glass, nylon-6 (PA) and
linear low-density polyethylene (LLDPE) and in seawater from the marine environment of Te Whakaraupō-Lyttelton Harbour, Aotearoa-New Zealand. Each bar
represents the relative abundance of the five most dominant taxa within each sample from various substrates, collected at different biofilm ages. Each colour and
corresponding number represents a particular genus.
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biofilm communities. Early 2-week communities showed
sample-level variation among the five most abundant genera
associated with glass, PA and LLDPE; however, this is reduced as
the biofilms matured and the composition of the most abundant
taxa varied less over time.

In terms of the fungal communities, a common issue faced in
this field is an underrepresentation of marine fungal species in
databases used for taxonomic assignment, meaning that
unassigned genera represent a majority of the five most
dominant fungi detected. Other than unassigned fungi,
Ciliophora and Metschnikowia were present at relatively high
abundances within fungal communities of seawater at 2 weeks
(Figure 2B) and 6 weeks. Candida was observed at low
abundances after 6 weeks, whereas the abundances of
Malassezia and Pseudoascochyta increased in some seawater
communities at 12 weeks.

Core Community Analysis
Bacterial ASVs unique to the plastisphere equated to 567, with
177 and 161 ASVs being unique to PA and LLDPE respectively,
and 229 shared among both plastics. Glass specific bacterial
ASVs totalled 231, with 261 and 276 being shared with PA and
LLDPE respectively, showing a similar richness of ASVs were
shared among the three solid substrates. Most ASVs were present
on more than one substrate. A total of 741 bacterial ASVs were
shared across all substrates, 2341 bacterial ASVs appeared to be
shared among at least two biofilm substrates/communities, with
1575 ASVs shared among LLDPE, PA and glass communities
(Figure 3A). A majority of fungal ASVs appeared to be unique to
each substrate, with only 32 fungal ASVs being shared across all
substrates and 85 ASVs appeared to be shared between at least
two biofilm substrates/communities (Figure 3B). At 2 weeks, 659
bacterial ASVs and 28 fungal ASVs were unique to the
plastisphere; however 1313 bacterial ASVs and 34 ASVs fungi
were shared across at least three substrates (Figures S7A, H).
A B

FIGURE 3 | Venn diagrams comparing the observed number of shared (A) bacterial
(PA) or linear low-density polyethylene (LLDPE) in the marine environment of Te Whak
type and numbers inside ellipses represent the number of shared ASVs.
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At 6 weeks, as 788 bacterial ASVs and 114 fungal ASVs unique to
the plastisphere were observed (Figures S7B, I). At 12 weeks,
microbial communities become more similar as 633 bacterial and
87 fungal ASVs were determined to be unique to the plastisphere
(Figures S7C, J). However, at both 6 and 12 weeks more ASVs
were unique to the communities associated with the glass slides
than with communities associated with either the LLDPE or PA
plastics. Few bacterial, and no fungal ASVs unique to each plastic
or glass surface were shared across the biofilm ages (Figure S7).

Bacterial and Fungal ASVs Associated
With Biofilms From Specific Substrates
or Ages
Indicator species (IndVal) analyses revealed that certain bacterial
and fungal ASVs are significantly associated with specific
substrates. A total of 590 out of 4431 bacterial ASVs and 41
out of 688 fungal ASVs were suggested to be potential indicators
of substrate type, regardless of age. A majority of the fungal ASV
indicators were associated with ambient seawater, with only 7
ASVs indicating glass, 1 ASV associated with LLDPE and no PA
indicator species were detected; further, the majority of these
ASVs were unassigned beyond kingdom. Out of the bacterial
indicators of substrate type, 346 ASVs were associated with
ambient seawater, 131 ASVs were associated with glass
biofilms, 46 ASVs were indicative of PA and 79 ASVs were
indicators of LLDPE. Some phyla appear to be more indicative of
certain substrates than others. For example, two thirds of the
phylum Bacteroidota and all Bdellovibrionota ASVs are
indicative of plastic substrates (i.e. rather than glass). All
Actinobacteriota, Acidobacteriota and Desulfobacterota appear
to be indicative of glass-associated biofilm communities, no
obvious clustering based on substrate type can be seen by
bacterial phylogenetic analyses (Figure 4). Three ASV
indicators of LLDPE were found to be related to taxa
previously reported as potential plastic biodegraders, all of
and (B) fungal ASVs present in the surrounding seawater and on glass, nylon-6
araupō-Lyttelton Harbour, Aotearoa-New Zealand. Colours represent substrate
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FIGURE 4 | Phylogenetic tree showing bacterial ASVs from biofilms in the marine environment of Te Whakaraupō-Lyttelton Harbour, Aotearoa-New Zealand,
identified as indicative of substrate type by indicator species (IndVal) analyses assessed Monte Carlo tests using 999 permutations (P < 0.05). Substrate type is
shown by the colours between branches and leaves (i.e. the inner coloured ring), leaves are coloured according to their phylum and red stars represent previously
reported plastic biodegraders at genus level. An interactive version of this tree is available at: https://itol.embl.de/tree/13021612675209791628467510.
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which are from the phylum Proteobacteria; two belonging to the
genus Alcanivorax and one belonging to the genus Shewanella.

Screening for Reported Potential
Plastic Biodegraders Within
Microbial Communities
At the genus level, 24 bacteria and 20 fungi (Figure 5)
identified as indicator taxa belonged to the same genus as
previously reported plastic biodegraders. At the species level,
Stenotrophomonas maltophilia was the only bacterial species
identified (Figure S8A) as belonging to a species previously
reported to biodegrade plastic, along with five fungal species
(Figure S8B). The relatively low abundance of these potential
bacterial and fungal plastic biodegraders varied across all sample
types and ages, being present on glass as well as LLDPE or
PA plastics.

Vibrio spp. were abundant across all samples at 2 weeks, along
with Pseudoalteromonas, Alteromonas, Alcanivorax and
Aestuariibacter spp. (Figure 5A). Oleispira and Shewanella spp.
were also abundant, mainly in PA and LLDPE samples at 2 weeks.
Flavobacterium spp. became more abundant across all samples at 6
weeks, with Bdellovibrio spp. observed in glass, PA and LLDPE
samples at 6 weeks, remaining in some PA and LLDPE samples up
to 12 weeks. Although Shewanella and Vibrio spp. were also
detected at 12 weeks, fewer bacterial genera previously reported to
be plastic biodegraders were identified at 12 weeks, especially on
plastics. While Papiliotrema spp. were abundant in seawater fungal
communities, fewer fungal genera were identified as reported plastic
biodegraders at 2 and 12 weeks (Figure 5B). A greater diversity of
fungi were detected at 6 weeks, with a high relative abundance of
Candida observed across all substrates. Cladosporium spp. were also
Frontiers in Marine Science | www.frontiersin.org 9
abundant in the fungal biofilm communities at 6 weeks;Mortierella
spp. were present in low abundance. At 6 weeks, Sarocladium spp.
appears in biofilms, Plectosphaerella spp. was unique to PA and
Trichoderma appeared to be present in LLDPE alone. A smaller
relative abundance of putative plastic-degrading taxa were detected
at 12 weeks. Paraphoma and Sarocladium spp. were unique to PA,
and Fusarium and Pestalotiopsis spp. were unique to LLDPE.
Candida spp. and Cladosporium spp. were associated with all
three solid substrate types (i.e., including glass).

Species-level findings revealed extremely low abundances of
the bacterium Stenotrophomonas maltophilia in PA samples at 2
and 12 weeks and at 6 weeks in seawater samples (Figure S8A).
This species has been reported to be a putative plastic-
biodegrading bacterium. Fungal species reported as
plastic biodegraders were more abundant than bacterial plastic
biodegraders, although most were associated with glass samples
at 6 weeks, rather than plastic substrates (Figure S8B). Of the five
identified plastic-biodegrading species, only Trichoderma viride
appeared to be specific to the plastisphere, present in three
LLDPE samples, one at 6 weeks and two at 12 weeks. Low
abundances of potential plastic biodegraders across the plastic
and glass substrates suggest these microorganisms are
predominantly utilising the surface of these substrates to form
biofilm communities, more so than to gain metabolic benefit
from the plastics.
DISCUSSION

The microbial colonisation of plastics established in the marine
environment has been well-documented (Carpenter and Smith,
May 2022 | Volume 9 | Article 841142
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FIGURE 5 | Relative abundance of reported potential plastic-biodegrading genera present within (A) bacterial and (B) fungal communities on glass, nylon-6 (PA) and
linear low-density polyethylene (LLDPE) and in seawater from the marine environment of Te Whakaraupō-Lyttelton Harbour, Aotearoa-New Zealand. Each bar
represents the stacked relative abundance for each sample from various substrates of different biofilm ages. Each colour and corresponding number represents a
particular genus. Triangles (▲) represent genera containing ASVs determined in this study as potential indicators of LLDPE. Circles (●) represent genera that contain
microbes identified as a reported plastic biodegrader at the species level.
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1972) but there is a lack of study identifying the community
establishment over time. To address this knowledge gap, we
explored temporal changes in bacterial and fungal communities
following the deployment of two plastic polymer substrates (as
well as glass slides) into the marine environment of Te
Whakaraupo-Lyttelton Harbour, Aotearoa-New Zealand. We
found distinct differences between communities in the water
column and surface colonisers forming a biofilm at all
timepoints, supporting the findings of Zettler et al. (2013) and
Dussud et al. (2018). No significant difference in diversity was
observed between communities on glass and the two plastic types
tested at any timepoint. We did however, establish that surface
associated microbial communities changed over time across all
surfaces, as previously found by Oberbeckmann et al. (2016) and
Xu et al. (2019). More taxa related to putative-plastic
biodegraders were found on glass, LLDPE and PA at weeks
two and six, for bacteria and fungi, respectively. However, we
found no evidence that putative plastic degrading taxa were more
abundant on any one substrate.

Biodegradation of polymers by microbial communities can
include biodeterioration, bio-fragmentation, mineralisation and
assimilation, as defined by Zeenat et al. (2021). We identified the
presence of certain species and genera within our marine samples
that might be capable of biodegrading these plastics via, noting
that mineralisation and assimilation have yet to be directly
determined in the marine environment. These ASVs were
shared amongst glass, LLDPE and PA-associated communities,
with the most abundant putative biodegraders being identified
on multiple substrates (e.g., Vibrio spp.). Biofilm age appeared to
have a significant impact on the diversity of proposed plastic-
degraders present, rather than substrate type. Once immersed in
the marine environment, organic matter builds up rapidly
forming a conditioning film on any solid substrate, promoting
microbial colonisation (Marshall, 1985; Galloway et al., 2017).
This has been shown to occur within a matter of minutes
following immersion (Harrison et al., 2014, Wright et al.,
2020b) and provides a nutrient-enriched environment for
biofilm-forming taxa. Factors including surface roughness and
hydrophilicity may impact rates of surface conditioning and also
subsequent rates of colonisation on different substrates (Bhagwat
et al., 2021). However, the results of our study suggest immersion
time, rather than substrate composition, was the more important
determinant of biofilm community composition.

Although the plastics used in our study were not artificially
aged by exposure to elevated UV light or temperature, it is likely
that some carbon present on, and within, the virgin plastic
surface is biologically accessible to colonising microbes in the
form of short chain oligomers and monomers (Gewert et al.,
2018; Romera-Castillo et al., 2018; Erni-Cassola et al., 2020).
Monomers and short-chain polymers may leach out of plastic
quickly (Kwon et al., 2015). Further, organic additives to plastic
substrates added during manufacturing are not bound to the
polymer and may be leached into the environment and used as a
carbon or nutrient source by the plastisphere community
(Wright et al., 2020a). The additives present in the PA and
LLDPE used in this study (Nylostab S-EED and Irganox B215
Frontiers in Marine Science | www.frontiersin.org 11
(Irganox 1010 and Irgafos 168)), which are typically included to
promote UV light stability and prevent physicochemical
degradation, are not readily biodegradable according to their
MSDS data. However, such additives may impact microbes
trying to establish on the plastics, influencing the communities
that are able to survive. An enormous diversity of chemical
additives are currently incorporated into plastics such as LDPE
(Thomas et al., 2012) including, in the case of ‘oxy-degradable’
plastics, metal salts of iron or manganese (Thomas et al., 2012)
intended to catalyse abiotic plastic degradation. The sheer
diversity of plastic additives used means that very different
microbial community responses may be witnessed, even in
reference to the same base polymer in the same environment.
In addition, diverse contaminants within the ambient seawater
may sorb to plastics, impacting community composition and
functioning variably depending on their concentrations in the
environment under investigation. Unfortunately, the diversity of
environmental contaminants present was not assessed in the
present study and so any related impacts caused by variation
across substrate type and sampling time could not be quantified.

Research has previously indicated that plastic degradation, where
observed, is likely to slow after the early stages of colonisation or
immersion (Datta et al., 2016; Enke et al., 2018; Wright et al., 2019,
Wright et al., 2020b), which could explain the greater relative
abundance of reported bacterial plastic-biodegraders in the first
weeks after immersion of plastics into seawater. Some studies
demonstrate biofilm maturation after days to over a week (Erni-
Cassola et al., 2020, Wright et al., 2020b), with the fast rates of
colonisation and succession perhaps explaining the low relative
abundances of putative plastic-biodegrading taxa in our samples as
generalist taxa out-compete pioneer species for space and resources.
Further, as succession occurred, the biofilms increased in thickness
due to an increased abundance of microalgae (represented in Figure
S9, not all data shown) as is commonly observed (Eich et al., 2015).
The increased biomass of taxa such as algae, that are not known to
mineralise and assimilate plastics, would provide an alternative
attachment substrate for the bacteria. This means a decreased
proportion of the bacterial community would be in direct contact
with the plastic surface over time, and they would also be less
exposed to any toxic substances associated with the plastic polymer,
as proposed by Ward et al. (2022). It is likely that a combination of
these explanations is responsible for shaping the communities of
putative plastic-degrading taxa in the marine environment.
Temporal abundance patterns of putative plastic-degrading
microbes were similar on plastic substrates as to those observed
on inert glass slides. Thus, it remains unlikely that observed
increases of presumed plastic-degrading taxa on the submerged
plastic substrates were driven by community changes in response to
the metabolism of the plastic polymers or their additives.

While providing a useful avenue for further exploration, we
did not seek to confirm evidence of plastic biodegradation in the
present study. At least 286 bacteria and 150 fungi have been
reported as plastic biodegraders (Gambarini et al., 2021) yet it is
often unclear whether or not these microbes are responsible for
the biodegradation of the plastic polymer itself, monomers and
short-chain polymers that are quickly leached from the plastic, or
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any additives present. To assess the putative plastic
biodegradation potential of these communities would require
additional physicochemical assessment of the plastics, as
outlined in Lear et al. (2021). However, the identification of
putative plastic biodegrading taxa, or closely related species and
strains by taxonomic analysis, as used in this study, nevertheless
provides a useful mechanism to identify environments, and
timescales, for more targeted analyses of plastic biodegrading
organisms and enzymes. PCR biases prevent the amplification of
DNA from certain taxa, including putative plastic-biodegrading
strains but the inclusion of mock-community extraction and
PCR controls as recommended by Lear et al. (2018) might help to
quantify the extent of such biases. Omitting the need for PCR
and its associated biases, future investigations into the
metagenomes or metatranscriptomes of these microbes and
communities may reveal additional taxonomic details. Using
genomics and proteomic profiling, Oberbeckmann et al. (2021)
reported that the properties of polyethylene and polystyrene
pellets had little influence on their associated microbial
communities, they were similar on both substrate types. Future
community-based assessments, including from metagenomics
and proteomics data, as used by Oberbeckmann et al. (2021),
may further help to identify appropriate sites for the later
enrichment and isolation of potential plastic biodegrading
organisms. In particular, confirmation of the presence of
complete plastic biodegradation pathways, along with their
corresponding regulatory mechanisms could help to identify
environments and sites for the mining of novel plastic
degrading genes and taxa.

We were not able to identify any fungal ASVs indicative of
plastic-specific biofilms (i.e. none were exclusively or reliably
found on any one plastic substrate). However, the presence of the
previously reported plastic biodegrading bacterial genera
Alcanivorax and Shewanella suggests that they attach more
readily to LLDPE or grow at a faster rate on this substrate.
Whilst Delacuvellerie et al. (2019) propose Alcanivorax
borkumensis as a biodegrader of low-density polyethylene
(LDPE), many other studies were unable to determine the
identity of putative bacterial or fungal biodegraders of plastic
past the genus level (Sekiguchi et al., 2011). Alcanivorax,
unidentified at the species level, have been reported to
biodegrade polycaprolactone (PCL) (Sekiguchi et al., 2011) and
poly-b-hydroxybutyric acid (PHB) (Suzuki et al., 2017).
Sekiguchi et al. (2011) also reported an unidentified Shewanella
with the ability to biodegrade PCL in the marine environment of
Japan. Shewanella isolated from soil has also been reported to
biodegrade PHB by producing clear zones in agar infused with a
PHB emulsion (Sung et al., 2016; Suzuki et al., 2017). Without
clear taxonomic classification to the species level in both the
samples from this study and reported putative biodegraders, it
remains challenging to verify that the species we detected are the
same as those reported in other studies. This limits our ability to
elucidate that species present in our samples have the potential to
be plastic biodegraders. Further, since the abundance of putative
plastic-degraders was equally high in glass-associated biofilms it
remains possible that none of the taxa identified have the
Frontiers in Marine Science | www.frontiersin.org 12
capability to metabolise PA or LLDPE. Hundreds of
publications identify putative PA and LDPE-degrading taxa,
yet Lear et al. (2022) recently postulated that, in fact, there
remains no strong evidence for their microbial degradation.

Gangoiti et al. (2012); Jeon and Kim (2013) and Montazer et al.
(2018) reported the mesophilic bacterium Stenotrophomonas
maltophilia to be a potential biodegrader of poly(3-
hydroxydecanoate) (P3HO), PLA and LDPE, respectively, after
isolating this bacterium from soil or landfill. S. maltophilia was
identified in PA biofilm samples from this study, suggesting that
this bacterium may form specific associations with PA in the
marine environment. The fungus Aureobasidium pullulans was
also present in seawater, glass and LLDPE biofilm samples from
this study, and has previously been reported to biodegrade five
different plastics: polyurethane (PU) (Crabbe et al., 1994), PCL
(Fields et al., 1974), PHB, PLA (Jeszeová et al., 2018) and a
polyvinyl chloride (PVC) blend (Webb et al., 2000). The
pathogenic fungus Cladosporium cladosporioides, present in our
samples across all substrates at 6 and 12 weeks, is reported to
biodegrade polyethylene (PE) (Bonhomme et al., 2003),
polyethylene terephthalate (PET) (Breuker et al., 2003) and PU
(Brunner et al., 2018). Additionally, Gonda et al. (2000) reported
that the fungus Debaryomyces hansenii, found in the North Sea,
biodegraded PHB, as did Matavulj and Molitoris (2009), who
reported the biodegradation of poly-3-hydroxyalkanoate (PHA)
by D. hansenii. Sarocladium kiliense is another fungus identified
within our samples, which has been reported to biodegrade PE
(Karlsson et al., 1988), whilst Trichoderma viride, also found in soil
and landfill material, has been reported to biodegrade PLA (Lipsa
et al., 2016) and LDPE (Munir et al., 2018). In general, we found
organisms previously reported to degrade plastics to only be
present in extremely low relative abundances and they were
shared throughout the glass, LLDPE and PA communities at
each timepoint, indicating their presence and abundance were
not substrate specific. Despite identifying numerous taxa related to
proposed plastic degrading bacteria and fungi among our samples,
it is important to note that many presumed plastic degraders were
previously exposed to plastics subjected to quite specific laboratory
conditions, including exposure to elevated temperature (e.g.,
Koutny et al., 2006) and UV light (e.g., Karlsson et al., 1988).
These conditions are chosen to purposefully alter the
physicochemical structure of the polymer. Significant polymer
degradation is rarely or never demonstrated under ambient
environmental conditions (Lear et al., 2022) and might not be
possible under the natural conditions to which our plastics
were exposed.

Studies with a much shorter range of incubation lengths [i.e.
sampling from days to weeks, rather than over seasons or months
as conducted by Xu et al. (2019) and De Tender et al. (2017)] are
desirable to determine if microbial substrate specificity for
different plastics could occur during the very early stages of
colonisation and succession. Indeed, Ward et al. (2022) suggest
that some early- to mid-stage colonizers associated with
hydrocarbon degradation may contribute to the degradation of
plastic leachate before early colonisers are replaced by ‘cheaters’
(Datta et al., 2016) which may not produce plastic- (or additive)
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degrading enzymes, but scavenge the products of their
degradation. In addition to conducting studies over a broader
range of incubation times, future investigations may benefit from
including a wider range of plastic substrates, with additive
combinations to control for their effects. This would help to
determine whether plastisphere communities are unique to each
plastic or are largely consistent across all substrates, as indicated
here. Including different plastic conditions such as ‘aged’ plastics
may also be useful since plastic weathering causes carbon
availability to increase, as aged plastics contain a greater
abundance of short chain polymers, compared to that of non-
aged plastics (Gewert et al., 2018; Romera-Castillo et al., 2018;
Erni-Cassola et al., 2020).

There remains a limited number of studies regarding the
functional potential of the plastisphere (Lear et al., 2021).
Oberbeckmann et al. (2021) determined proteomic and
genomic profiles from microbial communities were not specific
to PE and PS polymers, suggesting plastic type has a limited
influence on plastisphere functional potentials. However,
variability in the chemical composition of plastics, including
additives and contaminants, may be expected to elicit different
functional profiles in the communities colonising plastic
surfaces. As we propose that immature plastispheres are more
likely to contain plastic-biodegrading microbes, it is important to
investigate the expression of known genes conferring plastic-
biodegradation potential within these earlier communities. via
Metatranscriptomic studies focussing on earlier timepoints
would allow for the investigation of gene expression during
colonisation, such as those relating to biofilm formation,
adherence/surface attachment, type IV pilus expression,
quorum sensing, flagella production and motility (Vu et al.,
2009; Belas, 2014; Rampadarath et al., 2017). Analysis of
differential expression to first determine whether the
expression of certain genes is being up/down-regulated in the
presence of plastics, as well as between plastic types, followed by
establishing at which biofilm age(s) are these patterns being
observed, would provide further evidence as to if taxa previously
identified as putative plastic biodegraders do have the potential
to biodegrade plastic. The isolation and testing of individual taxa
identified for their plastic-biodegrading attributes would then be
essential for characterisation of novel plastic-biodegrading
organisms. Even if plastic biodegraders with limited
degradation capacity are identified, prior studies indicate that
enzymatic degradative capabilities might be enhanced following
genetic modification (Yoshida et al., 2016; Austin et al., 2018).
Such investigations would widen our understanding of the
plastisphere and bring us closer to identifying the impact of
these communities on the microbial ecology and functioning of
our oceans, as well as identifying and characterising further
microbes with plastic-biodegradation potentials.
CONCLUSION

We investigated the influence of two plastic polymers on the
diversity and composition of surface-associated microbial
Frontiers in Marine Science | www.frontiersin.org 13
communities in the marine environment using 16S rRNA gene
and ITS2 region amplicon sequencing. Biofilm-associated
communities (glass and plastic) significantly differed from
communities found in ambient seawater, and age of the biofilm
appeared to be a significant factor in determining community
composition, as also recently reported by Ward et al. (2022). In
particular, within our plastisphere communities, bacteria and
fungi appeared to be more unique at two and six weeks of
immersion, respectively, with these communities containing
microbes previously reported as having plastic biodegradation
potential. To our knowledge, this is the first study to investigate
the plastisphere in the marine environment of Aotearoa-New
Zealand. Our results suggest that communities attaching to
plastic in the marine environment include species reported to
have the potential for plastic biodegradation, yet these were no
more abundant than in glass-associated biofilm communities.
Rather, our research indicates that microbial degradation is not
likely to be a dominant process in marine environments. To gain
a more comprehensive understanding of the potential of the
marine plastisphere, analysis of communities from shorter
immersion durations and incorporating more plastic substrates
and conditions is necessary, alongside analysis of metagenomic
data, to confirm the presence of genes known or suspected to
confer plastic biodegradation traits.
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