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ARE ‘MAJOR’ MELOIDOGYNE SPECIES REALLY  

THE ONLY ONES THAT MATTER? 

Root-knot nematodes (Meloidogyne spp.) represent one of the 
most polyphagous and damaging genera of plant-parasitic nema-
todes. Meloidogyne are biotrophic endoparasites that are able to 
infect virtually any species of higher plant and have a near cosmo-
politan distribution. On a global scale, annual economic losses 
due to nematode infection of crops have been estimated at $173 
billion, with $13 billion in the United States (2013 U.S. dollar 
figures based on an earlier comprehensive survey [96]). Given 
that Meloidogyne species have been reported as the most impor-
tant genus of plant-parasitic nematodes worldwide (96), it seems 
realistic to estimate the annual economic losses at several billion 
U.S. dollars due to Meloidogyne alone. Even though approxi-
mately 100 nominal Meloidogyne species are known to date 
(58,84,115), the vast majority of research has focused on just four 
species that have commonly been referred to as ‘major’ species: 
M. arenaria, M. hapla, M. incognita, and M. javanica. The reason 

for the elevated status of these four species is partly due to the 
fact that they are extremely widespread and infect a wide range of 
principal crops, but to a certain degree it is also historical and can 
be traced back to a frequently cited study by Taylor et al. (100). In 
that study, the authors reported that M. arenaria, M. hapla, M. 
incognita, and M. javanica made up 99% of all species identified 
in over 660 isolates from 65 countries. Moens et al. (67) recently 
pointed out that the study by Taylor et al. (100) had several biases 
that may have skewed the data. For example, less than 6% of all 
samples were from temperate regions with temperatures of 5°C or 
less and a third of all samples came from just four crops. The 
widespread presence of M. arenaria, M. hapla, M. incognita, and 
M. javanica might also have led to frequent misidentifications of 
other species as one of the so-called ‘major’ species (67). It is also 
possible that less precise identification techniques or unawareness 
among nematologists led to more frequent errors in diagnoses in the 
past. Given the fact that none of the ‘major’ species is currently 
listed as a quarantine pathogen but that several other Meloidogyne 
species are, and that a number of studies have clearly demon-
strated the enormous impact a number of formerly largely ignored 
Meloidogyne species can have, it seems questionable whether the 
historic classification into ‘major’ and ‘minor’ root-knot nematode 
species is still justifiable or whether it should be abandoned in 
favor of a broader and more inclusive thinking. The objective of 
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ABSTRACT 

Elling, A. A. 2013. Major emerging problems with minor Meloidogyne species. Phytopathology 103:1092-1102. 

Root-knot nematodes (Meloidogyne spp.) represent one of the most polyphagous genera of plant-parasitic nematodes. To date, close to 100 valid 
species are recognized. In contrast to the size of the genus, the majority of past research focused on a small number of species, i.e., the so-called 
‘major’ species M. arenaria, M. hapla, M. incognita, and M. javanica. This review highlights recent work aimed at ‘minor’ root-knot nematodes: 
M. chitwoodi, M. fallax, M. minor, M. enterolobii (=M. mayaguensis), M. exigua, and M. paranaensis. Some of these species have been described 
only recently. After a brief profile of each species, identification methods and their application in Meloidogyne spp. are summarized. Intraspecific 
variation and its impact on plant resistance breeding are discussed and interactions between M. enterolobii and Fusarium solani are highlighted as 
an example of synergistic interactions with other plant pathogens. Future research on Meloidogyne spp. is not only shaped by recent breakthroughs 
such as completing the genome sequences of M. hapla and M. incognita, but is also influenced by changes in agriculture. Taken together, the aim of 
this review is to draw attention to previously neglected and newly described Meloidogyne spp. that are developing into major problems for 
agriculture in tropical and temperate climates. 
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this paper is to review and highlight recent research on M. chit-
woodi, M. enterolobii, M. exigua, M. fallax, M. minor, and M. 
paranaensis. These species were selected because they are 
emerging as major problems for agriculture, especially in the light 
of changes in production trends, trade patterns, and climate. 
Future directions for work on root-knot nematodes are discussed. 

MELOIDOGYNE INFECTION STRATEGY 

Meloidogyne spp. are obligate parasites that infect underground 
plant organs. The mature female deposits eggs into an egg sac, 
which is made up of a gelatinous matrix produced by its rectal 
glands (12). Inside the egg, embryogenesis leads to the develop-
ment of first-stage juveniles, which molt and develop into second-
stage juveniles (J2). Under favorable conditions, which are 
mainly dictated by moisture and temperature, J2 hatch and locate 
host plants (43). J2 invade roots at the cell elongation region or 
sites of root branching and migrate intercellularly through the 
cortex. When they have reached the endodermis, which represents 
an impenetrable barrier for J2, they first migrate towards the root 
tip until they reach the meristematic region and then move back 
up into the vascular cylinder. Ultimately, the J2 become sedentary 
and induce profound changes in the host tissue (116). In com-
patible hosts, about half a dozen plant cells are transformed into 
giant cells (Fig. 1), which make up the nematode’s feeding site 
and sole source of nutrition for the rest of its life cycle (reviewed 
by Perry et al. [84]). A typical symptom of Meloidogyne infection 
is the formation of galls at nematode feeding sites (Fig. 2). The 
exact mechanisms that lead to the establishment and maintenance 
of giant cells remain unclear, but it is very likely that effectors 
produced in the nematode’s esophageal gland cells play a key role 
in the process (46). After the feeding site has been established, J2 
increase in size and undergo subsequent molts into third- and 
fourth-stage juveniles (J3 and J4), and after a fourth and final 
molt into adult females or males. Adult males regain their motility 
and are able to leave the root, whereas females remain sedentary. 
Males are not formed in all species and reproduction can occur 
parthenogenetically. 

SPECIES PROFILES 

This review focuses on six Meloidogyne species: M. chitwoodi, 
M. enterolobii, M. exigua, M. fallax, M. minor, and M. paranaen-
sis. These species have not been chosen based on phylogenetic 
relationships or geographic distribution, but because they are per-
ceived as emerging species that have the potential to cause sig-
nificant damage to agriculture, especially in the light of changes 
in global trade patterns and production systems (84,115). Whereas 
M. chitwoodi, M. fallax, and M. minor are temperate species,  
M. enterolobii, M. exigua, and M. paranaensis are mainly found 
in subtropical and tropical regions. In contrast to M. arenaria,  
M. hapla, M. incognita, and M. javanica, which generally cause 
large galls in roots, some of the species discussed here only cause 
very small galls (M. chitwoodi and M. fallax) or hardly any galls 
(M. paranaensis). Therefore, some Meloidogyne spp. may go un-
detected if typical root-knot galls are expected as primary 
symptom. 

M. chitwoodi. First described from potatoes originating from 
Washington (39), the Columbia root-knot nematode M. chitwoodi 
has emerged as a major problem for sustainable crop production 
in regions with a temperate climate. In the United States, M. chit-
woodi is widespread throughout the Pacific Northwest and most 
western states. It is also found in Mexico, Argentina, several 
countries in continental Europe, Turkey and South Africa (5,38, 
82). It infects a broad range of plants, including potatoes, vege-
tables, wheat, corn, alfalfa, and numerous weeds (29,80,92). M. 
chitwoodi can also use various Brassica spp. as host, but consider-
able variability in pathogen aggressiveness exists (107). The abil-
ity of M. chitwoodi to reproduce on both monocotyledons and 
dicotyledons limits feasible crop rotation strategies as control 
measure (35). M. chitwoodi is a major problem for potato growers 
and requires control measures in virtually every field where it is 
found (53). It is able to reproduce on both potato roots and tubers, 
which facilitates its spread to previously uninfested areas with 
seed tubers. In potato tubers, almost all (96%) of the nematodes 
are found in the outermost 5.25 mm of the tuber, which corre-
sponds to the vascular ring (112). M. chitwoodi symptoms include 

FIGURE 1 

Meloidogyne chitwoodi feeding site in Arabidopsis 
roots. Meloidogyne spp. transform plant cells into 

giant cells, which make up the nematode’s feeding 
site and serve as sole source of nutrition. Giant cells 
are multinucleate, show increased metabolic activity, 

and act as nutrient sinks. 
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stunting and yellowing above-ground and small galls on roots and 
tubers without secondary roots emerging from them (5). Some of 
the damage potential of M. chitwoodi can be attributed to the 
ability of J2 to hatch at relatively low (6°C) temperatures (25). In 
fact, Ingham et al. (54) estimated that as little as one juvenile per 
250 g of soil in potato fields at the beginning of the growing sea-
son can lead to a total yield loss due to quality defects if no 
control measures are taken. Vertical distribution of M. chitwoodi 
in the field is not influenced by poor, moderate, or good hosts in 
the rotation but is a function of soil properties (113). To limit 
future spread of this nematode, regulatory agencies in many 
countries have designated M. chitwoodi as quarantine pathogen, 
which limits trade of infested shipments and further underscores 
the impact this nematode has on agriculture. 

M. enterolobii. Originally found on roots of pacara earpod trees 
(Enterolobium contortisiliquum) on Hainan Island in China (117), 
much confusion has surrounded this nematode over the years. 
Whereas it was previously misidentified as M. incognita, an in-
depth morphological analysis led to its recognition as a new species 
(117). A couple of years after the description of M. enterolobii, a 
new species of root-knot nematode was described that resembled 
M. enterolobii but seemed to differ from it in certain morpho-
logical features. That species was first found on eggplant in Puerto 
Rico and was named M. mayaguensis (88). Since then, a signifi-
cant amount of molecular and morphological data have accumu-
lated that questioned the taxonomic relationship of M. enterolobii 
and M. mayaguensis (22). Today, it is generally accepted that  
M. enterolobii and M. mayaguensis are one and the same species, 
with M. mayaguensis being the junior synonym (60). Following 
this convention, in this article studies based on M. mayaguensis 
will be referred to as M. enterolobii. In its original description, the 
common name pacara earpod tree root-knot nematode has been 
suggested (117). M. enterolobii has been found in several African 
countries, China, Vietnam, Florida, Central and South America, 
France, and Switzerland (6). Whereas M. enterolobii was initially 
thought to be restricted to tropical areas, recent reports show that 
this is not the case. In fact, its establishment in the Mediterranean 
region and other subtropical areas seems likely (22) and a number 
of countries and regulatory agencies have designated M. entero-
lobii as quarantine pathogen. M. enterolobii has an exceptionally 
wide host range comparable to that of M. incognita and includes 
many vegetables, guava, acerola, ornamentals, and weeds (51,92, 
117). Above-ground symptoms include yellowing and stunting, 
whereas below ground relatively large galls can be found (6). 

Plant-parasitic nematodes are part of a complex ecosystem in 
the rhizosphere that includes other plant pathogens. However, 
interactions between the Meloidogyne spp. discussed here and 
other plant pathogens have barely been studied. A remarkable 
exception to this is guava decline. In Brazil, M. enterolobii has 
become the number one disease in guava and has been estimated 
to infest over 5,000 ha or about a third of the guava production 
area (83). Since parasitized guava trees develop rotten roots in 
later stages of the disease, the involvement of a soilborne patho-
gen that interacts with M. enterolobii was suspected (42). Exten-
sive analyses of infected root fragments led to the identification of 
Fusarium solani (41,42). Further experiments clearly showed that 
M. enterolobii and F. solani have a synergistic effect on disease 
development. Whereas M. enterolobii alone was able to induce 
galling and a limited amount of root rot, F. solani did not cause 
root rot when in isolation. When combined, nematode and fungus 
led to drastic root rot and typical guava decline symptoms, which 
suggests that guava decline is a disease complex between  
M. enterolobii and F. solani (41,42). 

M. exigua. First described in 1887 (40), M. exigua is emerging 
as a significant problem for tropical agriculture. M. exigua is 
widely distributed throughout Central and South America, India, 
China, and is also found in some southern European countries. 
Among the 17 Meloidogyne spp. that are currently known to in-
fect coffee, M. exigua is one of the most damaging species (98). 
Other hosts include tomato, onion, sugarcane, banana, citrus, rice, 
rubber tree, and weeds (e.g., Taraxacum officinale, Amaranthus 
deflexus, and Poinsetta heterophylla [92]). M. exigua generally 
causes severe root galling in coffee and other plants, as well as 
stunting and yellowing (84). In Costa Rica and Brazil, two of the 
leading coffee-producing countries, yield losses in coffee plan-
tations of 10 to 20% and 45%, respectively, have been attributed 
to this nematode (8,11). A survey showed that M. exigua is 
present in 22% of the coffee plantations and 95% of the districts 
in southern Minas Gerais State in Brazil, a region that accounts 
for nearly half of the total coffee acreage in that country (24). The 
widespread distribution of M. exigua in Latin America is a major 
problem for the coffee industry, because all of the main coffee 
cultivars grown are susceptible to this nematode and germplasm 
screens failed to identify resistant accessions in Coffea arabica 
(7). A recent study showed that the lipid reserves of M. exigua 
correlate with temperature, rainfall, and nematode population 
density and that in Minas Gerais, the best time to implement 
chemical control measures against M. exigua is November, which 

FIGURE 2 

Typical root-knot nematode symptoms on tomato 
roots. Infection with Meloidogyne spp. led to massive 
galls in areas where feeding sites developed. This has 

a negative effect on normal root growth and the 
plant’s ability to take up nutrients and water. 
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coincides with renewed root growth, a high level of lipid reserves 
in J2, high nematode population density, and high infectivity (94). 

M. fallax. Initially thought to be a new race of M. chitwoodi 
from the Netherlands (110), M. fallax was subsequently described 
as a species in its own right (57). It has emerged as a major 
problem for temperate agriculture. M. fallax, a quarantine pest, 
has been detected in Europe, South Africa, Australia, New 
Zealand, and most recently, in the United States (5,75). Its host 
range, at least for major agronomic crops, is similar to that of M. 
chitwoodi and includes a range of vegetables (e.g., tomato and 
carrot) and monocotyledons such as wheat and barley (29). 
However, its most important agronomic host is potato, in which it 
can lead to total yield losses due to quality defects and quarantine 
issues (3,5). M. fallax symptoms are very similar to those of  
M. chitwoodi. Both species incite small galls, typically without 
secondary roots, and can lead to stunting and yellowing above-
ground. In potato tubers, they cause numerous small pimple-like 
swellings (5). M. fallax is considered as closely related to M. chit-
woodi (47,109), with which it can hybridize and produce viable 
F1 progeny under greenhouse conditions (105). In spite of their 
close genetic relationships, there are interesting differences in the 
biology of M. chitwoodi and M. fallax that may have an impact on 
control strategies. For example, Wesemael et al. (114) showed 
that there is a distinct difference in hatching response in M. chit-
woodi and M. fallax. Whereas M. fallax J2 did not depend on root 
diffusates to hatch, M. chitwoodi underwent obligate quiescence: 
egg masses produced towards the end of the growing season con-
tained a significant percentage of J2 that required host diffusates 
to hatch (114). Moreover, plant age did not affect production of 
eggs per egg mass in M. fallax, but senescing plants reduced eggs 
per egg mass in the related M. chitwoodi. In other words, whereas 
M. chitwoodi seems to survive in the absence of a host by 
producing quiescent J2 that require a host stimulus to hatch, the 
survival strategy of M. fallax presumably relies more on the 
ability of hatched J2 to survive in the soil. Consequently, M. 
fallax J2 are immediately able to penetrate host roots once they 
emerge, which could represent an evolutionary advantage in areas 
where M. chitwoodi and M. fallax co-occur (114). 

M. minor. Described less than a decade ago, M. minor is caus-
ing increasing concern in temperate agriculture and horticulture. 
Initially identified from a potato field in the Netherlands that used 
to be a pasture (59), M. minor has been found primarily on golf 
courses and sports grounds in the Netherlands, Belgium, United 
Kingdom, and Ireland, on which it tends to cause yellow-patch 
disease within a few years after new greens have been established 
(4,59,111). It has also been found in coastal dunes and there is 
concern that it is spreading throughout northwest Europe (104). 
Most recently, M. minor has been found on a golf course in Wash-
ington, which marks its first documented detection in the western 
hemisphere (66). It is unknown why M. minor has gone un-
detected for such a long time but now appears to be spreading to 
new areas. Turner and Fleming (104) speculated that the increased 
use of creeping bentgrass on putting greens, an excellent host for 
M. minor, the introduction of sand from coastal sites, or a 
decrease of urea-based fertilizers on golf courses, which may act 
antagonistically on nematode development might all have led to 
the current increase in reports of M. minor. Furthermore, the in-
creasing popularity of instant lawn, a process in which grass sods 
are mechanically cut, rolled and installed rather than planted by 
seed could play a role in distributing Meloidogyne spp. that infect 
grasses, including M. minor. Since M. minor can easily be trans-
mitted by footwear and sports equipment, adequate control meas-
ures seem challenging at this time (84). There are indications that 
M. minor could develop into a serious problem for agronomic 
crops when moving from grasses to arable land (104), even 
though recent studies provide conflicting results and a better risk 
assessment is needed (59,101). M. minor is known to reproduce 

on carrots, alfalfa, oat, lettuce, and tomato under greenhouse 
conditions (59). Under field conditions, M. minor failed to repro-
duce on sugar beet, maize, and rye (101). Importantly, M. minor 
reproduces on potato roots and tubers under field conditions, 
which could facilitate its spread to new areas (101). Symptoms 
are very similar to those of M. chitwoodi and M. fallax, i.e., small 
galls in roots and pimple-like swellings on the surface of potato 
tubers (59). M. minor did neither reduce tuber yield nor quality in 
two potato cultivars in the Netherlands, but it is impossible to 
predict its impact on potato cultivars grown elsewhere at this time 
(101). Before conclusions about the ability of M. minor to create 
problems in potatoes or other agronomic crops can be drawn, 
more studies about its biology are needed. To address some of 
these issues, Morris et al. (70) examined the effect of temperature 
on M. minor hatch and J2 activity and found that eggs collected 
from fields at all times of the year hatched at 20°C, which might 
indicate that M. minor does not undergo a diapause. Given its 
ability to move from grasses to major agronomic crops, it seems 
prudent to assume that M. minor could become a significant prob-
lem for temperate agriculture. To account for its damage potential 
and risk of spread, the European and Mediterranean Plant 
Protection Organisation (EPPO) moved M. minor on its alert list 
(4). 

M. paranaensis. Commonly known as Paraná coffee root-knot 
nematode, this species is another example of a ‘minor’ root-knot 
nematode whose taxonomic position was unclear for a long period 
of time. For over 20 years, M. paranaensis was thought to be  
M. incognita (20). In 1996, an in-depth morphological and mo-
lecular analysis ended this confusion and established M. para-
naensis as a new species (20). In fact, to the uninitiated eye,  
M. paranaensis might go undetected altogether. In coffee, this 
species does not cause typical root-knot nematode galls under 
field conditions. Instead, M. paranaensis infection leads to cracked 
cortical tissue on the taproot and necrotic spots along the roots, 
together with unspecific above-ground symptoms such as chloro-
sis and leaf drop or plant death (20). M. paranaensis is currently 
only reported in Brazil and Guatemala. Hosts include tobacco, 
watermelon, tomato, soybean, and weeds, whereas cotton, pepper, 
peanut, oats, corn, and a number of grasses proved to be nonhosts 
for M. paranaensis (19,20,68,69). Its main host, however, is 
coffee, where it is considered as one of the most destructive root-
knot nematode species (98). 

IDENTIFICATION METHODS – OLD AND NEW 

Morphology and isozymes. Adequate nematode control re-
quires proper species identification to diagnose the problem, 
especially in the case of quarantine pests. However, the examples 
of M. fallax, which was thought to be M. chitwoodi, and M. 
paranaensis and M. enterolobii, both of which were thought to be 
M. incognita as detailed above clearly show that much work still 
needs to be done when it comes to species identification in 
Meloidogyne. The classic techniques to confirm the identity of a 
Meloidogyne species are based on morphology and include ana-
lyzing perineal patterns and other morphological features (Fig. 3). 
However, this requires significant expertise that is often lacking 
today. Nevertheless, morphology will remain an integral part to 
species identification in the future. Another routine technique for 
nematologists working on Meloidogyne is isozyme analysis, 
especially of esterases and malate dehydrogenase (33). Even 
though this technique is less important for species identification 
of other plant pathogens today, it remains relevant for Meloidogyne 
and has advantages over more modern techniques like polymerase 
chain reaction (PCR). For example, isozyme analysis does not 
require a priori knowledge about the sample (i.e., no primers) and 
allows for species identification with considerably less expensive 
equipment. On the other hand, isozyme analysis is done on 
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females and does not work with single J2, the life stage that is 
found most often in soil samples. Perineal patterns and isozyme 
patterns are known for all Meloidogyne species discussed here 
and remain valuable tools for species identification. 

Species-specific PCR. A number of studies have led to the 
development of species-specific PCR primers for M. chitwoodi 
(14), M. enterolobii (14,102), M. exigua (89), M. fallax (14), M. 
minor (28), and M. paranaensis (89). Additionally, for M. minor, 
a real-time PCR assay has recently been developed (28). Adam et 
al. (2) combined previously created PCR primers and protocols 
into a highly useful molecular key that enables PCR-based differ-
entiation of seven Meloidogyne spp., including M. chitwoodi,  
M. enterolobii, and M. fallax. It would be desirable to develop a 
more extensive molecular key including more species and update 
it with newly developed species-specific primers. A large-scale 
application of PCR-based species identification has been reported 
by Powers et al. (87), who conducted a survey of Meloidogyne 
spp. in potato fields in the central United States. Using both mito-
chondrial and 18S ribosomal markers, they found that the mito-
chondrial gene region provided better species discrimination and 
allowed for resolution of intraspecific variability (87). 

Randig et al. (90) recently identified and characterized a novel 
satellite DNA family, named pMmPet, in M. enterolobii. Using 44 
M. enterolobii isolates and 15 root-knot nematode species, the 
authors showed that pMmPet-based sequences can be used for 
species-specific identification of M. enterolobii by PCR, Southern 
blots, and dot blots (90). This not only increases the tool kit for 
identifying this quarantine pest but also sheds more light on the 
genome differences between Meloidogyne spp. 

Current efforts are aimed at developing multiplex and real-time 
PCR protocols for Meloidogyne. For example, Zijlstra and van 
Hoof (118) reported on a TaqMan assay for the simultaneous 
detection of both M. chitwoodi and M. fallax from purified DNA 
and infected plant material. Similarly, Hu et al. (49) developed a 
one-step multiplex PCR for simultaneous detection of M. entero-

lobii, M. incognita, and M. javanica using DNA from galls in-
stead of pure nematode tissue. This further facilitates species 
identification and circumvents tedious and time-consuming nema-
tode extraction steps. Additionally, a DNA oligonucleotide micro-
array has been developed that allows for detection of M. chitwoodi 
in pure and mixed samples that lends itself to high throughput 
diagnostic screening (36). Unfortunately, high throughput screens 
have not been developed yet for most species, which hampers 
their widespread use. Recent advances in next-generation se-
quencing coupled with barcoding have enabled significant ad-
vances in nematode biodiversity estimation and ecometagenetics 
(85,86), and if adapted to management problems, could provide a 
promising alternative to PCR or microarray-based high through-
put screening approaches. 

High-resolution melting curve. Depending on the application, 
nematode samples may have to be analyzed as quickly as pos-
sible, for example if regulated species are suspected in a ship-
ment. Conventional PCR protocols can take several hours to 
complete after which the products need to be separated on an 
agarose gel to be visualized and interpreted. High-resolution 
melting curve (HRMC) analysis is a new technique that has the 
potential to significantly reduce PCR analysis time by eliminating 
the agarose gel step (91). HRMC exploits the melting behavior of 
PCR products upon heat denaturation using a modified real-time 
PCR machine (91). The main advantages of HRMC are that it is 
highly sensitive, avoids further need to handle or process the PCR 
product and saves a significant amount of time. Holterman et al. 
(48) recently adopted HRMC to develop a protocol to differen-
tiate M. chitwoodi, M. fallax, and M. hapla from each other and 
from M. arenaria, M. incognita, and M. javanica. Work to 
optimize HRMC for M. enterolobii is ongoing (48). 

Loop-mediated isothermal amplification. A disadvantage of 
PCR protocols is that they require costly thermal cyclers, rela-
tively pure template DNA and can take several hours until results 
can be analyzed. A new technique, loop-mediated isothermal 

FIGURE 3 

Meloidogyne chitwoodi perineal pattern. 
Morphological features such as perineal patterns in 

female nematodes play an important role to identify 
and differentiate Meloidogyne species from each 

other and to analyze intraspecific variability. 
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amplification (LAMP) circumvents all these problems and is 
currently making its entry into nematode diagnostics. LAMP is 
based on a DNA polymerase with strand-displacement activity 
and four to six primers that bind to six or eight regions of the 
target DNA (103). Some of the main advantages of LAMP over 
conventional PCR are that it can be conducted in a simple heat-
block or waterbath at a constant temperature and only takes 30 to 
60 min to complete. LAMP products can be visualized with the 
naked eye by adding DNA-intercalating dyes or metal-ion indica-
tors. Niu et al. developed LAMP assays to identify M. arenaria, 
M. hapla, M. incognita, and M. javanica (76), and most recently 
M. enterolobii (77). LAMP could prove to be a valuable tool, 
especially when samples need to be identified in the field or if 
rapid identification is paramount. It is to be expected that LAMP 
assays will be developed for many more Meloidogyne spp. and 
other nematodes over the next couple of years and will become a 
routine technique. 

It cannot be overemphasized that correct species identification 
is imperative if proper control and quarantine measures are to be 
taken. Given the recent decline in the number of nematologists 
trained in classic morphology and taxonomy (described below), 
molecular identification tools will become more important in the 
future. However, with a sole reliance on molecular tools, the risk 
of false positives (or negatives) increases. In a recent study, 
species-specific primers that were developed for M. fallax were 
found to cross-react with DNA from M. minor, resulting in the 
same amplicon size for both species (75). The M. fallax primers 
that were used in that study were developed before M. minor was 
described. Given that M. fallax is a highly regulated quarantine 
pest and that M. fallax and M. minor are both temperate species 
that can co-occur, this example shows that false identifications 
can have an enormous economic impact. To avoid future prob-
lems, it would be desirable if existing molecular keys (2,87) were 
updated and a wide range of recently described Meloidogyne spp. 
and populations were incorporated. Ideally, such keys would not 
only include species-specific PCR primers, but also take full 
advantage of novel molecular tools, such as TaqMan, HRMC, and 
LAMP assays to increase the robustness of molecular diagnosis 
strategies. 

INTRASPECIFIC VARIATION 

Even though overall morphological and molecular characteris-
tics enable the identification of Meloidogyne species, intraspecific 
variability is an important aspect of nematode biology that needs 
to be taken into account to avoid misidentifications and to opti-
mize management strategies. For Meloidogyne, host races are 
considered intraspecific variants that can be separated by their 
ability to reproduce on a set of host plants from different genera. 
In contrast, pathotypes are populations that reproduce on a 
specific plant species that is resistant to other populations of the 
same Meloidogyne species (32). However, this nomenclature can 
be confusing and is not always used consistently by nematolo-
gists. Roberts (93) attempted to solve these problems by intro-
ducing a biotype system that could replace the race and pathotype 
classification. The goal here is not to give a comprehensive over-
view of intraspecific variability in Meloidogyne but to highlight 
some of the research that has recently been conducted in this area 
and relates to the species discussed in this review. 

M. chitwoodi is a variable species and it has long been known 
that two races can be distinguished based on their ability to infect 
carrots or alfalfa (18). While neither race is able to infect Solanum 
bulbocastanum clone 22, two pathotypes, one of which was 
identified only a few years ago, are able to do so (18). However, 
studies in the Netherlands found deviations from expected race 
and pathotype behavior on differential hosts (106,108), which 
could have important consequences for resistance breeding. Most 

recently, Humphreys-Pereira and Elling (52) showed that even 
though ribosomal DNA and isozyme phenotypes were conserved 
across various M. chitwoodi isolates, which is important for 
diagnosis of this quarantine pathogen, M. chitwoodi shows a high 
degree of mitochondrial heteroplasmy. Furthermore, M. chitwoodi 
isolates tested showed low genetic structure, which could be the 
result of an exchange of genetic material between populations. If 
so, this could explain some of the aberrant race and pathotype 
behavior observed previously (106,108) and affect resistance breed-
ing. In-depth morphological analyses of M. chitwoodi second-
stage juveniles and males from different isolates are ongoing  
(D. A. Humphreys-Pereira and A. A. Elling, unpublished data). 

In contrast to M. chitwoodi, for which several recent studies 
(30,34,52,87) showed a high degree of molecular variability,  
M. enterolobii seems to be more genetically homogeneous. Tigano 
et al. (102) used three different neutral molecular markers, ampli-
fied fragment length polymorphism, inter-simple sequence repeat, 
and random amplified polymorphic DNA (RAPD), and tested 16 
M. enterolobii isolates from different geographic areas and hosts. 
They found that all three markers indicated a high level of 
homogeneity. Similar to M. enterolobii, M. paranaensis appears 
to be a genetically homogeneous species. Using RAPD markers, 
two independent studies found a low level of variability between 
different isolates (21,89). Nevertheless, distinct host races may 
exist also in M. paranaensis and need further characterization 
(95). 

Studies related to genetic diversity in M. exigua have given 
contradicting results and demonstrate the need for more in-depth 
analyses. Whereas Randig et al. (89) found high infraspecific 
variability in M. exigua when using RAPD markers, Carneiro et 
al. (21) reported low levels of polymorphisms in M. exigua using 
the same technique. Importantly, intraspecific variability can also 
change the host range, as mentioned above for M. chitwoodi. In 
M. exigua, a race exists that infects only rubber trees, inflicting 
massive damage to this industry. Two recent studies (72,73) 
aimed at further characterizing this unique variant and attempted 
to determine molecular and morphological differences to the other 
M. exigua races that parasitize coffee. Importantly, whereas 
SCAR markers were not able to distinguish M. exigua races from 
coffee and rubber tree, the authors found an additional band in the 
esterase phenotype of the rubber tree isolates when using isozyme 
analysis (72). 

RESISTANCE BREEDING 

Resistant germplasm is the most sustainable and economic 
management strategy to control plant-parasitic nematodes. How-
ever, a wide host range of Meloidogyne spp. in general, intra-
specific nematode variants that overcome resistance genes and 
difficulties in identifying resistance genes in plants hamper prog-
ress in this area. Additionally, the well-studied Mi resistance gene 
from tomato proved ineffective against M. enterolobii (61) and  
M. exigua (97). 

Past work identified RMc(blb), a resistance gene in Solanum 
bulbocastanum, which is effective against M. chitwoodi and has 
been introgressed into cultivated potato (17). Unfortunately,  
M. chitwoodi pathotypes that are able to overcome this resistance 
under field conditions are known (18). Fortunately, further in-
vestigation showed that one potato breeding line possessed tuber 
resistance against all M. chitwoodi races and pathotypes tested 
and that there are actually two dominant monogenes that control 
M. chitwoodi resistance (16,18). Recently, partial resistance against 
M. chitwoodi was found in the Netherlands in new potato geno-
types (79). S. sisymbriifolium could act as yet another source of 
resistance against M. chitwoodi (31). A wild potato species, S. 
sparsipilum, was also the source of resistance against the related 
M. fallax (62). It was shown that even though M. fallax J2 were 
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able to invade S. sparsipilum roots and induce giant cell forma-
tion, subsequent massive necrosis of surrounding parenchymatous 
vascular cylinder cells led to the degeneration of the feeding site 
and stopped nematode development (63). 

Significant effort has also been put into finding resistance 
against M. exigua in coffee. Whereas no resistant accessions have 
yet been identified in C. arabica, a high level of resistance is 
known from C. canephora and C. racemosa (98). Interestingly,  
C. arabica does seem to carry resistance against M. paranaensis 
(15). An M. exigua resistance gene, Mex-1, was identified in  
C. canephora and is now widely used in M. exigua-resistant 
coffee cultivars (78). The resistance mechanism of Mex-1 seems 
to rely on a hypersensitive response, which significantly reduces 
M. exigua invasion and development (7). Metabolic profiling of 
resistant and susceptible coffee cultivars infected with M. exigua 
showed dramatic differences in fumaric, formic, and quinic acid 
when resistant and susceptible plants were compared, with higher 
levels found at earlier timepoints in resistant plants. Additionally, 
sucrose concentrations increased almost fourfold soon after M. 
exigua infection in resistant plants, but did not change in suscep-
tible cultivars. In contrast, the concentration of alkaloids was 
much higher in susceptible compared with resistant plants upon 
nematode infection (65). However, there are indications that  
M. exigua is able to overcome resistant coffee germplasm. For 
example, Muniz et al. (74) found a natural M. exigua population 
in Rio de Janeiro State in Brazil that is able to break the Mex-1 
resistance under greenhouse conditions. Moreover, a 5-year field 
assessment of susceptible and resistant coffee cultivars in the same 
state showed that M. exigua can drastically reduce the vegetative 
development and productivity of coffee cultivars regardless of their 
resistance status, which casts doubt on the durability of Mex-1 
(9). 

WHAT CAN WE LEARN FROM ‘MAJOR’ SPECIES? 

Without a doubt, M. incognita has made major contributions to 
our understanding of root-knot nematodes and if the number of 
M. incognita publications is any guide, M. incognita seems to have 
taken the place of a model species for the entire genus. While 
studying M. incognita has brought about invaluable advances in 
our knowledge of the genus as a whole, it should not be assumed 
that everything that is true for M. incognita is also true for  
M. chitwoodi, M. enterolobii, M. exigua, M. fallax, M. minor, or 
M. paranaensis. A case in point is the recent finding that the IGS2 
region of the ribosomal DNA cistron enables the successful dif-
ferentiation of M. arenaria, M. incognita, and M. javanica from 
M. chitwoodi, M. fallax, and M. hapla using HRMC analysis, but 
that this region is not suitable for M. enterolobii (48). Similarly, 
the Mi resistance gene was not as successful against M. entero-
lobii (61) and M. exigua (97) as hoped. Furthermore, chemical 
and alternative management strategies that are currently employed 
against M. incognita and other ‘major’ Meloidogyne spp. may 
need to be optimized for ‘minor’ species. For example, synthetic 
nematicides are not necessarily labeled for use against the 
Meloidogyne spp. discussed here and biocontrol agents such as 
Pasteuria spp. can be effective against some Meloidogyne spp. but 
not others (26). Thus, it would be desirable if considerably more 
effort were put into in-depth studies of individual Meloidogyne 
spp. and specific plant-Meloidogyne pathosystems to fully appre-
ciate the peculiarities of root-knot nematode species other than  
M. incognita. 

Recent breakthroughs in phytonematology include complet- 
ing the genome sequences for M. incognita and M. hapla (1,13, 
81). Remarkably, there are vast size differences between these 
genomes. Whereas M. hapla features with 54 Mb the smallest 
metazoan genome known to date, the genome sequence of M. 
incognita is over 86 Mb. What does this mean for an average 

Meloidogyne genome size? Can we expect that other Meloidogyne 
genomes are more like M. hapla or M. incognita? What does this 
tell us about the evolution of the genus? Sequencing of additional 
Meloidogyne genomes is ongoing and will soon provide answers 
to these questions and raise new ones. Genomic information about 
M. incognita is already being exploited to advance studies of 
other root-knot nematodes. For example, a genome-wide survey 
of microsatellites in M. incognita led to the identification of over 
2,200 di- to hexanucleotide loci (23). In a related study (71), 
some M. incognita microsatellites were tested in other root-knot 
nematodes and showed cross-amplification in M. enterolobii,  
M. exigua, and M. paranaensis, but not in M. chitwoodi and  
M. fallax. This shows that even though a 1:1 transfer from  
M. incognita to other species is unrealistic, the infrastructure that 
exists for M. incognita can be used to speed up research on other 
Meloidogyne species. 

RNA interference (RNAi) has become a powerful tool to down-
regulate gene activity and has also proven effective as a control 
tactic against Meloidogyne. For example, Huang et al. (50) used 
plant-mediated RNAi to deactivate an effector gene in the 
nematode and showed that this approach can lead to broad-
spectrum resistance against M. arenaria, M. hapla, M. incognita, 
and M. javanica. Lilley et al. (64) recently summarized the latest 
advances in the use of RNAi against phytonematodes. Whereas 
this technique is still in its infancy for Meloidogyne, a vast 
amount of RNAi data exists for the model nematode Caenor-
habditis elegans. A recent study aimed at identifying genes in a 
number of Meloidogyne spp. that are conserved in C. elegans and 
are known to lead to a lethal phenotype when deactivated by 
RNAi in that nematode. An accompanying database has been built 
and can be accessed by interested researchers (55). 

THE IMPACT OF CHANGES IN AGRICULTURE 

Modern agriculture is undergoing changes that can have a 
significant impact on the distribution and control of Meloidogyne 
spp. and other plant-parasitic nematodes. For example, recent 
years have seen the phase-out of formerly widely used fumigants 
such as methyl bromide and a number of nonfumigant nemati-
cides are relatively old products that are faced with increasing 
regulations due to environmental concerns. Even though indi-
vidual regulations differ from country to country, the overall trend 
is going towards fewer available synthetic nematicides. Does this 
mean we have to expect an increase in Meloidogyne problems? 
Answering this question is difficult and mostly speculation, but a 
recent survey of growers in Spain indicates that the answer could 
be yes. In face-to-face interviews of 120 farm advisers, average 
yield losses due to Meloidogyne spp. were estimated at over 30% 
for horticultural crops. Over 38% of the farm advisers believed 
that Meloidogyne infections had increased over the past 5 years 
(99). If a reduction of nematicides increases Meloidogyne prob-
lems, organic production methods should be able to serve as an 
indicator. Converting formerly conventionally used farmland to 
organic production methods is known to increase soil nematode 
density. Plant-feeding nematode densities can increase due to the 
constant presence of cover crops and more weeds (27). In a sys-
tematic comparison of fields under conventional or organic pro-
duction in Germany, Hallmann et al. (45) found that Meloidogyne 
spp. were present in about half of the surveyed fields, regardless 
of production system. Grower surveys in the same study showed 
that nematode problems generally started 5 to 10 years after fields 
had been converted to organic methods. Forty percent of growers 
surveyed in that study first became aware of nematode problems 
over 10 years after changing to organic production methods, 
which led the authors to speculate that organic production methods 
might have created nematode problems in the long term (45). 
Furthermore, it is possible that an increase in specialization of 
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organic growers could increase Meloidogyne problems in the 
future. 

In addition to changing production trends, new trade patterns 
can have profound consequences on problems with Meloidogyne 
and other plant-parasitic nematodes in the future. In two relatively 
recent large-scale nematode surveys in Italy and Spain, respec-
tively, the trade of uncertified ornamentals was raised as one of 
the main concerns of how previously undetected plant-parasitic 
nematode species might get introduced to new areas (10,44). Not 
only plant wholesalers, but also individual consumers and hobby 
gardeners can have a massive impact in this regard. The internet 
provides ample opportunities to purchase exotic plants, complete 
with their exotic plant-parasitic nematodes and other pathogens. 
Out of 170 orders placed with international vendors on the 
internet in 2012, 89% did not comply with phytosanitary import 
requirements in a study conducted by a national plant quarantine 
institute in Germany (56). While some vendors did not deliver 
plants and cited import restrictions, a disturbing 39% of plant 
shipments were intentionally mislabeled as toys, books, or other 
innocuous items—presumably to avoid detection by customs 
during import. Consignments included soil and high-risk plant 
material such as potato seed tubers, Citrus sp., and Pinus sp.—all 
of which are known to harbor plant-parasitic nematodes that are 
listed as quarantine pathogens. Pathogens were found in 13% of 
the consignments and 2% were quarantine pests, including 
Meloidogyne sp. 

In addition to changes in production systems and trade patterns, 
a third major trend that has an impact on nematode problems is 
the steady decrease of trained nematologists. Nematode problems 
are oftentimes easy to overlook or misdiagnose, and require 
specialized training to be identified and treated. In a recent study 
aimed at analyzing institutional and demographic trends in plant 
pathology in the United States, plant nematology was identified as 
one of only two subdisciplines that have undergone massive de-
clines (37). In fact, if membership of the Society of Nematolo-
gists (SON) is taken as indicator, the situation is serious indeed: 
since a membership peak in 1987, the number of SON members 
has decreased by about 50%, which most likely mirrors the 
research, extension and teaching situation at a state and university 
level in the United States (37). This trend will create immense 
problems for agriculture, especially if retiring faculty is not 
replaced and their respective specialty field dies out altogether. 
For example, the small number of trained nematode taxonomists 
who are not near retirement is alarming and of obvious impor-
tance for diagnosis and identification of potential quarantine 
species. 

CONCLUSIONS AND FUTURE PERSPECTIVES 

I began this review with a question: are ‘major’ Meloidogyne 
species really the only ones that matter? It is evident from the 
work discussed here that the answer should be an emphatic no.  
M. chitwoodi, M. enterolobii, M. exigua, M. fallax, M. minor,  
M. paranaensis, and a wide range of other Meloidogyne spp. that 
could not be discussed here due to space constraints are hugely 
important plant pathogens wherever they are found. In fact, 
depending on the area and the affected crop, ‘major’ species may 
play second fiddle compared with their lesser known cousins. So 
where does this leave us? In my opinion, the concept of ‘major’ 
and ‘minor’ Meloidogyne spp. is misleading and suggests that 
‘minor’ species can be largely ignored and do not cause harm. 
Nothing could be further from the truth. It might be more useful 
to abandon this artificial classification scheme. After all, no other 
group of plant-parasitic nematodes is divided this sharply into 
‘major’ and ‘minor’ species. It is hoped that future research 
focuses more on root-knot nematodes that have previously been 
largely ignored in favor of M. incognita and other seemingly more 

important ‘major’ species. The infrastructure and knowledge base 
that exist for M. incognita enables unprecedented research 
progress for other species and will open the door to exciting new 
questions. How do the genomes of M. chitwoodi, M. enterolobii, 
M. exigua, M. fallax, M. minor, and M. paranaensis compare to 
M. hapla and M. incognita? What can we learn about plant–
nematode interactions when we compare different species? Why 
do certain resistance genes work against some Meloidogyne spp. 
but not others? Given how little we still know about root-knot 
nematode biology, there is no shortage of work for plant nema-
tologists. Who knows what surprises Meloidogyne still holds in 
store! 
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