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Abstract: Membrane proteins are key players in the cell. 

Due to their hydrophobic nature they require solubilising 

agents such as detergents or membrane mimetics dur-

ing purification and, consequently, are challenging tar-

gets in structural biology. In addition, their natural lipid 

environment is crucial for their structure and function 

further hampering their analysis. Alternative approaches 

are therefore required when the analysis by conventional 

techniques proves difficult. In this review, we highlight 

the broad application of mass spectrometry (MS) for the 

characterisation of membrane proteins and their inter-

actions with lipids. We show that MS unambiguously 

identifies the protein and lipid components of membrane 

protein complexes, unravels their three-dimensional 

arrangements and further provides clues of protein-lipid 

interactions.

Keywords: lipids; mass spectrometry; membrane pro-

teins; protein interactions; protein-lipid interactions.

Introduction

Membrane proteins take central roles in living cells 

 including, for instance, energy production, signal 

 transmission and molecule transport. Accordingly, they 

are the targets of many present day’s drugs (Overington 

et  al., 2006) and have been, and still are, the focus of 

many structural studies. However, although 26% of the 

human genes encode for membrane proteins (Fagerberg 

et al., 2010), they only represent 2% of all available protein 

structures in the protein data bank (www.rcsb.org). This 

might be partially attributed to the special conditions 

required to produce and purify membrane proteins and 

their complexes.

In addition, membrane proteins represent challeng-

ing targets for classical structural techniques such as 

X-ray crystallography or nuclear magnetic resonance 

(NMR) spectroscopy which require a large amount of 

pure and homogeneous sample. Nonetheless, despite the 

challenges of protein production, most of the available 

structures of membrane proteins originate from these 

techniques. In the cases where sample amounts are low 

or the sample is not homogeneous, mass spectrometry 

(MS) contributes a considerable amount of information 

on the protein identity, associated lipids, protein and 

lipid stoichiometries as well as protein and protein-lipid 

interactions. In the following, we will summarise recent 

developments in MS of membrane proteins and define its 

position in the field of structural biology.

Expression and solubilisation 

of membrane proteins

For structural analysis, proteins are recombinantly 

expressed if they cannot be extracted in large quanti-

ties from their natural sources or if mutations or affinity 

tags have to be introduced. In the natural environment 

of the cell, membrane proteins are not synthesised into 

the cytosol but rather require transport to their final des-

tinations, i.e. the respective membranes. This process is 

in most cases mediated by a targeting signal sequence 

(Schnell and Hebert, 2003). Insertion into the target mem-

brane, therefore, strongly depends on the presence of the 

corresponding translocation machinery; for instance, the 

prokaryotic SecYEG or BAM complexes (Papanikou et al., 

2007; Knowles et  al., 2009). Consequently the targeting 

sequence of a recombinantly expressed protein needs to 

be adapted to the translocation system of the expression 
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host. Choosing the right expression system always 

requires evaluating sample yield and quality. To achieve 

a high quality sample, a homologous or closely related 

expression system is preferred allowing correct folding 

of the protein. If the system is not amenable to genetic 

modification or if high yields are required heterologous, 

prokaryotic expression systems are usually chosen. The 

most commonly employed expression systems are Escher-

ichia coli, Lactococcus lactis and Saccharomyces cerevi-

siae or Saccharomyces pombe as well as some insect or 

mammalian cells (Junge et al., 2008). Another promising 

tool is cell-free expression; a method that utilises puri-

fied transcription and translation machineries for direct 

production of proteins from a DNA template in a test tube 

(Nirenberg and Matthaei, 1961).

The hydrophobic core of the lipid environment of 

a membrane protein clearly has an impact on its struc-

ture and function. As the membrane composition 

strongly varies between the various expression systems 

(Opekarová and Tanner, 2003), its impact on the protein 

structure has to be assessed and optimised for each 

individual membrane protein. For example, bacterial 

membranes are lacking sterols, sphingolipids and lipids 

with polyunsaturated fatty acid chains, all of which are 

common to eukaryotic membranes. Furthermore, eukary-

otic post-translational modifications such as phospho-

rylation, prenylation or glycosylation are usually not 

available in bacterial expression systems (Junge et  al., 

2008). All these factors contribute to the difficulties 

which have to be overcome when expressing membrane 

proteins.

Nonetheless, structural analysis of membrane pro-

teins requires, in all cases, their extraction from the 

membrane. This is usually achieved by using detergents 

which form hydrophilic micelles around the hydropho-

bic part of the protein thereby facilitating solubilisa-

tion. The choice of the right detergent for extraction 

is crucial for retaining the active and stable form of 

the protein. While ionic detergents have good solubi-

lisation properties, they are often denaturing and only 

applicable to very stable membrane proteins or protein 

complexes (Seddon et  al., 2004). Milder alternatives 

include non-ionic detergents such as n-dodecyl-β-d-

maltopyranoside (DDM) or bile acid salts like cholate. 

Due to the unpredictable effects of detergents on mem-

brane protein structure and function, detergent screen-

ing is usually performed for every individual protein. 

A recently published protocol allows detergent exchange 

during electrospray desorption of surface-deposited 

membrane proteins. Monitoring the ion signal in the 

mass spectrometer, therefore allows addressing the 

protein state directly and simplifies high-throughput 

detergent screening (Ambrose et al., 2017).

For structural or functional analysis, the proteins 

are transferred from the detergent micelle into synthetic 

membrane mimetics. A typical example are so-called nan-

odiscs (Bayburt and Sligar, 2009) which represent planar 

lipid bilayers. Bicelles, on the other hand, employ an 

amphipathic lipid with micelle-like properties (Sanders 

and Prosser, 1998). An alternative approach to solubilisa-

tion of the proteins from the membrane is the expression 

in a cell-free system containing with nanodiscs (Henrich 

et  al., 2017a). In this way, functional rhodopsin-2  was 

transferred into a native-like lipid bilayer without the 

need of a specific insertion system. Despite this promising 

example, co-translational insertion still remains poorly 

understood and might not be applicable to membrane 

proteins in general.

The lipid environment of membrane 

proteins

In general, lipids fulfil three main functions in living 

organisms: (i) they store energy and are caches for fatty 

acids and sterol components, (ii) they provide secondary 

messengers in signalling processes, and (iii) they form 

lipid bilayers of biological membranes (Meer et al., 2008). 

Biological membranes are functionally and structurally 

important. For instance, they form membrane-enclosed 

compartments that insulate cellular reactions and 

thereby increase their efficiency. Biological membranes 

are semipermeable, i.e. they separate the cytosol or orga-

nelle matrices from their surrounding environment while 

allowing exchange of material or information. Transport 

of material and information is mostly mediated by the pro-

teins that reside in the membranes, however, this can also 

be accomplished by vesicle budding or fusion.

Polar phospholipids, sphingolipids and non-polar 

sterols are the main constituents of eukaryotic mem-

branes (Figure 1). Of these, phospholipids and sphin-

golipids comprise 60 and 10  mol% of most mammalian 

membranes, respectively, while non-polar sterols com-

prise a range of 0.1–40 mol%, depending on the subcellu-

lar localisation of the membranes (Han and Gross, 2005). 

Structurally, phospholipids share a glycerol backbone to 

which two fatty acyl chains and one polar head group are 

connected while sphingolipids are based on ceramide, i.e. 

a sphingosine backbone with one ester-linked fatty acid 

chain (see Figure 1 for details). Most non-polar sterols are 

represented by cholesterol derivatives. Even though the 
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building blocks of membrane lipids are rather simple, 

the complexity arising from their different combinations 

is enormous. A total of 9000–10 000 lipid species has 

been estimated (Meer et al., 2008; Yetukuri et al., 2008). 

However, several lipid classes are exclusive to an organ-

ism thereby reducing the total lipid complexity for single 

species.

The lipid composition of a biological membrane 

defines its biophysical properties. As an example, the 

fluidity of membranes is directly linked with saturation 

of the fatty acid components. Most biological lipids there-

fore contain at least one double bond in cis-configuration 

in the fatty acyl chain to maintain fluidity of the mem-

brane at room temperature (Meer et al., 2008). Fluidity is 

further regulated by the presence of sterols which inter-

pose between lipids with saturated fatty acid chains such 

as sphingolipids (Bigay and Antonny, 2012). The fatty 

acyl chains of sphingolipids are usually fully saturated or 

unsaturated in trans-configuration resulting in a narrow 

structure which induces tight packing mostly found in 

solid gels or lipid rafts (London, 2002). The lipid compo-

sition further affects membrane thickness (Sharpe et al., 

2010), curvature (Cooke and Deserno, 2006; McMahon 

and Boucrot, 2015), protein-protein (Schafer et  al., 2011; 

Milovanovic et  al., 2015) and protein-lipid (Murray and 

Tamm, 2011; van den Bogaart et al., 2011) interactions. It 

is therefore not surprising that both, the membrane com-

position and the membrane’s biophysical properties, have 

a direct impact on membrane-embedded proteins. They 

affect not only their localisation to a particular organelle 

but also directly tune their activity (Klose et al., 2013).

In summary, lipid diversity correlates with the archi-

tectural complexity of a cell or, in other words, a cell with 

complex cellular organelles shows a higher lipid diversity 

than simpler organised cells (Simons and Sampaio, 2011). 

As a consequence, complex cellular organisation results 

in increasing diversity of membrane proteins; each with 

its own, specific lipid environment.

Figure 1: Common lipids in eukaryotic membranes.
(A) General structure of a lipid bilayer. (B) Schematic structure of glycerophospholipids. The head group defines the type of 
glycerophospholipid. Phosphatidylethanolamine is shown as an example. (C) Schematic of sterols. Cholesterol is shown as an example. 
(D) Schematic structure of sphingolipids. The head group defines the type of sphingolipid. Sphingomyelin is shown as an example. 
Polar (red) and nonpolar (blue) chemical groups are color-coded. Chemical groups differing between lipid classes (yellow) and between lipid 
species (green) of the same lipid type are indicated.
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Identification of membrane lipids

As discussed above, the lipid composition is crucial for 

the membrane’s properties and consequently for the pro-

tein’s activity. The identification of lipid components in 

biological membranes is therefore of the utmost impor-

tance. The analysis of lipids usually starts with their 

extraction from the membrane. Traditionally, this is 

achieved by using a mixture of chloroform and methanol 

to dissolve the lipids from the membrane followed by an 

aqueous washing step to remove non-lipid contaminants 

(Folch et al., 1957; Bligh and Dyer, 1959). Lipid extraction 

was recently optimised for MS-based analysis employing 

methyl-tert-butyl ether which facilitates removal of non-

soluble contaminants (Matyash et al., 2008).

First attempts towards lipid identification in complex 

mixtures were made by thin-layer chromatography (for 

a detailed description see Fuchs et  al., 2011). However, 

with the advancement of electrospray ionisation (ESI) 

MS, the field of lipidomics gained importance (Brugger 

et  al., 1997). For lipid identification, lipid extracts are 

often analysed directly in the mass spectrometer without 

further separation (‘shotgun’ lipidomics). Missing separa-

tion of isobaric species (i.e. different lipid species with the 

same nominal mass) and ion suppression were adversely 

discussed for this approach, however, improvements in 

instrumentation made the analysis of complete lipidomes 

in shotgun experiments possible (Schwudke et al., 2011). 

In contrast to shotgun experiments, lipid species can 

also be separated by coupling a chromatography system 

with the mass spectrometer [liquid chromatography-mass 

spectrometry (LC-MS)]. However, while chromatographic 

separation minimises ion suppression caused by matrix 

effects and reduces sample complexity (Harkewicz and 

Dennis, 2011), the relative lipid concentrations are also 

reduced, and solubility problems have to be considered.

Figure 2: Lipid and protein identification.
(A) Mass spectrum of PS 16:0/18:1. The isotope distribution is magnified (inset). (B) Fragment spectrum of PS 16:0/18:1. Characteristic 
fragment ions are labelled. (C) Mass spectrum of a peptide mixture generated by tryptic hydrolysis. The selected peak for fragmentation is 
highlighted. (D) Fragment spectrum of a peptide derived from synaptotagmin-1. b- and y-ions are labelled.
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For confident lipid identification and for differen-

tiation of isomers and isobars, precursor ions are usually 

selected during MS experiments and subsequently frag-

mented, e.g. by collision-induced dissociation (Figure 2A 

and B). The resulting fragment ions provide information 

on the lipid class (for instance, by loss of specific head 

group fragments) and the fatty acid chains including 

length, number of double bonds and potential modifica-

tions (e.g. lyso-forms or oxidation) (Hsu and Turk, 2009). 

However, the sn-positions of the fatty acid chains as well 

as the position of double bonds in the chains cannot be 

deduced from conventional MS approaches. To gain this 

information, lipids are usually chemically modified (e.g. 

Paterno-Büchi reactions; Ma and Xia, 2014) or advanced 

MS techniques, such as ultraviolet photodissociation 

(UVPD) are employed (Williams et al., 2017).

One major goal in lipidomics is the simultaneous 

quantification of the identified lipids. This is usually 

achieved by comparing the peak area of a lipid with that 

of an internal standard spiked at known concentration 

(Brugger et  al., 1997; Inloes et  al., 2018). However, two 

difficulties complicate this approach: First, the isotopic 

envelope of a lipid in the mass spectrum overlaps with 

the isotopic envelopes of lipid species which differ in the 

number of double bonds; an issue which can be handled 

by taking the natural isotope distributions into account 

and calculating the theoretical peak envelope. Second, 

the ionisation efficiencies differ between the lipid classes 

and quantification has to be performed by using deuter-

ated standard lipids for each lipid class (Shevchenko and 

Simons, 2010).

Recently, the range of lipidomics was extended for the 

identification of protein-associated lipids. For this, associ-

ated lipids were either extracted from the detergent-purified 

membrane proteins (Pyle et al., 2018) or the proteins were 

proteolytically hydrolysed and the generated peptide frac-

tion was removed during LC separation leaving associated 

lipids for analysis (Zhou et al., 2011; Schmidt et al., 2013; 

Liko et al., 2016). In this way, information on the protein’s 

direct environment including annular and tight-binding 

lipids can be obtained.

Identification of membrane protein 

subunits

The first step towards structural characterisation of a 

protein complex is to confirm the presence of all rel-

evant protein subunits. The gold standard for protein 

identification is proteolytic hydrolysis of the proteins, 

either in solution or after separation by gel electropho-

resis, followed by MS analysis (Shevchenko et  al., 1996; 

Wilm et al., 1996). For soluble proteins, trypsin is the pre-

ferred endoproteinase due to several advantages: (i)  it 

is commercially available at low costs, (ii) it specifically 

cleaves C-terminal of lysine and arginine residues thereby 

providing basic residues which facilitate the generation 

of positively charged ions during ESI, and (iii) the fre-

quency of lysine and arginine residues results in pep-

tides of a length well suited for MS analysis. Membrane 

proteins, in contrast, contain only a few tryptic cleavage 

sites and alternative proteases cleaving at hydrophobic 

amino acids residues are required. A prominent example 

is chymotrypsin which cleaves C-terminal of phenylala-

nine, tyrosine, leucine and tryptophan. A combination of 

proteases was also used to generate peptides of a suitable 

size and identify membrane protein subunits with reason-

able confidence (Mazhab-Jafari et al., 2016). In addition, 

specialised protocols for membrane protein identification 

by MS have been developed (Wu and Yates, 2003). These 

protocols include, for instance, protein extraction from 

the membrane using high concentrations of acid, organic 

solvents or detergents. The implementation of acid-labile 

detergents such as RapiGest (Yu et  al., 2003) further 

facilitated the hydrolysis of both soluble and membrane 

proteins.

After hydrolysis of the proteins, the peptides are usually 

separated by reversed-phase chromatography and subse-

quently analysed by tandem-MS (MS/MS). Here, mass-to-

charge ratios of intact peptide ions are first acquired in MS 

experiments followed by the isolation and fragmentation 

of the most intense precursor ions in MS/MS experiments 

(Figure 2C and D). Fragmentation of the peptides occurs 

along the peptide backbone yielding fragment ions that 

differ in mass of the amino acids corresponding to the 

peptide sequence (Figure 2D). The mass-to-charge ratios 

of the precursor and fragment ions are then compared 

with the theoretical values of a database (Steen and Mann, 

2004). This allows accurate identification of a protein from 

a complete proteome database of an organism or even from 

the complete UniProt repository (Griss et al., 2011).

In addition to identification of protein subunits, 

the described workflow allows identification of natural 

(post-translational) or artificial modifications. These are 

usually identified by a characteristic mass shift of specific 

amino acids in the peptide sequence. Furthermore, the 

peptide-based approach described here can be utilised 

for structural characterisation of (membrane) proteins as 

described in the following sections.
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Describing the accessible surface 

area of membrane proteins

The principle of protein surface labelling is the artificial 

modification of solvent-exposed amino acid residues pro-

viding information on the accessible surface of a protein 

or protein complex. As described above, introduced 

labels can be identified as a characteristic mass shift in 

the mass spectra. There are several strategies commonly 

followed for protein labelling: hydrogen-deuterium (H/D) 

exchange, hydroxyl radical footprinting (HRF), fast pho-

tochemical oxidation of proteins (FPOP) and covalent 

labelling.

H/D exchange is based on the fact that protons in 

amine or hydroxyl groups of proteins exchange for deu-

terium in ‘heavy’ water (D
2
O) (Katta and Chait, 1993). In 

labelling experiments, water (solvent) accessible protons 

exchange and rates of back-exchange are slowed by sub-

sequently changing the pH to acidic conditions. Using MS, 

the content of deuterium in molecules, for instance, pep-

tides after proteolytic cleavage, can be determined and 

thereby provides information on the degree of exposure.

In a similar fashion, hydroxyl radical footprinting 

(HRF) involves the reaction of solvent accessible amino 

acid residues with hydroxyl radicals forming oxidised 

products (Maleknia et  al., 1999; Xu and Chance, 2007). 

Hydroxyl radicals are usually generated chemically 

(Fenton chemistry) or photolytically from peroxide or 

through radiolysis of water. The advantage of HRF is that 

the modifications are irreversible, and the labelled resi-

dues can be identified by database searching in standard 

experiments. HRF has been optimised to fast photochemi-

cal oxidation of proteins (FPOP) utilising photolysis of 

hydrogen peroxide for the generation of hydroxyl radicals 

(Hambly and Gross, 2005; Li et al., 2018). In this manner, 

FPOP enables tuning the footprinting time scale allowing 

to study proteins in near-native conformations.

Solvent accessible amino acids can also be modified 

using chemical reagents which specifically react with 

certain amino acids. There are various chemical reagents 

which have successfully been used to explore the struc-

tures of proteins; examples are diethylpyrocarbonate 

(Zhou and Vachet, 2012) or 1-ethyl-3-(3-dimethylamino-

propyl)carbodiimide hydrochloride (Akashi et  al., 1997). 

When compared with H/D exchange it is a simpler and 

less expensive approach to gain insights into the topol-

ogy of membrane protein complexes. In addition, no spe-

cialised equipment such as lasers is required. However, 

chemical labelling is often restricted to certain amino acid 

residues and therefore strongly depends on the protein of 

interest. Furthermore, an excess of chemical labels always 

bears the risk of denaturation whereas H/D exchange is 

chemically neutral. In addition, H/D exchange is compat-

ible with detergent solubilised membrane proteins. H/D 

exchange and FPOP both provide labelling time-scales 

comparable with native conformational dynamics. None-

theless, all approaches have successfully been applied to 

study membrane proteins and were recently integrated 

with other structural techniques to generate computa-

tional models (Padayatti et al., 2013; Schmidt et al., 2017a; 

Martens et al., 2018).

Protein interactions of membrane 

protein complexes

Similar to covalent labelling, chemical cross-linking 

includes the chemical reaction of specific surface-

exposed amino acid residues. Usually, bi-functional 

cross-linkers composed of two reactive groups and a flex-

ible linker of defined length are used to covalently link 

amino acids in close proximity, i.e. within the range of the 

linker (Rappsilber, 2011; Sinz, 2014). A variety of homo- 

and heterobifunctional cross-linkers has been introduced 

to increase the range of potential targets (Leitner et al., 

2016). The most popular cross-linker is the amine-reactive 

bis-sulfosuccinimidyl-suberate (BS3) (Partis et  al., 1983; 

Iacobucci et al., 2018) which specifically links lysine resi-

dues and the protein N-terminus as well as serine, threo-

nine and tyrosine in side reactions (Figure 3A) (Kalkhof 

and Sinz, 2008; Mädler et  al., 2009). Nonetheless, MS-

cleavable cross-linkers which facilitate identification and 

data analysis of cross-linked peptides gained popularity 

in recent applications (Sinz, 2017; Yu and Huang, 2017).

The Identification of covalently linked amino acids 

by MS follows a similar principle as the identification of 

protein subunits described. The proteins are first hydro-

lysed into peptides which are then analysed by LC-MS/MS. 

An example spectrum is shown in Figure 3B. Due to the 

generally low abundance of the cross-linked di-peptides, 

an enrichment step using size-exclusion chromatography 

(Leitner et al., 2010) or strong cation-exchange chromato-

graphy (Maiolica et al., 2007) is often included before MS 

analysis. For data analysis specialised search algorithms 

are implemented as the computational combination of 

linear peptides yielding cross-linked di-peptides dramati-

cally increases the search space (Götze et al., 2011; Walz-

thoeni et  al., 2012; Yang et  al., 2012; Hoopmann et  al., 

2015; Liu et  al., 2015). However, automated annotation 

of cross-linking spectra is still a challenge and manual 
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evaluation of assigned mass spectra is, therefore, strongly 

encouraged (Iacobucci and Sinz, 2017).

Cross-linking eventually delivers a list of residue pairs 

in close proximity within a protein or a protein complex. 

These distance restraints alone are usually insufficient 

for de novo modelling of protein complexes, however, 

when integrated with structural information obtained 

from other techniques, cross-linking contributes to the 

generation of computational models ( Kalisman et  al., 

2012; Thalassinos et  al., 2013; Erzberger et  al., 2014; 

Politis et  al., 2014; Lukoyanova et  al., 2015). Particu-

larly the combination of cross-linking with cryo-electron 

microscopy shows great potential and has recently been 

applied to solve the structures of several macromolecu-

lar machines (Schmidt and Urlaub 2017). A compelling 

example is the recently established structure of the MHC 

peptide-loading complex comprising the membrane-

embedded TAP-transporter, the membrane-anchored 

MHC and tapasin complexes (Blees et al., 2017).

Importantly, cross-linking is not restricted by the size 

of the protein complex under investigation and is there-

fore well-suited to complement structural studies of large 

multiprotein assemblies (Leitner et al., 2016). Moreover, it 

is capable of visualising structural dynamics in a quantita-

tive manner (Chen and Rappsilber, 2018). For this, distinct 

conformational states of a protein or protein complex are 

cross-linked separately using either differentially labelled 

cross-linking reagents (Schmidt and Robinson, 2014) or 

labelled proteins (Arlt et  al., 2017). After cross-linking, 

the differently cross-linked samples are pooled and pro-

cessed together. Differences in protein interactions are 

then obtained by comparing the cross-linking intensities.

The cross-linking approaches described have suc-

cessfully been applied to several membrane-associated 

protein machines including, for instance, ATP synthases 

(Schmidt et  al., 2013, 2017b) or the ryanodine receptor 

(Efremov et al., 2015). However, the employed cross-link-

ing reagents targeted mostly the large, soluble domains 

of these protein complexes. Alternative strategies are 

therefore needed to gain orthogonal information on the 

protein interactions formed within the lipid membrane. 

One promising solution is the introduction of photo-

reactive leucine, isoleucine or methionine into the protein 

sequence (Figure 3C) (Suchanek et al., 2005). These amino 

acids are predominantly represented in the hydrophobic 

membrane domains of proteins and, upon ultra violet 
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(UV)-irradiation, react with any hetero-atom in close prox-

imity (Figure 3D) (Kolbel et al., 2012). They are therefore 

particularly suited to study the structures of membrane 

proteins.

Stoichiometries and structural 

arrangements of membrane protein 

complexes

A complementary MS approach is the direct analysis of 

intact protein complexes in the gas phase of the mass 

spectrometer (often termed ‘native MS’) (Leney and Heck, 

2017). In contrast to conventional MS, there are two pre-

requisites for native MS: first, aqueous, volatile buffers at 

physiological pH are required to preserve the structure of 

the protein complexes during ESI (Hernández and Robin-

son, 2007). For this, the sample is usually transferred to 

ammonium acetate prior to MS analysis (Hernández and 

Robinson, 2007). The second requirement is to maintain 

non-covalent interactions and preferably the structural 

arrangements of the protein subunits in the gas phase of 

the mass spectrometer. To achieve this goal, several instru-

ment modifications are required which mostly target the 

mass range of the quadrupole and the pressure regimes in 

the different ion stages to facilitate transmission of high 

mass ions (Sobott et al., 2002).

Knowing the exact masses of the protein subunits, 

for example, by MS-based identification (see above), the 

obtained masses of the intact protein complexes from 

native MS spectra provide information on the complex sto-

ichiometry (Figure 4A) (Taverner et al., 2008). Moreover, 

similar to the workflows described, native MS provides 

Figure 4: Native MS of membrane protein reveals stoichiometries, protein interactions and lipid binding.
(A) Mass spectrum (lhs) of the chloroplast ATP synthase. Complexes from in solution (solid arrows) and gas phase (dashed arrows) 
dissociation are observed. A computational model of lipid binding to the membrane ring is shown (rhs). Figure adapted from Schmidt et al. 
(2013). (B) LILBID MS analysis of KcsA complexes formed in nanodisc. Under mild activation conditions (black) the KcsA tetramer with two 
scaffold proteins is observed. Dissociation of the complexes occurs at higher energy (red) and reveals single proteins and subcomplexes. 
Figure adapted from Henrich et al. (2017a). (C) Protein-lipid complexes of the trimeric ammonium channel AmtB. Peaks indicate binding of 
multiple lipids (highlighted). Figure adapted from Landreh et al. (2016).
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the possibility to select ions for tandem MS experiments. 

Here, peripheral protein subunits dissociate from the full 

complex resulting in the unfolded protein subunit as well 

as so-called ‘stripped’ complexes (Hernández and Robin-

son, 2007). The combination of protein stoichiometries 

observed in solution and the identification of peripheral 

subunits in tandem MS experiments therefore delivers 

information on the protein complex topology.

Importantly, native MS is applicable to membrane 

proteins. However, only a subset of non-ionic detergents 

is compatible with MS analysis. Therefore, these deter-

gents have to be screened for protein stability during 

extraction or the proteins have to be transferred into com-

patible detergents directly prior to MS analysis (Laganow-

sky et al., 2013). The proteins, together with the detergent 

micelle, are then transferred to the gas phase where the 

micelle is removed by collisional activation releasing the 

free proteins or intact protein complexes. It is generally 

assumed that activation energy is mostly absorbed during 

detergent removal; in other words, the micelle protects 

the protein from collisional induced unfolding (Barrera 

et al., 2008).

In this way, the stoichiometries and topologies of 

many membrane protein complexes were established. 

Examples are ion channels and transporters (Barrera 

et al., 2009), ATP synthases (Hoffmann et al., 2010; Zhou 

et  al., 2011; Schmidt et  al., 2013, 2017b) and additional 

enzymes of the electron transport chain (Liko et al., 2016; 

Zhang et  al., 2017). In addition to the structural charac-

terisation of membrane proteins, native MS also delivers 

insights into their mode of action. For instance, native MS 

could show that the cytotoxic translocon of colicin incor-

porates two pores of the OmpF trimer leaving one pore 

accessible for a target peptide (Housden et al., 2013).

When combined with ion mobility (IM)  spectrometry, 

native MS also delivers information on the shape of an ion, 

e.g. a protein subunit, a subcomplex or a fully assembled 

complex (Uetrecht et al., 2010). For this, the ions travel in 

the IM cell against the counter-flow of a buffer gas (e.g. 

argon). Larger and more extended ions experience more 

collisions with the gas molecules and therefore migrate 

slower, while smaller, compact ions migrate faster. In 

this way, ions with the same mass-to-charge ratio but dif-

ferent conformations are separated by their collisional 

cross section (CCS). This approach was successfully 

used to characterise the effect of detergent removal on 

the structure of the mechanosensitive channel of large 

conductance (MscL) (Konijnenberg et  al., 2014). Native 

MS revealed up to six Triton X-100 detergent molecules 

bound to the MscL complex. Under mild activation con-

ditions, these detergent-bound states showed a compact 

conformation. However, when the activation energy was 

increased and the detergent molecules were stripped off 

the protein, an extended conformation was observed 

indicating unfolding of the protein in the absence of 

detergent. Similarly, by increasing the collisional energy 

in the mass spectrometer and thereby inducing unfolding 

of the protein (a procedure known as ‘collisional induced 

unfolding’) the stability of membrane proteins in the 

presence of various lipids can be assessed (Laganowsky 

et al., 2014).

Studying membrane proteins in a 

native-like environment

As already discussed, proteins and lipids are not separate 

entities and should ideally be studied together. There are 

several possibilities to mimic natural membranes. A very 

popular solution are nanodiscs which are comprised of 

two amphipathic proteins forming a belt around a phos-

pholipid bilayer in which the proteins are embedded 

(Bayburt and Sligar, 2009). In a similar fashion, amphipols 

(amphipathic polymers) solubilise membrane proteins in 

a detergent-free aqueous system by wrapping their hydro-

phobic domains (Tribet et  al., 1996). Bicelles represent 

disc-shaped membrane sections which assemble from 

long-chain phospholipids constituting the lipid bilayer 

and short-chain phospholipids or detergents forming the 

rim (Sanders and Landis, 1995). First attempts employing 

nanodiscs, bicelles and amphipols for native MS showed 

that the proteins can be released intact from these mem-

brane mimetics (Hopper et al., 2013). While bicelles and 

nanodics were able to maintain the multi meric states 

of membrane proteins, amphipols showed only low 

amounts of the correct stoichiometries. Both, nanodiscs 

and bicelles showed to a large extend lipid clusters. These 

clusters were also explored in their protein-free forms 

(Marty et al., 2015, 2016a,b). Nanodiscs were then specifi-

cally engineered for future native MS applications elimi-

nating interference with lipids (Reid et al., 2017).

A similar approach to ESI is laser-induced liquid bead 

ion desorption (termed LILBID) (Wattenberg et al., 2000; 

Morgner et al., 2007). Here, ions are generated from liquid 

droplets by irradiation with a laser. One of the advantages 

of LILBID over ESI is its tolerance towards salt and deter-

gents during the ionisation process (Peetz et  al., 2018). 

Moreover, LILBID has proven a suitable method when 

studying membrane proteins embedded in membrane 

mimetics such as nanodiscs (Figure 4B) (Henrich et  al., 

2017a,b) or styrene-maleic acid copolymers (SMALPs) 
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(Hellwig et  al., 2018). As such, protein insertion from a 

cell-free expression system into the lipid bilayer of a nano-

disc could be followed and uncovered protein oligomeri-

sation dependent on the lipid composition and reaction 

conditions (Henrich et al., 2017b; Peetz et al., 2017).

The simplest membrane mimetics are probably spher-

ical liposomes which can be prepared from almost any 

lipid mixture and at various sizes. However, in terms of 

curvature, spherical membrane mimetics do not always 

represent the ideal lipid environment; they rather mimic 

vesicular structures. To-date liposomes were not yet 

employed to stabilise recombinantly expressed proteins 

for MS analyses, however, lipid identification and quan-

tification was realised and is promising in future applica-

tions (Frick et  al., 2018). Notably, recent advancements 

in sample preparation utilising vesicles prepared from 

native membranes, successfully allowed the analysis of 

membrane protein complexes in a detergent- and mem-

brane mimic-free environment promising spectacular 

future applications (Chorev et al., 2018).

Protein-associated lipids

Membrane-embedded proteins are surrounded by a shell of 

directly interacting lipids (often termed the lipid annulus) 

and, in the periphery, bulk lipids of the respective mem-

branes. The lipid annulus involves specific interactions 

with lipids at defined sites (structural lipids), interactions 

with a preferred subset of lipids or non-specific protein-

lipid interactions with bulk lipids (Landreh et al., 2016). As 

prediction of lipid binding sites as well as the specific lipid 

species based on the protein sequence is impossible, this 

information has to be obtained experimentally. A native 

MS spectrum revealing lipid binding to the ammonia 

transporter AmtB is shown in Figure 4C.

The various detergents used for membrane protein 

solubilisation differ in their ability to remove or maintain 

lipids from the membrane environment (Laganowsky 

et al., 2013). As an example, solubilisation of the heterodi-

meric ABC transporter TmrAB from Thermus thermophi-

lus using DDM maintained a large fraction of associated 

lipids which made the analysis by native MS impossible 

(Bechara et al., 2015). However, after extended delipida-

tion, charge states of the dimeric species were observed. 

While lipidomics revealed PE and PG bulks lipids, only PG 

lipids were found to specifically associate with the delipi-

dated protein.

While native MS reveals direct association of lipids 

and proteins, it does not provide information on their 

interaction sites. However, in special cases, a combina-

tion of native MS, lipidomics and computational mod-

elling unravelled sites of interaction. For ‘monomeric’ 

cytochrome c oxidase (CcO, a protein complex compris-

ing 13 subunits) (Kadenbach et al., 1983) and the dimeric 

complex thereof (comprising 26 protein subunits) a large 

number of associated lipids was anticipated by native 

MS (Liko et  al., 2016). The mass difference between the 

monomeric and dimeric complexes revealed the mass of 

associated lipids that reside in the central cavity of CcO 

as revealed by X-ray crystallography (Shinzawa-Itoh et al., 

2007). The number of associated lipids could be calculated 

from the volume of the cavity as well as the lipid species 

identified in lipidomics experiments (Liko et al., 2016).

In a similar fashion, the lipid ‘plug’ of various ATP 

synthases was identified (Zhou et al., 2011; Schmidt et al., 

2013). Following native MS and quantification of identi-

fied lipids, computational modelling delivered models 

of the membrane ring of these ATP synthases interact-

ing with specific lipids (Figure 4A). These interactions 

involved in all cases charged amino acid residues on top 

of the membrane ring in close contact with charged lipid 

molecules.

Protein-lipid interaction sites

While native MS and lipidomics identify membrane 

protein associated lipids, their direct interaction sites are 

crucial for their structure and biological function. In some 

cases, this can be obtained by comparing the chemical 

properties of the identified lipids with a crystal structure 

(Marcoux et al., 2013). Recent examples employed mole-

cular dynamics simulations to predict lipid binding sites 

in membrane channels and transporters (Laganowsky 

et al., 2014; Martens et al., 2018; Pyle et al., 2018).

In first experiments, the physical interactions between 

sphingomyelin and the COP1  machinery protein p24  were 

probed using radioactive and photosensitive lipid mole-

cules (Contreras et al., 2012). After photo-activation, these 

molecules covalently attach to amino acid residues in close 

proximity. The labelled protein can then be detected by 

autoradiography. However, mutation analyses are required 

to map the lipid binding site following this approach. Other 

studies showed the potential of UV-activatable lipids to 

probe their interactions (Lindner et  al., 2017). However, 

these studies can only be performed after recombinant 

expression or detergent-based purification of membrane 

proteins and are not accessible for proteins in their natural 

lipid environment.
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A more elegant solution is the potential application 

of chemical cross-linking reagents to probe protein-lipid 

interactions (Scacioc et  al., 2017). Employing BS3 cross-

linker (see above) revealed oligomerisation of autophagy-

related protein Atg18 in the presence of a lipid bilayer and, 

importantly, also unravelled first lipid adducts after reac-

tion with BS3 (Scacioc et al., 2017).

Supporting functional conclusions

MS experiments unravel many aspects of membrane 

protein-lipid interactions; however, they lack the high 

spatial resolution of classical structural techniques. None-

theless, the integration of low-resolution restraints from 

MS with computational simulation is often fruitful and 

helps addressing many biological questions (Politis and 

Borysik, 2015; Politis and Schmidt 2018; Marklund and 

Benesch, 2019).

Of the MS deliverables, CCSs are useful measures to 

compare experimental observations with theoretical cal-

culations. As an example, the lipid binding sites of AmtB, 

Aquaporin Z and MscL were successfully mapped onto 

their high-resolution structures by comparing models of 

the proteins in a lipid bilayer obtained from molecular 

dynamics (MD) simulations with experimentally deter-

mined CCSs (Laganowsky et al., 2014). In a similar fashion, 

MD simulations of MscL in a lipid bilayer of defined mem-

brane tension allowed rationalising experimental cross 

sections. For this, theoretical CCSs of the observed con-

formational states were calculated and compared with 

the experimental values revealing different functional 

states of the transporter (Konijnenberg et  al., 2014). MD 

simulations of a protein-detergent complex in a gas-phase 

Figure 5: Overview on MS techniques for membrane protein analysis.
MS guides expression and purification of membrane protein complexes as well as their incorporation into membrane mimetics. Proteomics 
and lipidomics identify the components of membrane protein complexes. Stoichiometries of proteins and lipids as well as interactions 
and topologies are revealed by native MS. The combination with ion mobility further delivers information on the shape of the ions. Cross-
linking MS reveals protein interaction sites while chemical labelling approaches as well as H/D exchange, FPOP and HRF unravel the surface 
accessible area. Data obtained from these techniques can be integrated into modelling approaches for generation of models. For a detailed 
description of each approach refer to the main text.
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mimicking environment further showed migration of the 

detergent molecules to the periphery of the protein yield-

ing an increase in CCS which was also observed experi-

mentally (Borysik, 2015).

In addition to CCSs, computational approaches help 

interpreting collision induced unfolding events. For 

example, MD simulations of lipid-free NapA captured an 

experimentally observed unfolding event. Simulation of 

PE binding to the same protein revealed stabilisation of 

the protein by attachment of the lipid head group even 

at increased temperatures. This was evidenced by the 

 PE-induced stabilisation of NapA during collision induced 

unfolding (Landreh et al., 2017).

Another impressive example is a recent study on the 

conformational dynamics of the homologous transport-

ers XylE, LacY and GlpT using H/D exchange MS. After 

identifying a charge-relay network in the homologous 

transporters, the authors performed MD simulations 

showing that PE but not PC directly interacts with the resi-

dues of the network (Martens et al., 2018).

Outlook and conclusions

As demonstrated in the preceding paragraphs, many 

aspects of protein-lipid interactions within biological 

membranes are accessible through MS (see Figure 5 and 

Table 1 for a summary). While protein and lipid identi-

fication are key for defining the environment in which 

a protein resides, structural MS techniques provide a 

more holistic view onto protein-protein and protein-lipid 

interactions. The low sample consumption and short 

analysis time as well as the possibility to analyse hetero-

geneous mixtures make it a prime technology when other 

Table 1: Techniques of structural MS for studying membrane protein complexes.

Method Working principle Outcome

MS-based 
lipidomics

 – MS/MS analysis of lipids in organic solvents
 – Identification of lipid classes and fatty acyl chains by char-

acteristic fragment ions and neutral losses
 – Quantification by comparison of MS peak areas

 – Identification of lipid classes and species
 – Relative or absolute quantification of 

lipids

Proteomics/
identification

 – Site-specific proteolysis of proteins
 – LC-MS/MS analysis of peptides
 – Comparison of precursor and fragment masses with data-

base of in silico generated peptides and their fragments

 – Identification of proteins
 – Mapping of post-translational modifica-

tions
 – Relative quantification

Cross-linking MS  – Cross-linking of proximate residues
 – Site-specific proteolysis of proteins
 – LC-MS/MS of di-peptides
 – Comparison of precursor and fragment masses with data-

base. Requires specialised software

 – List of residue pairs in close proximity
 – Information on solvent accessibility

H/D exchange MS  – Solvent accessible protons are exchanged against deuterium
 – Non-specific on-line proteolysis
 – LC-MS/MS
 – Comparison of precursor and fragment masses with data-

base of in silico generated peptides and their fragments

 – Intensity of deuterated vs. unmodified 
peptides

 – (Aqueous) solvent accessibility

Covalent labelling  – Covalent attachment of label to specific residues
 – Site-specific proteolysis of proteins
 – LC-MS/MS analysis of peptides
 – Comparison of precursor and fragment masses with data-

base of in silico generated peptides and their fragments

 – Identification of modified peptides
 – Intensity of modified vs. unmodified 

peptides
 – Accessibility for label

Native MS  – Direct injection of intact protein complexes into a high mass 
modified instrument

 – Collision induced removal of detergent micelles or 
 membrane mimetics (e.g. nanodiscs, bicelles)

 – MS and MS/MS analysis
 – (Manual) annotation of spectra

 – Complex stoichiometry
 – Topology
 – Lipid binding

IM MS  – Drift of charged ions against an inert counter-flow gas
 – Retention of ions with a larger CCS

 – Relative shape of the ions
 – Discriminate conformers of the same mass

The working principle and outcome are given for each of the discussed methods.
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strategies prove difficult. However, it becomes appar-

ent that membrane proteins and lipids are not separate 

entities but strongly interdependent. To gain profound 

insights into their function, the combination of biochemi-

cal and biophysical techniques is needed. Here, MS serves 

as an orthogonal approach which complements other 

structural techniques such as cryo-electron microscopy or 

NMR spectroscopy or provides clues to be followed up by 

biochemical strategies.

The reconstitution of proteins into membrane vesicles 

of native-like composition, for instance planar nanodiscs 

or spherical liposomes, as well as their extraction from 

native membranes together with their surrounding lipids, 

for instance in so-called SMALPs, are a promising venture 

for future studies of membrane proteins in an active 

lipid environment. Together with advancements in com-

putational simulation and modelling, MS can in future 

applications serve as a toolbox for the structural analy-

sis of membrane proteins and their complexes (Figure 5, 

Table 1).
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