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Abstract

Natural carbohydrate polymers such as starch, cellulose, and chitin provide renewable alternatives 
to fossil fuels as a source for fuels and materials. As such, there is considerable interest in their 
conversion for industrial purposes, which is evidenced by the established and emerging markets 
for products derived from these natural polymers. In many cases, this is achieved via industrial 
processes that use enzymes to break down carbohydrates to monomer sugars. One of the major 
challenges facing large-scale industrial applications utilizing natural carbohydrate polymers is 
rooted in the fact that naturally occurring forms of starch, cellulose, and chitin can have tightly 
packed organizations of polymer chains with low hydration levels, giving rise to crystalline 
structures that are highly recalcitrant to enzymatic degradation. The topic of this review is 
oxidative cleavage of carbohydrate polymers by lytic polysaccharide monooxygenases (LPMOs). 
LPMOs are copper-dependent enzymes (EC 1.14.99.53–56) that, with glycoside hydrolases, 
participate in the degradation of recalcitrant carbohydrate polymers. Their activity and structural 
underpinnings provide insights into biological mechanisms of polysaccharide degradation.
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1. INTRODUCTION

Most glycoside hydrolases use general acid/base catalysis to hydrolyze substrates (EC 
3.2.1.-) (Figure 1A and 1B), with acidic groups provided by aspartic acid or glutamic acid. 
For instance, endoglucanases hydrolyze carbohydrate polymers to shorter, soluble oligo-
saccharides. Their active sites are often described as grooves that accommodate single, 
isolated substrate chains. However, isolating a single chain from the bulk (decrystallization) 
requires considerable energy, resulting in the action of many glycosyl hydrolases on 
crystalline substrates being orders of magnitude slower than comparable activity on soluble 
carbohydrate chains.1 In contrast, LPMOs break polysaccharide chains in an oxygen- and 
electron-dependent process (Figure 1C), apparently without the need for decrystallization, 
and may contribute to reduced dosing of enzymatic cocktails for the industrial degradation 
of lignocellulosic biomass substrates. These and other features of LPMOs are discussed in 
more detail below.

The naming convention for LPMO enzymes was not consistent until recently, and those 
familiar with LPMO literature will have noted that some LPMOs have historic names that do 
not reflect their activity. Throughout this review a LPMO enzyme will be referred to by a 
combination of (i) a two-letter abbreviation of the species it originates from, (ii) “LPMO”, 
(iii) the number of the Auxiliary Activity family it has been assigned to, and (iv) a one-letter 
code for the gene designation. Any alternative name(s) for the enzyme will be included 
between brackets. For instance, chitin-active CBP21 from Serratia marcescens will be 
referred to as SmLPMO10A (CBP21).

Several aspects of LPMOs have been reviewed in recent years. The role of LPMOs in the 
breakdown of cellulose was reviewed by Beeson and co-workers.7 Other reviews include 
those by Vu et al. on starch-active LPMOs, a crystallographer’s perspective on LPMOs 
provided by Frandsen and Lo Leggio, and an additional structural review by Vaaje-Kolstad 
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et al.8–10 Johansen recently reviewed the use of LPMOs in commercial enzyme cocktails, 
and other reports on LPMOs have addressed the issue of electron donor promiscuity.11,12 In 
this review, we aim to provide a focus on three aspects of LPMOs: (i) use of LPMOs in 
industrial processes, predominantly degradation of lignocellulosic biomass into fermentable 
sugars, (ii) LPMO protein structures, and (iii) properties of the Cu active site and the 
catalytic mechanism.

2. BACKGROUND

2.1. Recalcitrant Substrates

The array of LPMO substrate specificities are reflected in the diversity of natural recalcitrant 
polysaccharides. In this section three main types of polysaccharides are described: (i) starch, 
(ii) polysaccharides found in lignocellulosic plant cell walls, and (iii) chitin. The 
descriptions are not intended to be an exhaustive review in themselves, as this has been done 
elsewhere, as referenced in the sections. Instead, this background provides a foundation to 
support the following sections in the review.

2.1.1. Starch—Starch is the most abundant storage polysaccharide in plants and is a 
polymer of α-1,4-linked glucose with α-1,6 side branches (Figure 2A). It is widely used as a 
source for renewable fuels such as ethanol and renewable materials such as bioplastics, food, 
feed, and a range of other industrial products and applications. The main sources of starch 
for these applications are wheat, coarse grains, corn, and rice, the global production of 
which amounted to a combined 3500 M metric tons in 2014/2015 according to the USDA.13

Starch is produced in the chloroplast of green leaves and amyloplast of seeds, pulses, and 
tubers. Starch is made up of two polymers, amylopectin and amylose, which together are 
deposited into insoluble, semicrystalline granules (Figure 2B). Amylopectin, which makes 
up about 75–90% of the starch granule, has a degree of polymerization on the order of 105–
106, with 4–5% of its linkages being α-1,6 branching points. By comparison, amylose is 
smaller, less branched, and has a degree of polymerization of 103. The branch points in 
amylopectin are clustered at repeating intervals. The α-1,4-linked backbone of amylopectin 
is helical in solution and lies parallel to two neighboring branch chains that self-associate 
into a double helix, giving rise to the crystalline regions in starch granules. Together, 
alternating regions of clustered branch points and extended helical side chains combined 
with tightly packed starch chains give the granules concentric circles of semicrystalline 
regions and a low moisture content, making them highly resistant to enzymatic degradation 
(Figure 2C).14

2.1.2. Lignocellulosic Biomass—Initially, plant cells are surrounded by thin primary 
cell walls that allow for cell growth. Once cells have reached their final shape a thicker 
secondary cell wall encapsulates them and serves to provide structural rigidity and pathogen 
defense to the plant. These are the major sources of carbohydrates in lignocellulosic 
biomass. Major components of cell walls are polysaccharide cellulose, a collection of 
predominantly β-1,4-linked polysaccharides collectively called hemicellulose, a family of 
complex polysaccharides containing β-1,4-linked galacturonic acid called pectin, and the 
polyaromatic polymer lignin.
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2.1.2.1. Cellulose: Cellulose is a polymer of β-1,4-linked glucopyranose (Figure 3A). It is 
the major structural component of plant cells, and with an estimated half-life of 22 million 
years, it is the most stable and abundant polymer found in nature.15 Cellulose is synthesized 
in plants and bacteria by the enzyme cellulase synthase.16 In higher plants, the cellulase 
synthase complex is located in the plasma membrane of plant cells and consists of a rosette 
of six cellulase synthase trimers.17 Since each cellulase synthase molecule produces one 
chain of cellulose, 18 cellulose chains are proposed to form a microfibril, in agreement with 
previously published spectroscopic studies.18,19 The degree of polymerization of cellulose 
chains varies among plant species but generally ranges between 1500 and 5000.18 The intra- 
and interchain hydrogen bonds between the hydroxyl groups and oxygen atoms of 
neighboring chains result in a compact, rigid structure that is insoluble. To put this into 
perspective, starch gelatinizes by incubation at 60–70 °C at atmospheric pressure, while 
cellulose gelatinizes at much higher temperature (320 °C) and pressure (25 MPa).19

Overall, cellulose fibrils show highly organized or crystalline regions interspersed with less 
organized, amorphous regions. Various crystalline forms of cellulose have been identified, 
which differ in chain orientation, chain arrangement, and hydrogen-bonding pattern (Figure 
3B). Cellulose I consists of parallel sheets of hydrogen-bonded chains that stack on top of 
each other via hydrophobic interactions. Subtle changes in crystal packing discriminate 
Cellulose Iα, found in algae and bacteria, from Cellulose Iβ, found in tunicin and higher 
plants.22 Chemical treatment can convert Cellulose I into other types, as evidenced by the 
observation that treatment with alkali or ionic liquids yields a structure with antiparallel 
chains and intersheet hydrogen bonding, characteristic of Cellulose II.23,24 Treatment of 
Cellulose I and II with anhydrous ammonia results in Cellulose IIII and IIIII, respectively. 
Cellulose III is the result of ammonia-induced swelling of the crystal to a metastable phase 
that returns to Cellulose I upon heating.25,26 A fourth type of crystalline cellulose has been 
identified,27 but more recent studies indicate Cellulose IVI might be the same as Cellulose 
Iβ.28 Amorphous cellulose, with a low degree of crystallinity, can be made by dissolution of 
cellulose in phosphoric acid and subsequent extensive washing with water. The resulting 
phosphoric acid swollen cellulose, or PASC, is a model substrate for characterization of 
cellulases and is widely used in LPMO studies.29

2.1.2.2. Hemicelluloses: A second major component of plant cell walls are hemicelluloses 
(Figure 4), of which the four main types are xyloglycans (xylans), xyloglucans, 
mannoglycans (mannans), and mixed-linkage β-glucans, which all have (predominantly) 
β-1,4-linked saccharide backbones (Figure 4).30 Contrary to cellulose, heteroxylans can be 
made up of multiple saccharide components coupled by a variety of glycosidic linkages.31 

Each of these four types will be defined in more detail below.

Xylans have a β-1,4-linked xylose backbone, which can be decorated with α-1,2 glucuronic 
acid, or 4-O-methyl glucuronic acid, α-1,2 or α-1,3 arabinofuranose, and 2-O- and 3-O-
acetyl groups. In dicots, the xylose backbone is predominantly decorated with glucuronic 
acid (glucuronoxylan) and can be found in secondary cell walls, where it is the major 
hemicellulose. Corn and other grasses also have a xylose backbone, although substituted 
with glucuronic acid and arabinose (glucuronoarabinoxylan), and it is the major 
hemicellulose in both primary and secondary cell walls. The xylose residues can be either 
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singly (α-1,2 or α-1,3) or doubly (α-1,2–1,3) substituted with arabinose, and the xylan 
backbone may be acetylated at O2 and O3 to varying degrees, ranging between 40% and 
70%.32 In grasses, arabinose residues of xylan can be covalently linked to each other or to 
lignin through hydroxycinnamic acid esters, such as ferulic acid and p-coumaric acid.33

A second component, xyloglucan, is the major hemicellulose in primary cell walls of dicots. 
Xyloglucan has a β-(1,4)-linked glucopyranosyl backbone that is branched to varying 
degrees with xylopyranosyl, acetylated galactopyranosyl, and fucopyranosyl substituents.34 

Contrary to xylan, xyloglucan can have a regular structure with repeating structural blocks. 
Type I has three xylosylated residues followed by a single glucose unit and is found in 
hardwoods, herbal plants, and some grasses. Type II has two xylosylated units followed by 
two nonsubstituted glucose residues. In both types the repeating blocks are interspersed with 
xylosylated units that are substituted with galactose and fucose.30

The third component, mannoglycans (mannans), have a backbone consisting of 
mannopyranose (mannan) or mannopyranose and glucopyranose (glucomannan). A portion 
of the mannose residues are branched with α-1,6-galactopyranose in galactomannan and 
galactoglucomannan. Although mannans are present in varying amounts in all cell walls, 
glucomannans are the main hemicellulose type in secondary cell walls of softwoods and a 
minor component in those of hardwoods, herbal plants, and grasses.30

Finally, a fourth type of hemicellulose, β-1,3–1,4 glucans, which are commonly found in 
cereal, can be thought of as an irregular string of cellotriosyl and cellotetraosyl units coupled 
by β-1,3 linkages.33 β-1,3–1,4-Glucan is unbranched and kinked due to the irregularly 
spaced β-1,3 linkages between linear β-1,4-linked stretches.35

The saccharide units in the backbones of cellulose (glucose), xylan (xylose), xyloglucan 
(glucose), and mannans (mannose and glucose) all have an equatorial C4-hydroxyl group, 
which, when β-linked, results in a linear backbone conformation. Linear polysaccharides 
tend to align, form interchain bonds, and aggregate out of solution. This has been well 
established for cellulose. Cellulose always has the same chemical structure and properties, 
whereas the aggregation propensity of xylan, xyloglucan, and mannans is modulated by the 
type and degree

2.1.2.3. Pectin: Pectins are a family of complex polysaccharides containing α-1,4-linked 
galacturonic acid (GalpA, Figure 5) and are found in primary cell walls during cell growth.
37,38 Pectins form a gel-like matrix that can be altered to allow cell elongation, provide 
protective barriers for the cell, and are virtually absent from secondary cell walls. Three 
main types of pectin are homogalacturonan, substituted galacturonan, and 
rhamnogalacturonan. Homogalacturonan consists of an α-1,4-linked GalpA backbone that 
can be substituted with methyl or acetyl groups. In xylogalacturonan, the GalpA backbone is 
substituted with β-1,3-linked xylopyranose, while in apiogalacturonan, it is substituted with 
apiose. In rhamnogalacturonan I, rhamnopyranose (Rhap) and galacturonic acid alternate in 
an α-1,2-Rhap-α-1,4-GalpA-linked backbone. The rhamnosyl residues can be substituted 
with galactose or arabinose. Rhamnogalacturonan II are comprised of short stretches of 
homogalacturonan that have been decorated with exotic saccharide residues, such as apiose, 
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aceric acid (3-C-carboxy-5-deoxy-L-xylose), 3-deoxy-lyxo-2-heptulosaric acid, and 3-
deoxy-manno-2-octulosonic acid. Pectins may also be cross-linked by esters.

2.1.2.4. Lignin: A fourth major component of plant cell walls is the heterogenic 
polyphenolic polymer lignin, which provides structural strength and acts as a diffusion 
barrier.33 Lignin is composed of 4-hydroxypropanoids that are connected by both ether and 
carbon–carbon linkages. The three main monolignol building blocks are p-coumaryl alcohol, 
coniferyl alcohol, and sinapyl alcohol (Figure 6A) that are polymerized through a free-
radical coupling process mediated by peroxidases.39,40 The degree of methoxylation of the 
phenyl ring results in hydroxyphenyl (H), guaiacyl (G), and syringyl (S) lignin, respectively 
(Figure 6B). The predominant monolignol in lignin varies between plant species and even 
plant tissues. For instance, lignins from softwoods are derived mainly from coniferyl alcohol 
with some p-coumaryl alcohol, while hardwood lignins mostly contain coniferyl and sinapyl 
alcohols with smaller amounts of p-coumaryl alcohol.39 Grasses have all three monolignols 
with a majority of p-coumaryl alcohol-derived lignin.41 The number-average molecular 
weight of lignin is in the range of 7500 g·mol−1, while the weight-average molecular weight 
is around 25 000 g·mol−1.42 The free phenolic hydroxyl groups and o-methoxy substitutions 
in the aromatic ring lend lignin antioxidant properties, which are an active area of research.
43–45

2.1.2.5. Plant Cell Wall Synthesis: While the plant cell is growing, the primary cell wall 
consists mainly of hemicellulose and pectin, with relatively little cellulose and lignin.46 

When the cell has reached its final shape and size, the cell wall becomes thicker and the 
composition shifts to primarily cellulose, xylan, and lignin. Cellulose is synthesized in the 
plasma membrane from which the fibrils get deposited directly into the matrix.47 

Hemicellulose and other matrix components are synthesized in the Golgi and transported in 
vesicles to the plasma membrane.48 Lignin deposition starts from several well-defined 
initiation sites within the cell wall region, which expand uniformly until the regions 
coalesce.39 A primary cell wall consists mainly of polysaccharides placed in water and has a 
water content of 60–70%. The water content in secondary cell walls with lignin deposition is 
much lower (about 5%) due to the hydrophobic nature of the aromatic polymer.46 The 
general polysaccharide compositions of primary and secondary cell walls vary per major 
plant type (Table 1). Thus, in order to gain further insight into the localization, identification, 
and quantification of cell wall polysaccharide and lignin components, molecular tools have 
been developed. For example, in glycome profiling, plant cell walls are subjected to 
extractions of increasing severity and extracts are screened with monoclonal antibodies and 
carbohydrate-binding domains with specificities for polysaccharide components.49 Use of 
these tools as probes in fluorescence microscopy has allowed visualization of the 
heterogeneity and diversity in cell wall structures.50

2.1.2.6. Industrial Lignocellulosic Substrates: Major lignocellulosic substrates for 
production of fuels and materials at commodity scale are corn stover in the United States, 
sugar cane bagasse in Brazil, and wheat straw in Europe. All three belong to the family of 
Poaceae, also known as grasses. Both corn stover and wheat straw are waste products of 
grain production and are otherwise left on the field for fertilization and mineralization or 
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harvested for further use. A significant amount of corn is produced in the United States 
yearly, and therefore, the corn stover supply chain in the United States has received 
considerable attention. According to reports, corn stover can be harvested in a sustainable 
manner, providing a stable supply of lignocellulosic substrate for, for instance, biofuel 
production.52,53 In Brazil, sugar cane is collected routinely and processed for the sugar and 
ethanol industry. Sugar cane bagasse is the waste product left after crushing the stalks for 
their juice and is available for energy production (i.e., electricity or biofuels).54,55 The main 
polysaccharides in the secondary cell walls of Poaceae, which make up the bulk of the 
biomass, are cellulose and glucuronoarabinoxylan (Table 1).

2.1.2.7. Pretreatment of Lignocellulosic Biomass: The digestibility of polysaccharides in 
lignocellulosic biomass is hindered by physicochemical, structural, and compositional 
features. A (thermo)chemical treatment of lignocellulosic biomass can be beneficial for 
enzymatic conversion to fermentable sugars. Widely used methods include pretreatment with 
dilute acid, steam, or ammonia, all of which have previously been reviewed.56–59 Acid 
pretreatment solubilizes hemicellulose and increases the pore size of biomass, thus 
increasing accessibility. Steam pretreatment generates acetic acid in situ from hydrolysis of 
acetyl groups from hemicellulose and is comparable to dilute acid pretreatment, although to 
a lesser extent. Ammonia pretreatment such as ammonia fiber explosion (AFEX) 
deacetylates hemicellulose and disrupts the biomass structure by, among other possibilities, 
breaking lignin–carbohydrate bonds which loosens the cellulose crystal structure and 
increases digestibility. Hemicellulose polymers are converted to oligomers, which stay 
insoluble. Another option is acid pretreatments, which can degrade amorphous regions of 
cellulose fibrils and as a result increase the crystallinity of the substrate. Ammonia can 
loosen up the cellulose crystal structure, increasing digestibility. As mentioned, soaking 
Cellulose Iβ in anhydrous ammonia results in swelling of the crystal lattice to form 
Cellulose IIII, which reduces the required amounts of cellulase for hydrolysis. A process that 
uses this principle to reduce the recalcitrance of lignocellulosic biomass by generating 
Cellulose IIII was recently described by Da Sousa Costa et al.60 In addition to changing 
cellulose crystallinity, the process also extracts about one-half of the lignin, which may be 
beneficial for enzymatic conversion of polysaccharides. Dilute acid pretreatment can 
solubilize lignin, which is redeposited onto the biomass, hindering enzymatic hydrolysis.61 

Ammonia pretreatment has a minimal effect on lignin, although it appears to modify it in 
such a way that it reduces interference with enzymatic biomass conversion.59

Thus, the type of pretreatment can affect the structure and composition of lignocellulosic 
biomass, and the choice of pretreatment technologies can influence the composition of the 
noncarbohydrate part of substrates. It is worth noting here that the noncarbohydrate biomass 
components can also be involved in the activity of LPMOs, as will be discussed in further 
sections.

2.1.3. Chitin—Chitin is a polymer of β-1,4-linked N-acetylglucosamine and is found in the 
cell walls of fungi, the egg shells and gut lining of nematodes, and the exoskeleton of 
arthropods (including crustaceans, insects, and arachnids) (Figure 7A). Like cellulose, chitin 
chains are linear, unbranched, and self-associate into fibrils as a result of interchain 
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hydrogen bonding. Crystalline chitin can occur in three polymorphs, α, β, and γ, which 
differ mainly in the degree of hydration.62 In α-chitin, the polysaccharide chains are 
antiparallel, which results in a tight packing (Figure 7B). The cuticular structures in 
arthropods are predominantly of this type. For comparison, the chains in β-chitin are 
parallel, while sets of two parallel chains aligned with an antiparallel one are observed in γ-
chitin.

Both β-and γ-chitin are more hydrated than α-chitin resulting in a softer and more flexible 
structure as found in insect guts. Deacetylated chitin, called chitosan (Figure 7C), is more 
flexible than chitin and can be solubilized due to the presence of 2-amine, 2-deoxy glucose 
units that have a pKa of ~6.3.64 The ability to increase the solubility of chitin 
oligosaccharides by deacetylation (into chitosan oligosaccharides) has facilitated the 
detection of enzymatic polysaccharide oxidation.3

Chitin is an abundant natural resource and a waste product of fishery and aquaculture 
industries. In 2014 an estimated 6.9 Mt of crustaceans were caught globally.65 About 35–
45% of this is discarded as waste and is available for industrial, agricultural, and 
pharmaceutical applications.66

2.1.4. Enzymatic Degradation of Recalcitrant Polysaccharides—In the preceding 
paragraphs, we discussed natural polysaccharides that can be recalcitrant for enzymatic 
conversion. Starch, lignocellulosic polysaccharides, and chitin can occur in 
(semi-)crystalline forms that consist of tightly packed saccharide chains and have a low 
water content. Enzymatic degradation of these substrates by glycoside hydrolases is a large 
field of research and has been reviewed previously.67–69 There are glycoside hydrolases that 
have evolved to act on the crystalline polysaccharide forms, and many organisms encode 
such enzymes in their genome. Upon encountering recalcitrant substrates, enzymes are often 
excreted for degradation of the substrates. The active sites of cellulases, for instance, have 
been described as “grooves” or “tunnels”.70 Hydrolysis of glycosidic bonds by these 
enzymes would require polysaccharide chains to be isolated from the bulk of the crystal, 
which in turn requires energy.67 The active sites of LPMOs are located on the protein 
surface, and polysaccharide chains in crystalline substrates could interact with the active site 
without an apparent need for isolation of individual substrate chains from the bulk (see 
section 4). As will be discussed below, many organisms contain LPMO-encoding genes in 
their genomes, which can be upregulated simultaneously with glycoside hydrolases during 
growth on recalcitrant polysaccharides.

2.2. LPMOs are Abundant in Nature

2.2.1. LPMO-Encoding Genes in Genomes—Many organisms, including cellulolytic 
organisms, encode one or several LPMOs in their genome. The majority reported to date 
have been observed in fungi and bacteria. Among fungi, the phyla of Ascomycota and 
Basidiomycota are a source of LPMO genes. Reported numbers of LPMO-encoding genes in 
fungal genomes typically range from a few up to a few dozen.71–74 Traditionally, wood-
decaying Basidiomycetes have been characterized as white rot fungi or brown-rot fungi 
based on their ability to degrade lignin (in white rot species) in addition to plant cell wall 
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polysaccharides. The genomes of both types encode LPMOs, with brown rot fungi typically 
containing a larger number of LPMO genes compared to white rot fungi.75

In the Kingdom of Bacteria, the majority of LPMO-encoding genes have been reported in 
genomes of species belonging to the phyla of Actinobacteria, Firmicutes, and Proteobacteria 
with a noted expansion of LPMO genes in the genomes of bacteria belonging to the genera 
Streptomyces, Bacillus, and Vibrio.76 Bai et al. studied the occurrence of chitinolytic 
systems in bacterial genomes and reported that AA10 LPMO genes are present in roughly 
one-third of terrestrial bacterial genomes but are absent in strict anaerobic bacteria.77

While most LPMOs have been identified in fungi and bacteria, they have also been 
annotated in the genome of the phytoplankton Emiliania huxleyi, as well as in insect virus 
genomes where they are part of fusolin spindle proteins and facilitate invasion of the host.
78–80 The presence of genes corresponding to LPMO profiles have been reported for 
Drosophila melanogaster, bivalves, stony corals, and sea anemones.71

2.2.2. LPMOs are Induced by Recalcitrant Substrates—Many species that have 
LPMOs encoded in their genome can grow on recalcitrant polysaccharide substrates. Similar 
to glycoside hydrolases, production of LPMOs is induced during growth on recalcitrant 
substrates such as starch,81 plant cell wall polysaccharides,82–86 or chitin.79,87–89 Fungi 
containing multiple LPMO genes in their genome can display substrate-dependent 
expression profiles of LPMO genes.86 The observed expressional coregulation with other 
carbohydrate active enzyme genes suggests involvement of LPMO gene products in 
microbial breakdown of polysaccharides. Vaaje-Kolstad et al. even reported that the 
degradation of chitin by chitinases from the soil bacterium Serratia marsescens depended on 
the presence of SmLPMO10A (CBP21), a chitin-active LPMO.79 Thus, LPMOs are likely to 
be present in the secretomes of LPMOcontaining organisms grown on recalcitrant 
polysaccharide substrates.

2.2.3. Oxidative Degradation of Lignocellulosic Substrates—In 1950, Reese and 
co-workers described a two-component cellulase model for cellulose degradation by fungi in 
which a first step, termed C1, enables the second hydrolytic step, termed Cx.90 They also 
noted that several Ascomycete fungi produced Cx enzymes that were able to hydrolyze 
modified cellulose, but not all were able to degrade crystalline cellulose, where the latter 
was attributed to the absence of a C1 component.91 It is possible that the C1 component 
described by Reese et al. is at least in part LPMO activity.

LPMOs are copper-dependent enzymes that bind copper with a 1:1 stoichiometry.92,93 The 
coordination of the copper atom by two histidine residues is similar to that of CopC, a 
protein involved in copper resistance in bacteria.93 The copper dependence of LPMOs was 
further demonstrated by the observation that metal chelators reduced the lignocellulose-
degrading efficiency of LPMO-containing enzyme cocktails. 94–96

Many mechanistic proposals to date contend that an electron reduces a LPMO-bound Cu2+ 

to Cu+, which can then bind molecular oxygen and abstract a proton from the polysaccharide 
substrate at either the C1 or the C4 position. A second electron is then thought to cause 

Meier et al. Page 9

Chem Rev. Author manuscript; available in PMC 2018 June 01.

A
u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t



hydroxylation of the substrate and cleavage of the glycosidic bond.93 In many cases, 
ascorbic acid has been efficient as an electron donor for LPMOs; however, electrons can be 
acquired from various molecules and enzyme systems.3–5,92,93,96

LPMOs utilize molecular oxygen to oxidize polysaccharide substrates, incorporating one 
atom of molecular oxygen in the reaction product.3 Further evidence for the oxygen 
dependence comes from studies showing that the activity of LPMOcontaining enzyme 
cocktails is reduced under oxygen-limiting conditions.97,98 In the absence of substrate and in 
the presence of O2 and reductant, LPMOs can generate H2O2.99 This observation has been 
used to quantify LPMO activity.99,100 Recently, Bisarro et al. reported that in fact H2O2, not 
oxygen, is the cosubstrate for LPMO activity.101 The presence of H2O2 in the reaction 
resulted in oxygen-independent formation of oxidized reaction products with an oxygen 
atom from H2O2 incorporated in the product, even in the presence of molecular oxygen. See 
section 5 for a discussion of the possible reaction mechanisms of LPMOs.

Brown-rot fungi also use oxidative mechanisms for plant cell wall degradation. However, 
they do so by generating hydroxyl free radicals via Fenton chemistry to degrade 
lignocellulosic plant cell walls. For a recent review see Arantes et al.102 The radicals 
generated by Fenton chemistry are promiscuous and nonspecific. This latter point seems 
counter to the distinct substrate specificities demonstrated by LPMOs to date (discussed 
below).

2.3. Nomenclature and Carbohydrate Active Enzyme Database

2.3.1. LPMO Families—In 1991, Henrissat and co-workers initiated an amino acid 
sequence-based classification of glycosyl hydrolases that resulted in the Carbohydrate 
Active Enzymes (CAZy) database (http://www.cazy.org).103 Starting with a total of 301 
sequences classified into 35 glycosyl hydrolase families, the CAZy database has developed 
into an authoritative resource for the annotation and classification of sequences of proteins 
and enzymes that interact with carbohydrates.104 The advent of genome sequencing has 
caused a large increase in the number of publicly available sequences, and in early 2014 the 
database held close to 340,000 sequences divided over six major classes (Glycoside 
Hydrolases, Glycosyl Transferases, Polysaccharide Lyases, Carbohydrate Esterases, 
Auxiliary Activities, and Carbohydrate-Binding Modules).104 Note that the CAZy database 
only includes sequences from finished GenBank entries and that additional sequences can be 
found in unfinished genomes.105

An additional source for protein sequence information that can be complementary to the 
CAZy database is the Protein Family database (PFAM).78 The number of sequences in a 
selected enzyme family can differ by an order of magnitude between the two databases, 
possibly caused by differences in search models and curation.

LPMOs have been assigned to the Auxiliary Activities class in the CAZy database, which is 
made up of a number of redox enzyme families involved in the degradation of 
lignocellulosic substrates.73 Within this class are the LPMO families AA9 (formerly GH61), 
AA10 (formerly CBM33), AA11, and AA13. (Family AA12 contains the non-LPMO 
auxiliary activity pyrroloquinoline quinone-dependent oxidoreductase.) LPMOs display low 
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sequence homology between families but share a common β-sandwich immunoglobulin-like 
fold.105–107 A recent bioinformatics study has presented evidence for a new LPMO family, 
tentatively named LPMO14.71

AA9 is a family with about 2500 annotated sequences that display low overall sequence 
homology.108 Phylogenetic analyses of these classifications have resulted in further division 
into three subfamilies within the AA9 family.76,109 For some CAZy families, the separation 
into subfamilies indicates differences in substrate specificity,104 but for AA9 LPMOs, 
subfamily classification is based on differences in reaction specificity, i.e., oxidation of 
either C1 or C4 of the glucopyranose ring, discussed above.110 Sequence homology studies 
reveal that while most sequences consist of a single AA9 domain, about 20% contain a C-
terminal linker and CBM1 module, the latter of which are fungal cellulose-binding domains.

In contrast to the AA9 family, the AA10 family (formerly CBM33) contains two 
phylogenetic clades that are distinguished by their substrate specificity for chitin or for 
cellulose.76 This is in agreement with the remark by Vu and Marletta that distinct active-site 
differences between AA10 enzymes with different substrate specificities support the further 
separation into two subfamilies.8

The known AA11 sequences have a mix of active-site features found in AA9 and AA10 
LPMOs and can be further separated into two subfamilies through bioinformatics analysis.
111 However, only the specificity for chitin of the larger subfamily has been determined.107

The PFAM database listed fungal CBM33 sequences with C-terminal starch-binding 
CBM20 domains, providing a hint of LPMO substrate reactivity beyond straight 
polysaccharides like cellulose and chitin.78 Today, these LPMOs are classified in a separate 
family, referred to as AA13 LPMOs, and three phylogenetic subfamilies have been identified 
within this family.105

An additional LPMO family, named LPMO14 by the authors, has been identified by Voshol 
et al. after constructing sensitive and specific Hidden Markov Models and subsequent 
genome mining.71 Members of this family are found predominantly in fungi as well as in a 
plant pathogenic protist, bivalves, sea anemones, and stony corals. In addition, the search 
models found significant hits for the presence of LPMOs in the genome of D. melanogaster.

2.3.2. Substrate Specificities—AA9 enzymes have reported activities on substrates with 
a β-1,4-linked glucose backbone found in plant cell walls, such as cellulose, xyloglucan, and 
glucomannan.92,93,100,112–117 Another AA9 member, MtLPMO9A, was also shown to 
oxidize xylan oligosaccharides when xylan was associated with cellulose (oxidized cellulose 
products were most abundant).118,119

Reported substrate affinities for AA10 LPMOs include α- and β-chitin.3,87,120–123 Others 
are active on both β-chitin and cellulose and yet others are reported to be cellulose specific.
124,125 Chitin- and cellulose-specific AA10 enzymes fall into separate phylogenetic clades.76 

Horn et al. commented on the diversity of modular topologies observed for AA10-containing 
enzymes126 and suggested that the associated modules indicate that AA10 activity can be 
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associated with glycosyl hydrolases or targeted to a wide range of substrates including 
cellulose, chitin, xylan, and mannan.

The single characterized AA11 LPMO from Aspergillus oryzae was active on squid pen 
chitin.107 Known AA11 sequences can be separated into two subfamilies based on 
bioinformatic analysis.111 Chitin activity has only been demonstrated for the larger 
subfamily.107 AA13 starch-active LPMOs have reported activities on polysaccharides 
containing an α-1,4-linked glucose backbone such as amylose, amylopectin, and starches.
105,127 For the putative LPMO14 family, the authors draw from genomic clustering and 
transcriptomic data and propose involvement of its members in the degradation of glucans 
and pectin.71

2.3.3. Reaction Specificities—The structural repeating unit of both cellulose and chitin 
is a disaccharide of glucose or acetylglucosamine, which are shown in Figures 2A and 6A, 
respectively. The pyranose rings of the disaccharide are rotated by 180° around the axis of 
the cellulose or chitin chain. Glycosidic oxygens are flanked by C1 and C4 atoms of 
adjacent sugar residues. In the case that cellulose or chitin chains are on top or bottom of a 
polysaccharide fibril, the glycosidic oxygens alternate between exposure to the solvent and 
burial in the cellulose crystal. When the oxygen atom is buried, both C1 and C4 atoms are 
exposed for oxidative cleavage of the glycosidic bond (Figure 8).

In principle, oxidation could occur at either the C1 or the C4 position, leading to different 
products as illustrated in Scheme 1. Analysis of the oxidized products of LPMO activity has 
been reported for several LPMOs from different families, including SmLPMO10A (CBP21), 
a chitin-active AA10 enzyme.3 The oxidative activity of SmLPMO10A was apparent from 
formation of the C1 lactone of glucosamine that would hydrate to an aldonic acid at pH 
above 3.5. Phillips et al. studied AA9 LPMOs from N. crassa and communicated that some 
LPMOs preferentially formed aldonic acids while others produced keto sugars.129 Two 
LPMO reactivities were proposed: PMO1 enzymes preferentially oxidized at the C1 
position, while PMO2 enzymes selectively oxidized at the C4 position. Beeson et al. 
proposed that the keto sugars formed by PMO2 enzymes were indeed the result of oxidation 
at C4 (Scheme 1).128 They describe the reduction of isolated reaction products of AA9 
PMO2 NcLPMO9D (NCU01050, PMO2, GH61–4) with sodium borohydride and hydrolysis 
by trifluoroacetic acid and reported that upon reduction of the C4-keto sugar a racemic 
mixture of glucose and galactose was formed. Eventually, three classifications were 
proposed based on reaction specificities within family AA9.110 PMO1 enzymes act on C1, 
PMO2s are specific for C4, and PMO3 enzymes oxidize both C1 and C4. Oxidation at the 
C6 position by LPMO action has been proposed based on mass spectrometry data of 
oxidized products.92,130 However, products of hypoiodite treatment of LPMO oxidation 
products were not consistent with the assignment of C6 oxidation.128 The capacity of 
LPMOs to oxidize the C6 position has therefore not been definitively proven.

Forsberg et al. described that, in all cases, AA10 enzymes oxidized at either C1 or both C1 
and C4.125 Similar information is also available for the other AA families. It has been 
reported that AA11 LPMO from A. oryzae reportedly oxidizes the C1 position of acetyl-
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glucosamine and perhaps also C4, although the latter has not been conclusively determined. 
107 Last, to date, all reported AA13 enzymes oxidize the substrate C1 position.105,127

2.4. Industrial Enzymes

LPMO genes are regularly found in the genomes of Ascomycete and Basidomycete fungi, 
with the number of LPMO-encoding genes in fungal genomes varying from a few to several 
dozen. The large diversity and frequent occurrence of these enzymes may reflect the array of 
possible naturally occurring carbohydrate structures outlined above. Fungal enzymes have 
been studied for commercial use for over a century. Takamine studied A. oryzae amylase for 
starch processing and was granted a U.S. patent in 1894.131 In 1964, U.S. patents on the use 
of fungal cellulases, including those from Trichoderma and Aspergillus, were granted.132,133 

Nowadays, the use of enzymes in industrial processes is well established and 
polysaccharide-degrading enzymes find applications in a number of industries, including 
paper and pulp, textile processing, baking, animal feed, beverage, and biofuels.134–136 Table 
2 highlights a few species of particular industrial relevance, especially with regard to 
saccharification of lignocellulosic biomass.

Many industrially relevant fungi that have been studied for their capability to degrade 
lignocellulosic biomass substrates encode LPMOs in their genomes. Furthermore, when 
grown on biomass substrates, LPMO enzymes will be present in secretomes. In the next 
section, we review aspects relating to LPMO activity for use in applications.

3. INDUSTRIAL USE OF LPMOS

3.1. Industrial Significance

Lignocellulosic biomass represents an alternative source for fuels and materials and has the 
potential to replace fossil fuels as we strive to become a sustainable and carbon-neutral 
society. Cellulose is the major structural polysaccharide of plant cell walls and is the most 
abundant and readily accessible source of renewable organic carbon on the planet. The 
enzymatic conversion of cellulose to glucose provides a carbon source for the 
biomanufacturing of fuels and chemicals. To this end, some LPMOs have been used in 
concert with cellulases to degrade of lignocellulosic biomass substrates, such as acid-
pretreated corn stover95 and milled birch wood,97 and have been reported as components of 
certain commercial enzyme cocktails for the production of ethanol from lignocellulosic 
biomass.11 In the following paragraphs we will address the electron requirement for LPMO 
activity as well as the fundamental and applied protein engineering studies to investigate 
LPMO function.

3.2. Reported Electron Donors

3.2.1. Overview—The catalytic mechanism of LPMOs remains unclear and, as such, has 
yet to be described in detail. Current mechanistic proposals (described in section 5) require 
either stoichiometric single-electron reduction for each catalytic turnover with oxygen as the 
cosubstrate or a single priming reduction of the active-site copper with peroxide as the 
cosubstrate. Several possible donors that may act as the source(s) of these electrons are 
outlined below (Figure 9).
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3.2.2. Small Molecules—Several small molecule reductants have been used in vitro. In 
2010, Vaaje-Kolstad and co-workers used ascorbic acid and glutathione to provide electrons 
to SmLPMO10A (CBP21) in a description of LPMO activity.3 Many studies have employed 
ascorbic acid as the reducing agent. Other small organic compounds such as hydroquinone, 
catechin, and gallic acid have also been shown to provide electrons to LPMOs.92,119,149 

However, Frommhagen et al. demonstrated that LPMOs may have not only a carbohydrate 
substrate specificity but also a reducing agent specificity (see section 5.4).5 This is an 
important consideration for industrial applications as the ideal reducing equivalents in 
industrial processes are bulk chemicals or already present in the substrate.

Lignin-derived compounds, abundant in many biomass feedstocks, have been identified as 
additional electron sources for LPMOs. This point was confirmed by Dimarogona et al., who 
reported the enhanced activity of a heterologously expressed LPMO from M. thermophila 
upon addition of lignin from several sources.150 Westereng and colleagues showed that high 
molecular weight lignin can function as a reservoir of electrons and that reducing 
equivalents can be donated to LPMOs via long-range electron transfer mediated by soluble 
low molecular weight lignins present in plant cell walls.6

A chemical treatment of lignocellulosic biomass may be used to reduce biomass 
recalcitrance before enzymatic treatment.59 Pretreatment of carbohydrate materials can 
affect the presence of potential reducing agents in the substrate. Acid-or base-dependent 
pretreatment methods will not remove lignin and lignin breakdown products that could act as 
electron sources. Alternatively, delignifying and extractive techniques such as organosolv 
and ionic liquid pretreatment will result in a cleaner cellulose substrate, potentially making it 
necessary to add an external electron donor for LPMO activity.151,152 Rodríguez-Zúñiga et 
al. measured the impact of LPMO addition to cellulase mixtures in the degradation of 
hydrothermally pretreated corn stover, sugar cane bagasse, and wheat straw, as well as on 
alkaline and organosolv-pretreated sugar cane bagasse.151 Interestingly, the greatest impact 
from LPMO (and the most oxidized glucose detected) was with hydrothermally pretreated 
biomasses. We discuss the alternative enzymatically produced reducing equivalents that are 
able to generate electron donors in situ below.

3.2.3. Cellobiose Dehydrogenase—Bao et al. reported that cellobiose dehydrogenase 
(CDH) from Phanaerochete chrysosporium enhances the hydrolysis of Sigmacell type 50 
microcrystalline cellulose by Trichoderma cellulases.153 CDHs have been linked to lignin 
degradation and proposed providing electrons for Fenton chemistry.154 A link between 
CDHs and LPMOs in vivo has been demonstrated.93 CDHs are flavocytochromes containing 
a heme b-binding cytochrome domain (CYT) connected by a flexible linker to a flavin 
adenine dinucleotide (FAD)-binding dehydrogenase domain.155 CDHs have been divided 
into two main classes. Class I CDHs are produced by basidiomycetes and lack additional 
domains, whereas class II CDHs occur in ascomycetes with class IIA having a type 1 
carbohydrate-binding module (CBM) and class IIB that lacks a binding domain.156 CDHs 
catalyze the oxidation of the disaccharide cellobiose (Figure 10) as well as other 
oligosaccharides and transfer electrons to external electron acceptors via interdomain 
electron transfer from the reduced FAD to CYT heme b. This process presumably occurs by 
single-electron-transfer (ET) events, followed by ET from CYT to the external electron 
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acceptor. Langston et al. showed that addition of Humicola insolens CDH boosted T. 
terrestris LPMO activity and that the combination of an LPMO with a CDH from T. 
terrestris increased the performance of various cellulases by approximately 2-fold on 
cellulose substrates.157 Active combinations of CDHs and LPMOs from different species 
have been reported, and in some cases CDHs from several fungi have been shown to provide 
electrons for LPMOs.93,110,119,130 More recently, Loose et al. demonstrated activation of a 
bacterial AA10 LPMO by a CDH from the fungus Myriococcum thermophilum.158 The 
interactions of CDH with LPMOs are discussed further in sections 4 and 5.

Although CDHs have the potential to serve as electron donors, their activity results in the 
formation and accumulation of cellobionolactone. Fortunately, there are β-glucosidases 
(BGLs) present that can hydrolyze cellobiose and cellobionolactone, the latter of which 
hydrates to gluconic acid (Scheme 1) and results in accumulation of gluconolactone or 
gluconic acid (Figure 10).159

Although the cellobionolactone and gluconolactone have relatively short lifetimes in 
solution, these compounds are strong inhibitors of some cellulases, potentially reducing the 
efficiency of the saccharification process.160 Alternatively, to circumvent the accumulation 
of lactones, some organisms produce aldonolactonase to drive the reaction to the acid and 
avoid accumulation of lactones.161,162

CDHs can be beneficial for saccharification efficiency under certain conditions; however, the 
cellobiose oxidized by CDH is formed at the expense of one unit of glucose and will impact 
the final titer of reducing sugars.163 The economics of biorefinery applications that utilize 
CDH might benefit from a fermenting organism that, in addition to reducing sugars, is able 
to utilize the CDH-derived product gluconic acid.

In addition to the inhibitory effect of the oxidized products and the reduction in glucose 
yield, gluconic acid accumulation may also acidify the hydrolysate that will have to be 
neutralized by base addition, adding to the cost of the process. Therefore, the level of CDH 
activity for use in industrial saccharification requires careful consideration.163

3.2.4. PQQ-Dependent Oxidoreductases—Matsumura described an extracellular 
Pyrroloquinoline quinone (PQQ)-dependent oxidoreductase in the basidiomycete 
Coprinopsis cinerea.164 Similar to some CDHs, the PQQ-dependent dehydrogenase contains 
a type 1 CBM domain for adsorption on cellulose as well as a cytochrome domain. However, 
in PQQ-dependent oxidoreductases, the flavin domain is replaced by a PQQ-dependent 
sugar dehydrogenase domain. Takeda concluded that the cytochrome domain of CcPDH 
possesses similar biophysical properties to those of CDH. However, unlike CDH, CcPDH 
prefers monosaccharide substrates. This finding combined with binding studies reveals a 
high binding affinity of CcPDH for cellulose, suggesting that CcPDH function is related to 
the enzymatic degradation of plant cell walls.146

3.2.5. Cytochrome Domains—Yoshida identified a single cytochrome domain secreted 
by Phanerochaete chrysosporium. 165 The hemoprotein, similar to the cytochrome domain of 
CDH, consists of an N-terminal cytochrome domain and a C-terminal family 1 
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carbohydrate-binding module (CBM1). The heterologously expressed carbohydrate-binding 
cytochrome b562 (CBCyt. b562) was found to be redox active with a redox potential 
(measured by cyclic voltammetry) similar to that of the cytochrome domain of CDH, 
suggesting that the protein may have an electron-transfer function. In a binding study with 
various carbohydrates, CBCyt. b562 was adsorbed with high affinity on both cellulose and 
chitin. Although the protein is redox active and the presence of the CBM1 suggests a role in 
cellulosic degradation, a direct interaction with LPMO has not been reported.

3.2.6. GMC Oxidases and Polyphenol Oxidases—Kracher et al. reported that plant-
derived diphenols, can be regenerated by glucose-methanol-choline (GMC) oxidoreductases 
and that these diphenols are efficient reducing agents for LPMO activity.4 Similarly, 
Garajova et al. reported that single-domain glucose dehydrogenase and aryl-alcohol quinone 
oxidoreductases are catalytically efficient electron donors for LPMOs. These single-domain 
flavoenzymes display redox potentials compatible with electron transfer between partners. 
166 More recently, Frommhagen et al. demonstrated that tyrosinase-like polyphenol oxidases 
are able to generate reducing agents from methoxy-phenolic compounds in a similar 
mechanism.148 By enzymatically converting small organic compounds, possibly derived 
from lignin present in the biomass, reducing equivalents may be generated without the 
oxidation of sugars as with enzymes such as CDH.

3.2.7. Light—Studies by Canella et al. report that photosynthetic pigments can be used to 
provide electrons to LPMOs. The authors show that when LPMOs from Thielavia terrestris 
and T. aurantiacus as well as a bacterial LPMOs from Thermobifida fusca were exposed to 
light in the presence of pigments and reducing agents, activity was enhanced and substrate 
specificity was broadened.147 More recently, others have challenged this interpretation and 
have instead proposed that photosynthetic pigments generate peroxide under the conditions 
tested and that peroxide, not O2, is an efficient substrate for LPMOs (see section 5).167 

However, work by Möllers et al. showing that catalase addition (to reduce peroxide) does not 
reduce the effect of the photosynthetic pigment system seems to contradict this argument as 
it relates to peroxide formation by photosynthetic pigments.168 Although more research is 
needed to establish a mechanism for light-induced reduction of LPMOs, the use of light as 
an energy source in an industrial saccharification would have significant consequences for 
the design and operation of a reactor.

3.3. LPMO Activity Determination

Accurate determination of the activity of LPMOs allows for greater understanding of 
enzyme function and for improvements in enzyme efficiency through protein engineering. 
Unfortunately, the direct measurement of LPMO activity is challenging because of the 
insolubility of the substrates and products and the specialized analytical tools required to 
measure oxidized products formed and to distinguish them from product formation by 
hydrolytic enzymes.169

3.3.1. Reports of Hydrolytic Activity—Saloheimo reported the direct detection of 
endoglucanase activity for T. reesei LPMO9A (HjLPMO9A, EG4) expressed in 
Saccharomyces cerevisiae,115 which was also reported after expression in T. reesei113 and 
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Pichia pastoris.170 These reports served as the basis for its classification as endoglucanase 4 
(EG4) and Cel61A, placing the enzyme in a cellulosic glycosyl hydrolase family 61. 
Hydrolytic activity on carboxymethyl cellulose (CMC) has been reported for an Aspergillus 
nidulans LPMO9 (AN1602.2) expressed in P. pastoris,114 an Aspergillus kawachii LPMO9 
with and without the cellulose-binding module,112 and for HjLPMO9A expressed in P. 
pastoris, the latter of which also showed cellooligosaccharide hydrolytic activity.170,171 

Oxidative cleavage by LPMO was confirmed by a combination of chromatographic methods 
and mass spectrometry,3 and oxidative activity for HjLPMO9A has been observed.172

3.3.2. Indirect Measurement of Activity—The activity of LPMOs has often been 
measured by the enhancement of other cellulolytic enzymes with known hydrolytic activity 
in lignocellulosic biomass, where lignin components act as external electron donors.95

Using a method that coupled peroxide formation by N. crassa LPMOs to horseradish 
peroxidase and Amplex Red, Kittl et al. were able to quantitatively assay LPMO activity 
along with large oligosaccharides which were detected by HPLC.99 However, Marinai 
reported that formation of peroxide is largely dependent on the background copper available 
in the assay.173 Loose et al. observed a tight coupling of the cellobiose dehydrogenase as an 
external electron donor and the activity of a chitin active LPMO and proposed the indirect 
measurement of LPMO activity via the consumption of cellobiose or lactose.158 Similarly, 
efforts by Yu et al. to measure the activity of chitin-active LPMOs rely on monitoring the 
consumption of ascorbic acid.174 All of these methods are dependent on a tight coupling to 
other activities and require that those other activities are not limiting. Although not readily 
available, a direct measure of activity will not have these limitations.

3.3.3. Direct Measurement of Activity—Span et al. used an oxygen electrode to 
directly measure dioxygen consumption during the oxidation of cellulose by MtLPMO9.175 

This same study also reported peroxide formation in the absence of cellulose and showed 
that formation of peroxide was not a significant contributor to dioxygen consumption. While 
measuring direct consumption of a reactant may seem simple, a level of care was taken in 
this study given the diverse reactivity of dioxygen.

Quinlan et al. and Westereng et al. reported measurement of LPMO activity by monitoring 
the enhancement of glucose release by a β-glucosidase using MALDI mass spectrometry as 
well as by direct detection of oxidized cello-oligosaccharides via chromatographic methods.
92,176 In both cases, these methods are efficient but require appropriate instrumentation. 
Hansson et al. use high-performance anion exchange chromatography (HPAEC) to detect 
products formed from phosphoric acid -swollen cellulose (PASC) by HjLPMO9A and 
present quantitation of HjLPMO9A activity based on measuring the reduction of light 
scattering as PASC is depolymerized.177

The insolubility of substrates and products make activity measurement analytically 
challenging. Researchers have turned to atomic force microscopy, solid state NMR, high-
performance size exclusion chromatography coupled with light scattering and refractive 
index detection (Villares et al.), and confocal microscopy (Eibinger et al.) to directly 
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measure changes to cellulose fibers after treatment with Podospora anserina LPMO9H 
(PaLPMO9H).178,179

Frandsen et al. measured substrate saturation of Lentinulis similis LPMO9A with a 
cellotetraose FRET-based substrate.180 The turnover rate for reaction with this substrate is 
~1 s−1, similar to those reported for other LPMOs and hydrolytic cellulases acting on 
crystalline cellulose.3,169,181,182 However, it is important to note that this substrate is only 
useful for LPMOs capable of interacting with soluble cello-oligosaccharides.

3.4. LPMO Protein Engineering

Protein engineering of LPMOs has been carried out by both academic and industrial 
research groups. Some of these studies were carried out to map substrate-binding behavior 
and active-site properties to features observed in protein crystal structures. Protein 
engineering was also used to aid understanding of the function of modular enzyme domains 
as they pertain to the activity and substrate interaction of LPMOs.

3.4.1. Identification of Catalytic Sites—The structural features of LPMOs have been 
characterized (see sections 4 and 5), and protein engineering has helped correlate structural 
features with function. Vaaje-Kolstad et al. identified six amino acid sites important for 
substrate binding to the chitin-active SmLPMO10A (CBP21) from S. marcescens.183

Harris and co-workers used protein crystallography to identify metal-binding ligands and 
active-site residues in T. terrestris LPMO9E (TtLPMO9E).95 In order to gain insight into the 
roles of these residues in enzyme function and catalysis, site-selective mutagenesis studies 
were employed. These studies revealed that substitution of either of the metal-coordinating 
histidines (His-1 or His-68) abolished activity as tested in a biomass saccharification assay. 
Likewise, the H1A substitution in T. fusca LPMO10A eliminates activity and cellulose 
binding.184

The substitution of the AA9 family conserved tyrosine at position 153 to phenylalanine near 
the metal-binding site of TtLPMO9E resulted in an 85% reduction in performance relative to 
wild type.95 Analogous variants Y177F Tf LPMO10A and Y190F Neurospora crassa 
LPMO9E (NcLPMO9E, NCU08760) exhibited 71% and 50% reductions in activity relative 
to wild-type enzyme when acting on bacterial microcrystalline cellulose or phosphoric acid 
swollen cellulose, respectively.184 Phenylalanine is largely conserved at the analogous 
position in the family AA10. Substitution of F219 to A or Y (numbering starting with the 
first histidine at position 35) in Streptomyces coelicolor LPMO10C (CelS2) resulted in low 
or no detectable activity on phosphoric acid swollen cellulose.125

Interestingly, substitution of the second-sphere residue glutamine 151 to glutamate (or 
asparagine or leucine) that interacts with tyrosine at position 153 was reported to eliminate 
performance completely in TtLPMO9E.95 Marletta et al. studied the role of the analogous 
glutamine residue in NcLPMO9E and reported a large reduction in activity on phosphoric 
acid swollen cellulose for the Q188A NcLPMO9E variant.185 The importance of these 
residues in the hydrogen-bonding network surrounding the metal ion is discussed in more 
detail in section 5.1.

Meier et al. Page 18

Chem Rev. Author manuscript; available in PMC 2018 June 01.

A
u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t



3.4.2. Modules and Mini-Cellulosomes—Carbohydrate-binding modules (CBMs) can 
modulate the activity of catalytic domains by altering the binding affinity for substrate. 
Crouch et al. genetically deleted the family 2 CBMs from Cellulomonas fimi LPMO10 (Cf 
LPMO10) and Thermobispora bispora LPMO10 (TbLPMO10) or replaced the CBMs with 
CBMs from other proteins.186 The effect of removing the CBM or the replacement of the 
native CBM with a non-native one was dependent on the catalytic domain and the form of 
the cellulose substrate (i.e., phosphoric acid swollen cellulose, Avicel, or bacterial 
microcrystalline cellulose). Hansson et al. show that the removal of the CBM1 domain from 
HjLPMO9A does not alter the active site but does reduce the activity and cellulose binding 
relative the full-length protein.177 Borisova and co-workers removed the CBM1 from N. 
crassa LPMO9C (NcLPMO9C) which resulted in reduced activity on tamarind xyloglucan 
by 50% with no change in the activity on phosphoric acid swollen cellulose.182 The binding 
affinity of the variant without the CBM1, determined by isothermal titration calorimetry, was 
decreased for both substrates relative to the wild-type NcLPMO9C. These studies indicate 
that CBMs can have a significant effect on LPMO catalysis and that their roles are not the 
same for all catalytic domains or all substrates.

Kruer-Zerhusen analyzed the significance of the domains of T. fusca LPMO10B (Tf 
LPMO10B, also called TfAA10B or E8).184 The cellulose-active Tf LPMO10B is composed 
of an N-terminal catalytic domain, a central X1 (Fn3) domain, and a CBM2 domain. The 
removal of the central X1 domain does not alter the activity or cellulose binding of the 
resulting Tf LPMO10B variant. Variants with the CBM2 domain removed or both the X1 
and the CBM2 domains removed displayed 10–20% residual binding and 50–60% residual 
activity compared to that of wild type, respectively. The activity of this enzyme seems to be 
completely independent of the X1 domain, the role of which has not yet been identified.

Arfi et al. engineered artificial cellulosomes to contain two LPMOs from T. fusca.187 A 
variety of engineered scaffoldins were used to assemble a variety of chimeric enzymes. 
These chimeric enzymes included engineered hydrolases (GH5 and GH48 families) and T. 
fusca LPMO10A (Tf LPMO10A, also called TfAA10A or E7) and T. fusca LPMO10B 
(TfAA10B or E8). The dockerin domains are attached at the C-termini of TfLPMO10A and 
Tf LPMO10B with or without a linker and in the case of Tf LPMO10B with and without X1 
(Fn3 domain). The inclusion of Tf LPMO10A or Tf LPMO10B in assembled artificial 
cellulosomes improved degradation of cellulose by 70%. Assembly of the enzymes into 
artificial cellulosomes resulted in a 1.7-fold increase of soluble sugar relative to the free 
enzymes.

Liang et al. constructed an artificial mini-cellulosome with the LPMO from T. aurantiacus 
and the CDH (see section 3.2.3) from H. insolens attached with other cellulases to the 
surface of yeast as an engineered complex for consolidated bioprocessing. 188 The artificial 
cellulosome is assembled by engineering cellulases, CDH, and LPMO to contain dockerin 
domains. These proteins are then allowed to assemble into specific cohesin scaffolds that are 
linked together and to an Aga2 protein that tethers the complex to the surface of yeast via an 
interaction with the α-agglutinin mating adhesion receptor. Liang et al. mention the potential 
difficulty of providing enough oxygen to the CDH/LPMO enzyme system while sustaining 
fermentation conditions that allow yeast to produce ethanol efficiently. However, yeast 
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expressing the mini-cellulosome are able to grow on phosphoric acid swollen cellulose as a 
carbon source.

4. TERTIARY PROTEIN STRUCTURES

4.1. Overall LPMO Architecture

The multiple structures of LPMO enzymes available show that the enzyme families share a 
core immunoglobulin-like β-sandwich topology in which certain individual β-strands are 
connected by loops of variable length and structure. 95,105–107,183 Also common to LPMOs 
with known structures is a relatively flat surface containing the catalytic site with a 
mononuclear copper center. In LPMOs active on noncrystalline substrates, this flat surface is 
less pronounced. The copper atom of LPMOs is coordinated by two conserved histidine 
residues, one of which is the N-terminal residue and binds bidentate through the imidazole 
side chain and the amine of the N-terminus.92,93,120,189 This motif is referred to as the 
histidine brace (discussed in more detail in section 5).92

An early structure of an LPMO, at the time known as CBM33 (AA10), was that of 
SmLPMO10A (CBP21) from the bacterium S. marcescens (Figure 11A) and was published 
in 2005. The fold was described as a “budded” fibronectin type III fold (fnIII), which is 
named after the third β-sandwich domain of the glycoprotein fibronectin. The “bud” referred 
to a three-helix insert between β1 and β2, which comprise one of the β-sheets within the β-
sandwich (Figure 11A).183

With the first publication of structures of fungal LPMOs (at the time known as GH61 
proteins, see Figure 11B), a functional link between the SmLPMO10A and the fungal 
LPMOs was suggested based on the fold similarities.95,106 In addition to the observed 
structural similarities, Harris and coworkers95 reported enhancing effects in cellulose 
degradation similar to what had previously been shown for SmLPMO10A in chitin 
degradation.79 In their review, Frandsen and LoLeggio pointed out that the β-sandwich by 
itself is not a unique fold.9 They further remark that the observed backbone fits of the β-
sandwiches of the SmLPMO10A enzyme and of another AA10 enzyme, Jonesia 
denitrificans LPMO10A (JdLPMO10A) to a non-LPMO (the MG2 domain of human 2-
macroglobulin) were “remarkable despite the absence of an obvious functional relationship”.
123,183,1909 This may be explained, in part, by the fact that the fnIII fold is a variant of the 
immunoglobulin-like β-sandwich fold, which is one of the most commonly occurring 
protein folds and have multiple examples in the Structural Classification of Proteins (SCOP) 
protein fold classification database.191

4.1.1. LPMO AA Families

4.1.1.1. AA9: According to the Protein Data Bank, the structures of 11 different AA9 
LPMOs from seven different fungal species have been reported to date (Table 3).
92,95,106,172,177,180,182,189,192,193

Li and co-workers suggested that AA9 LPMOs can be divided into three types: type 1, type 
2, and type 3.192 This classification was based on a phylogenetic analysis, for which 
sequence divergences between the three suggested types were shown to reflect distinct 
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structural differences between T. terrestris LPMO9E (type 1), N. crassa LPMO9D (type 2), 
and LPMO9M (type 3).95,192 The three types are illustrated in Figure 12. This classification 
was refined by Vu et al., and the differences in regioselectivity of AA9 LPMOs were found 
to be related to the three types.110 This classification was further refined by Moses et al. in a 
bioinformatic study and was included as three separate clusters (6, 7, and 8) in the larger 
structural classification of all LPMOs defined by Vaaje-Kolstad and co-workers in a review 
on the structural diversity of LPMOs.10910 Although there are large structural variations 
among AA9 LPMOs, these differences are localized to two regions, the L2 and L3 regions 
(colored yellow and red, respectively, in Figure 12). In type 1 AA9s, both the L2 and the L3 
regions are shorter than those observed in type 2 and type 3 LPMOs. Additionally, the L2 
region commonly lacks aromatic residues, while there are solvent-exposed aromatic residues 
in the L3 region and also in a loop region close to the C-terminus (LC region; colored green 
in Figure 12). Harris and co-workers noted that the orientations of the surface-exposed 
tyrosines in T. terrestris LPMO9E were structurally analogous to those of family 1 cellulose-
binding module (CBM1) from T. reesei CBH1. Substitution of Tyr-192 in the LC region of 
of TtLPMO9E (analogous to Y31 of TrCBH1) reduced performance to about 30% that of 
wild type, supporting the proposal that cellulose substrates bind at the surface of 
TtLPMO9E. Type 1 is usually described as having a CBM1-like arrangement of altogether 
three aromatic residues on the flat surface containing the active site (see section 4.2.1 for 
examples of the arrangement of aromatic residues in CBM modules).95 The type 2 LPMOs 
have a longer loop insert in the L3 region, forming a more pronounced broad surface on one 
side of the active site. Aromatic residues suggested to be involved in substrate recognition 
are present on three sides of the catalytic site, in loops L2 and L3 and in the LC region. At 
present, AA9 LPMOs known to be active on soluble substrates, such as 
cellooligosaccharides, are of this type. Type 3 LPMOs are characterized by a longer flat 
surface formed by a large L2 region, with aromatic residues at each end of the flat surface in 
the L2 and the LC regions. As reported by Vu and co-workers, the classification also reflects 
the regioselectivity of AA9 enzymes, so that type 1 enzymes mainly oxidize the C1 position 
of the cellulose polymer, type 2 enzymes mainly oxidize the C4 position, and type 3 
enzymes showed mixed behavior by being able to oxidize both C1 and C4 positions; 
however, there are exceptions. For example, M. thermophila LPMO9, which was reported as 
a strict C1 oxidizer, may form a subgroup of the type 3 LPMOs.110 Interestingly, the same 
study showed that a mutant type 3 LPMO from N. crassa, lacking key parts of the L2 region 
loses much of its ability to oxidize the C4 position. Similarly, Danneels et al. observed that 
substitutions of two surface-exposed aromatic residues located near the L2 region of 
HjLPMO9A resulted in variants that produce more C1-oxidized products of cellulose, 
whereas substitution of Y211 to alanine resulted in a variant that yielded more C4-oxidized 
products.195 Both of these observations indicate that there are determinants for 
regioselectivity within the L2 region.

4.1.1.2. AA10: Fourteen different structures of proteins from the AA10 family (listed in 
Table 4) have been published in the Protein Data Bank, both with X-ray crystallographic and 
with NMR methods. Eleven of these are of bacterial origin and are functional in the 
oxidation of biomass.120,121,123,124,183,196–201 There are also three proteins of viral origin 
classified as AA10.80 These are all from insect poxviruses, in which the LPMO domain 
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plays a role as part of the spindle protein fusolin, essential for the virus to infect its target 
insect and has been suggested to cause disruption of the chitin-rich peritrophic matrix in the 
insect gut (Figure 13D).80,202

Despite sharing a common topology and copper active site, sequence identities between 
bacterial (AA10) and fungal (AA9) LPMOs are often low, e.g., 16.5% between 
SmLPMO10A and HjLPMO9B.106 While AA9s contain cellulose- and hemicellulose-active 
LPMOs, the AA10 family contains LPMOs active on both chitin and cellulose. Thus far, the 
chitin-active AA10 LPMOs have been shown to produce C1-oxidized products. AA10 
LPMOs active on cellulose have been characterized to be either mixed C1/C4 oxidizers or 
strict C1 oxidizers, though two AA10 LPMOs active on both chitin and cellulose produce a 
mixed C1/C4 product from cellulose while only C1-oxidized products from chitin. This is an 
empirical correlation for regioselectivity, and more data may alter this picture. In a review on 
the structural diversity of LPMOs, Vaaje-Kolstad and co-workers suggested a structure-
based classification of all LPMOs into 9 clusters, of which the AA10 enzymes were divided 
into four clusters.10 While chitin-activity seems a more general theme for AA10 LPMOs, 
activity has been shown for enzymes belonging to only three of the clusters. Cellulose-active 
AA10 LPMOs have only been reported for one of the clusters. Most of the variation between 
AA10 enzymes (Figure 13) occurs in the region/loops connecting the first β-strand to the 
third β-strand, referred to as L2 (for loop 2). Cluster 1 contains only chitin-active LPMOs, 
while cluster 2 contains both chitin-active and cellulose-active LPMOs. Cluster 3 contains 
only one known member, which is active on chitin. The AA10 domains found in the spindle 
proteins from insect poxviruses fall into cluster 4, for which both the substrate and the 
regioselectivity are unknown.

4.1.1.3. AA11: AA11 LPMOs comprise a family of chitin-active LPMOs of fungal origin 
that share an overall fold similar to that of AA9 LPMOs (Figure 14). Less than 20 members 
are currently classified in this family, and of these, those with published crystal structures 
are listed in Table 5. This LPMO family was identified using what Hemsworth et al. referred 
to as “module walking” where they pointed out a sequence motif, “X278”, among AA9-like 
sequences and found that this motif also occurs among modular chitinase sequences that 
have a GH18 catalytic domain.107 They expressed and determined the structure of one such 
protein from A. oryzae and demonstrated copper binding.107 They also made the observation 
that the proposed binding surface lacked aromatic residues which, while similar to AA10 
LPMOs active on chitin substrates, is in contrast to AA9 LPMOs.107 Furthermore, all AA11 
LPMOs characterized thus far have been shown to produce C1-oxidized products, another 
feature similar to AA10 LPMOs active on chitin.

4.1.1.4. AA13: Vu and co-workers showed that N. crassa secretes a protein with a starch-
binding CBM20 motif C-terminally connected to an unknown domain, which had the LPMO 
sequence signatures, e.g., the N-terminal histidine. They also showed that this was an 
enzyme that could degrade starch by oxidizing α-glycosidic linkages at the C1 position, 
analogous to LPMOs from AA9, AA10, and AA11. Together these observations formed a 
base for the AA13 family of the CAZy database.127 The published structure of A. oryzae 
AA13 (PDB ID 4OPB) showed both the β-sandwich and the active-site topology of a typical 
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LPMO (Figure 15A and 15C).105 This protein also bound a copper atom in the active site 
and had the methylated N-terminal histidine similar to that previously found in AA9 LPMOs 
(see section 5.1). Though the AoLPMO13 itself did not have oxidative activity on any starch 
substrates, one AA13 from A. nidulans with ~70% sequence identity to AoLPMO13 within 
the AA13 domain was shown to have oxidative activity on starch substrates. These two 
enzymes are reported to have the same affinity for copper as well as similar EPR spectra, 
thereby verifying that the AoLPMO13 structure is that of the catalytic domain.105 Much of 
the topological and structural divergences from the other LPMOs are localized to the 
residues between the first and the second β-strand. The protein face around the copper atom, 
presumed to be the starch-interacting surface, was less flat than in cellulose-active LPMOs 
and described rather as a groove (illustrated by the black dashed line in Figure 15), 
postulated to accommodate a helical α-1,4-linked glucan substrate (Figure 2; Table 6).

4.2. LPMO Modularity

Most LPMOs with solved 3D structures are single-domain enzymes. The major exception is 
the AA10 V. cholerae colonization factor GlcNAc-binding protein A (GbpA), which has 
been suggested to mediate cell adhesion and has been shown to bind both chitin and mucin.
207 This protein consists natively of four domains, but the structural model (PDB ID 2XWX) 
includes only three: one AA10 domain (VcLPMO10B), one resembling a flagellin domain, 
and a third resembling the FimC-chaperone from the Usher pathway of bacterial pili-
assembly.197 The fourth domain, not included in the structure model, is a chitin-binding 
module. Among fungal enzymes there are also a few other exceptions, namely, N. crassa 
LPMO9A and LPMO9C, T.reesei HjLPMO9A, and also A. oryzae LPMO11, all of which 
contain a carbohydrate-binding module (CBM) in their native forms that has been removed 
genetically and/or enzymatically prior to structure determination.107,177,182,193 On the basis 
of annotated sequences deposited in sequence databases, the dominant architecture of an 
LPMO is that of a single-domain enzyme. According to Horn and co-workers, 30% of the 
AA10 sequences in the manually curated CAZy database contain one or more modules in 
addition to the AA10 LPMO module.104,126,208 In their survey, AA9 LPMOs were found to 
show little variation in modularity despite constituting a family of enzymes with high 
sequence diversity. Of 534 analyzed sequences, 409 were single-domain enzymes while 100 
(19%) had the fungal-specific CBM1 module attached. More recently, Book and co-workers 
made a phylogenetic analysis based on sequences in the CAZy database and found that 31% 
of 184 AA9 sequences contained a known CBM and that the percentage was the same 
among AA10 gene sequences.76 The present data from Pfam suggest that approximately 
24% of the AA10 sequences (annotated as PF03067, LPMO_10) and 18% of the AA9 
sequences (annotated as PF03443, Glyco_hydro_61) contain one or more carbohydrate-
binding modules.78 This percentage is in the same range as the survey by Horn and co-
workers as well as the occurrence of CBM1 in cellulases annotated as GH family 7 
(PF00840), which resemble the AA9s of fungal origin.126 Harris and co-workers pointed out 
that figures based on less curated sequence data may be underestimated due to 
methodological sequencing limitations that create incomplete gene models especially at the 
3′ end where these domains would be linked to the catalytic domain.95
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Horn and co-workers also observed much larger modular variation for AA10 LPMOs. The 
variations in modularity were not restricted to carbohydrate-binding modules but were also 
observed for genes with other kinds of modules as well, including modules with sequence 
motifs related to other enzyme activities, e.g., glycoside hydrolases.126 These observations 
were further investigated by Book and co-workers in their phylogenetic analysis of AA9 and 
AA10 sequences.76

4.2.1. Carbohydrate Binding Modules—Carbohydrate-binding modules (CBMs) are 
structurally discrete modules that form part of a larger multimodular enzyme and can act to 
direct the enzyme to its substrate (for reviews see refs 67 and 211–215). At present, 79 
families of CBMs have been characterized according to the CAZy database.104,208 In a 
recent modified classification, these different families of CBMs can be categorized as 
belonging to one of three types (A, B, or C) based on the shape and degree of 
polymerization of the target ligand.211,212 Type A (Figure 16) have flat glycan-binding sites 
and recognize crystalline surfaces of cellulose and chitin. Type B has glycan-binding sites in 
clefts or grooves to accommodate longer single-glycan chains, e.g., in hemicellulose and 
amorphous cellulose and chitin, and binds in an “endolike” fashion. Type C binds “exolike” 
at the ends of glycan chains.212 For some types of CBMs, disruptive and adhesive roles have 
been shown, though the primary functional roles of CBMs have been suggested to include 
targeting enzymes to the correct part of the substrate and increasing the enzyme 
concentration adjacent to the substrate.216–223

The dominant CBM among AA9 LPMO sequences (Pfam PF03443) is that of CBM1. 
CBM1 is a fungal-specific module of type A known to interact with crystalline cellulose (for 
reviews see refs 67, 224, and 225). Among AA10 LPMOs (Pfam PF03067) there exist both 
chitin-specific CBMs (e.g., CBM5, CBM12, CBM14) and cellulose-specific CBMs (e.g., 
CBM1, CBM2a), which can recognize crystalline substrates. 211,224–228 Recently, a new 
family of CBMs, CBM73, was identified as specific for chitin binding by studies of the 
AA10 LPMO10A from C. japonicus.121 Although there are few publicly available annotated 
sequences for AA11 and AA13 LPMOs, the occurrence of genes containing chitin-specific 
(AA11) and starch-specific (AA13) CBMs together with the observation that they contained 
characteristics of LPMOs ultimately led to the categorization of these two families of 
LPMOs.105,107,127

For H. jecorina cellobiohydrolase Cel7A it was reported as early as 1986 that removing the 
CBM lowered the affinity for crystalline cellulose.229 Reduction in activity and substrate 
binding in comparisons of the same enzyme with and without CBMs can thus be attributed 
to a reduced local enzyme concentration adjacent to the substrate. Such roles of CBMs in 
LPMOs have been investigated and are described in section 3.3.3. In a study to introduce 
LPMO activities in designer cellulosomes, control experiments showed that removal of the 
CBMs from two T. fusca AA10 LPMOs reduced activity on Avicel relative to the full-length 
enzyme.187 In another study, a pair of AA10 LPMOs from Streptococcus coelicolor, 
LPMO10B and the CBM containing LPMO10C (CelS2), were structurally and functionally 
characterized. Comparison revealed that LPMO10C without its native CBM showed 25–
30% of the activity of the full-length enzyme when measured on PASC, though the product 
profile seemed not to be affected by the presence or absence of a CBM.125 While cellulose 
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binding by LPMO10C was greatly diminished without its native CBM, the enzyme bound to 
both α- and β-chitin despite low activity toward those substrates.125 On the basis of these 
observations, the authors conclude that chitin binding by the catalytic domain is 
nonproductive and that the ability to bind the substrate is not necessarily connected to 
substrate activity and/or specificity. For the chitin-active C. japonicus LPMO10A it was 
shown that the two CBMs, one CBM5 and the newly described CBM73, were responsible 
for substrate binding by the enzyme and that the LPMO domain alone bound very weakly to 
chitin.121 Similar to ScLPMO10C, the product profile was the same for both the 
CjLPMO10A catalytic domain alone and the fulllength enzyme.121,124 Crouch and co-
workers further showed that removal of the CBM from C. fimi reduced the activity at least 
2-fold on PASC and bacterial microcrystalline cellulose (BMCC).186 However, when they 
removed the CBM from the similar T. bispora LPMO, most of its activity on PASC and 
Avicel was lost, while activity on BMCC was unaffected. The creation of hybrid enzymes by 
swapping the CBMs between the two LPMOs gave different effects for the two enzymes. 
This was detrimental for the activity on PASC for the T. bispora LPMO but less so for the 
activity on BMCC. For the C. fimi LPMO there was an increase in activity on PASC but a 
reduction in the activity on BMCC.186 While the product profile was not significantly 
affected by the removal of the CBM, module swapping had larger effects that resulted in 
higher amounts of nonoxidized released cello-oligosaccharides. On the basis of these 
findings and the observation that introduction of other non-native CBMs as hybrid enzymes 
affected the product profile, the study authors concluded that the substrate recognition by 
CBMs to some extent can be LPMO specific and that the CBMs may target subtle 
differences on the cellulose surfaces.186

N. crassa LPMO9C has been shown to be active on both soluble cellodextrins and 
xyloglucan.116,119 A recent study looked at a model of NcLPMO9C where the native CBM1 
module had been removed.182 This study used ITC experiments to determine the affinities 
for cellulose and xyloglucan and showed that substrate affinities are higher for the full-
length enzyme than for the LPMO domain alone. The binding isotherm for cellulose was 
also different, indicating two binding sites for the full-length enzyme, one site with higher 
affinity and one with lower affinity, which seemed to be the site present in the CBM1 
deletion model. The product profile and the activity on cellulose, represented by PASC, and 
on cellodextrin did not show any dependence on the CBM, while the activity on xyloglucan 
was much lower for the LPMO domain alone than for the full-length NcLPMO9C. To 
complement these studies, EPR spectra of the full-length NcLPMO9C and the CBM1 
deletion were collected and did not exhibit a dependence on the presence or absence of the 
CBM1 module.182

4.2.2. Linker Region—Multimodular enzymes contain linker regions of various lengths 
that connect the modules/domains to each other. While hydrophobic residues are prevalent in 
the core of proteins, linker regions usually lack hydrophobic residues, resulting in a bias in 
the amino acid composition. For this reason, linker regions are often referred to as low-
complexity regions (LCRs).230 Linker sequences, such as those present in fungal cellulases, 
have been reviewed elsewhere.67 In some carbohydrate-active enzymes of bacterial origin, 
short linkers have been thought to create a longer carbohydrate-binding surface by allowing 
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intimate contact between the catalytic domain and the CBM.231–233 Longer linker regions 
between catalytic glycoside hydrolase domains and CBMs have been proposed to create 
flexibility for the enzyme to bind and act on its substrate. Among fungal cellulases and also 
within AA9 LPMOs the linkers are rich in serine and threonine residues that are targets for 
O-glycosylations, as observed in both cellobiohydrolase I and II (Cel7A and Cel6A) from T. 
reesei. Early studies of these two enzymes using small-angle X-ray scattering (SAXS) 
experiments indicated elongated structures and structural changes upon substrate binding.
234,235 In a more recent study, linkers of both bacterial and fungal origin were compared for 
GH families 6 and 7.236 In this study, O-glycosylation sites were observed to be uniformly 
distributed and were determined to be more common in fungal than in bacterial linker 
sequences. In general, serine, threonine, and proline were more common in linker sequences, 
though proline was twice as common in bacterial linkers as in fungal linkers, and O-
glycosylation sites were more common in fungal linkers. For both fungal and bacterial 
linkers, the amino acid content of serine and threonine was found to increase with linker 
length. The same trend was also observed for proline content in bacterial linkers.236

While there are some studies that have addressed the CBM in LPMOs (see previous section), 
the linker region has not been addressed per se. Recently, the structure of HjLPMO9A (EG4) 
of T. reesei (H. jecorina) was published.177 This structure included 21 residues beyond the 
acknowledged AA9 LPMO catalytic core, which formed an extended loop that wrapped 
around the molecule placing the C-terminus on the opposite side of the LPMO domain 
(Figure 17, magenta). Though the removal of the CBM1 was performed enzymatically, 
genetically truncated variants were also produced with different linker lengths. A variant that 
was similar in length to the enzymatically produced variant was expressed and structurally 
characterized. Studies have concluded that this part of the linker should be regarded as an 
integrated part of the LPMO domain.177 In the case of Lentinus similis LPMO9A, however, 
extra residues are present despite the fact that this this enzyme does not have a native CBM 
(Figure 17B).180

4.3. Glycosylation

Glycosylations are post-translational modifications of proteins and can be of two types: N-
linked, when a glycan is attached to the Nδ2 nitrogen atom of an asparagine residue, or O-
linked, where a glycan is attached to the Oγ of a serine or threonine residue. In secreted 
LPMOs from fungi, N-linked glycan chains begin with a β-linked N-acetylglucosamine 
(GlcNac) residue and O-linked glycans begin with an α-linked mannose. Both types of 
glycosylations also exist in some bacteria.237,238 More glycosidic residues may be attached 
to the protein-linked glycan, but both the type of glycan and the kind of glyocsidic linkage 
may differ depending on the organism.237,239,240 Studies on cellulases have shown that 
while N-linked glycosylations do not seem to be enriched in any particular part of 
multidomain enzymes, O-linked glycosylations are enriched in linker regions.241 There are 
several suggested functions of glycosylations, though for secreted biomass-acting enzymes 
the main functions are thought to be structural, protective, and/or stabilizing. For the 
glucoamylase from A. niger, removal of glycosylation lead to a less thermostable enzyme.
237,242 This observation supports the proposal that glycosylation improves protein rigidity, 
especially in linker regions, and reduces surface hydrophobicity that may prevent 
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aggregation.243 This was complemented by another study on the same enzyme that showed 
that the presence of glycosylation resulted in a more efficient enzyme.244 Similarly, 
glycosylation was correlated with improved activity of the cellobiohydrolases of GH 
families 5, 6, and 7.245–248

In many structural studies of (fungal) enzymes, the preparation for crystallization involves a 
deglycosylation step to make the enzyme sample homogeneous, which usually reduces 
glycosylation to one glycan at each site. Work in this area has shown that the expression host 
organism used to produce the protein for structural studies affects the glycosylation status of 
the enzyme. Furthermore, since the commonly used bacterial expression systems do not 
introduce glycosylations, it may be expected that none of the available bacterial AA10 
LPMO structure models contain glycosylation. However, both N-linked and O-linked 
glycosylation sites are present in several of the available AA9 LPMO structure models as 
well as AoAA13 and two of the viral AA10s that contain N-linked glycans. Each of these 
contain one or more glycosylation sites with the exception of HjLPMO9A, which contains 
two N-linked glycosylation sites as well as 17 O-glycosylation sites (mainly in a linker-like 
region), 15 of which have one mannose in the high-resolution structure model.177 These 
glycosylations are distributed around the molecule with the exception of the flat surface 
suggested to interact with crystalline cellulose.

4.4. Substrate Binding

LPMO substrates are polymeric, and many are insoluble, which present significant 
challenges for studing enzyme–substrate interactions. Much of what is known about the 
LPMO–ligand interaction stems from studies on LPMOs that are active on soluble 
substrates, though there is a study of insoluble β-chitin binding to CBP21/SmAA10A using 
NMR and an indirect method utilizing 2H/1H exchange.180,196,249 There are also site-
directed mutagenesis studies in which the effect of selected amino acid residues on the 
catalytic activity and/or substrate binding have been probed.95,110,183 In an early publication 
on SmLPMO10A (CBP21), Vaaje-Kolstad and co-workers showed that the single aromatic 
residue on the proposed binding surface is important for chitin binding.183 In this study, sites 
for substitution were identified by inspection of the crystal structure and sequence alignment 
with related proteins. The importance of these residues in substrate binding was 
demonstrated by generating variants where several acidic or aromatic residues along the 
binding surface were mutated (Y54A, E55A, E60A, H114A, D182A, and N185A; 
numbering from the first methionine though histidine at position 28 is the first amino acid 
observed in the structure) and measuring changes in affinity to chitin using a noncatalytic 
binding assay. Marinai later extended the analysis of the substrate-binding surface of 
SmLPMO10A by constructing the S58A, T111A, A112G, and T183A variants.173 In the 2H/
1H exchange by Aachmann et al., some of these residues appeared to be protected by chitin, 
indicating that they are likely close to the substrate upon chitin binding.196 Similarly, surface 
variants W46A and N47A of TfAA10A demonstrated reduced cellulose binding to 40% and 
19% of that of wild type and were found to retain only 6% and 48% the activity of wild type, 
respectively.184 Li et al. provided a crude model of LPMO interaction with cellulose via 
manual docking of the NcLPMO9M (PMO-3) to a model of a flat surface of cellulose Iβ. 
Comparison with similarly constructed models of CBM1, TtLPMO9E and TaLPMO9A 
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interacting with cellulose Iβ suggested that the NcLPMO9M bound differently to cellulose 
than the other three, i.e., across the cellulose chains rather than along a cellulose chain.192 

On the basis of the interaction of CBMs with cellulose and the apparent similarities between 
CBM1 and LPMO, Wu and co-workers modeled the P. chrysosporium LPMO9D interaction 
with the hydrophobic face of cellulose using MD simulation.189 In this study, they examined 
the role of three tyrosine residues on the proposed binding surface in the interaction with 
cellulose and showed that these also had the highest interaction energies. Two of the tyrosine 
residues interacted with pyranoses on the same central cellulose chain, while the third 
tyrosine interacted with a pyranose on an adjacent parallel cellulose chain. The position of 
the copper active site above the central cellulose chain was stable during the 100 ns MD 
simulation. A detailed study originates from the X-ray crystallography of protein–ligand 
structure complex of Lentinula similis LPMO9A. This C4-oxidizing LPMO is active on 
soluble cello-oligo sacccharides. Frandsen and co-workers obtained crystals in the presence 
of high salt concentration in which cellotriose (G3) and cellohexaose (G6) were soaked and 
shown to bind to the protein.180 In the general definition of subsites also used for glycoside 
hydrolases, the subsites for pyranoses are numbered beginning on each side of the cleavage 
site and with integers of –1 toward the nonreducing end and +1 toward the reducing end of 
the glycan, respectively.250 According to this nomenclature, the G3 bound –1 to +2 subsites 
with glycosyl linkage above the copper atom and an empty putative O2 binding site 
(illustrated by the black dashed line in Figure 18). It is worth noting here that several 
hydrogen bonds contribute to the protein–ligand interaction via both direct and water-
bridged hydrogen bonds; however, many of these are specific to LsLPMO9A and are not 
conserved. While the G3 binds in a flat conformation resembling that of cellulose, the G6 
deviates slightly from the flat conformation. Interestingly, the glycosyl unit in the 3 position 
seems to have an aromatic ring interaction with a (AA9) tyrosine residue (Tyr 203 in Figure 
18). This tyrosine residue has previously been identified as a possible cellulose-interacting 
residue, and of the AA9 LPMOs with known structures, all but NcLPMO9F (PDB ID 4QI8) 
have tyrosine in a similar position.189,192 This indicates some degree of conservation and 
suggests that this aromatic-ring interaction should be important for substrate interaction 
among AA9 LPMOs. In an NMR study of N. crassa LPMO9C, the 15N-amide nitrogen 
chemical shifts for the corresponding tyrosine residue changed upon addition of xyloglucan 
and, to a lesser extent, upon addition of cellohexaose.249 The loop region on which this 
tyrosine is located, denoted the LC loop in the study, did not show any significant changes in 
the 15N-amide nitrogen chemical shift. In the same study, the authors performed an 
autodocking procedure using NMR data as restraints to make a model of cellohexaose bound 
to NcLPMO9C. It has been suggested that differences in the NcLPMO9C interactions with 
cellohexaose in this model and those observed in the LsLPMO9A structure models are 
mainly due to variability in loop lengths between the two enzymes including the LC loop. 
On the basis of structural alignments of LPMOs from other AA families with AA9 LPMOs, 
there were no regions corresponding to the LC loop in AA10, AA11, or AA13s. Larger 
differences in chemical shifts upon substrate interaction were noted for the residues around 
the copper atom, in particular, for the N-terminal histidine, and may be due in part to the fact 
that in the structure of LsAA9 the glucosyl unit in +1 subsite is stacked immediately above 
the N-terminal histidine (Figure 18). In this structure, the substrate ring oxygen is facing and 
interacting with the aromatic histidine ring via an unusual noncovalent bond referred to as 
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the lone-pair-to-π* interaction.180 The electronic nature of the interaction may explain the 
large effect on 15N chemical shift reported for His-1 of NcLPMO9C.249 Beneath the –1 
subsite in LsAA9A structure complexes is a conserved glutamine residue interacting with a 
chloride ion that is localized near the substrate. This glutamine is conserved not only in AA9 
but also in AA13 LPMOs. A glutamine residue is also present in some AA10 enzymes that 
are active on cellulose, with one exception being CelS2/ScLPMO10C, which is active on 
both chitin and cellulose.124 In the chitin-active AA10 and AA11 LPMOs, the 
corresponding residue is a glutamate which, in addition to glutamine, has been suggested to 
be involved in a conserved hydrogen-bonding motif.107,124 Additionally, mutation studies 
have shown it to be important for enzyme function.95,175,183 The structural features 
responsible for determining the LPMO substrate specificity for chitin vs cellulose are not 
fully understood, though a conserved cavity in chitin-active AA10 LPMOs could 
accommodate the N-acetyl group of the chitin polymer.124

4.5. Potential CDH-Binding Surface

As described in the section on the Industrial use of LPMOs, one potential source of electrons 
for the oxidation by LPMOs is the enzyme cellobiose dehydrogenase (CDH). Langston and 
co-workers demonstrated this with the binary combination of H. insolens CDH and T. 
aurentiacus LPMO that produced soluble oxidized oligosaccharides.157 They also reported 
that the CDH/LPMO likely acted in concert with cellulases and hydrolases in the breakdown 
of cellulose by the fungus T. terrestris. The combined action of CDH/LPMO has also been 
shown for N. crassa enzymes for which an interaction model of a CDH/LPMO pair was 
proposed between the CDH and a conserved part of NcLPMO9M (PMO-3).93,192 This 
hydrophilic patch was located on a different side of the LPMO relative to the copper-
containing active site, along with a putative electron-transfer chain across the enzyme. Two 
separate studies have since suggested a direct interaction between the cytochrome domain 
and the copper atom in the active site.172,249 In the first study, Tan et al. determined the 
structures of full-length CDH and the LPMO9F from N. crassa as well as the structure of the 
CDH from M. thermophilum.172 By measuring the kinetics of the electron transfer from the 
NcCDH cytochrome domain to NcLPMO9F and comparing with stopped-flow experiments 
where the flavin domain was included, they concluded that the interaction is between the 
NcCDH cytochrome domain and NcLPMO9F. Automatic docking of NcCDH to 
NcLPMO9F, performed in the absence of any cellulosic substrate, resulted in a direct 
interaction between the heme of the cytochrome domain and the copper center of the LPMO.
172 In the second study, direct evidence for an interaction between the CDH and the copper 
center was provided by monitoring chemical shifts of mixtures of NcCDH enzyme (or the 
NcCDH cytochrome domain only) with 15N13C-labeled NcLPMO9C.249 Interestingly, the 
chemical shifts of NcLPMO9C were perturbed for residues clustered around the copper 
center, the same residues that were affected by substrate binding. Furthermore, increasing 
substrate concentration seemed also to hamper the interaction with CDH, further indicating 
that the interaction surfaces are the same.249
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5. ACTIVE SITE GEOMETRIC AND ELECTRONIC STRUCTURE AND 

MOLECULAR MECHANISM

5.1. Cu Active Site Structure

The first coordination sphere of the LPMO copper active site includes three nitrogen atoms 
from two histidine residues, with one binding bidentate through the N-terminal amine in 
what has been called a His-brace motif. X-ray crystallography has revealed that reduced 
LPMOs exhibit three-coordinate T-shaped Cu(I) ligand geometries (shown in Figure 19A) 
with Cu–N distances ranging from 1.9 to 2.4 Å.123,182,189,198 Additional water-derived 
ligand(s) are resolved in the Cu(II) structures, which show some variability in water number 
and position (Figure 19B).92,95,105,107,121,125,180,183,192,199

In families AA9, 11, and 13, one water/hydroxide ligand is bound in the plane of the three 
protein-derived nitrogen atoms resulting in a square planar geometry. EXAFS, Cu(I)-
XANES, and DFT computations of the cellulose-active fungal T. aurantiacus TaLPMO9A 
(shown in Figure 19) have established the three- and four-coordinate natures of the reduced 
and oxidized active sites, respectively.251 These results are in agreement with Cu–O/N 
ligand distances obtained via crystallography, and the decrease in coordination number is 
consistent with the coordination preferences for Cu(I) and Cu(II) complexes. Though they 
share the same T-shaped geometry in the Cu(I) form, the active sites of Cu(II)–AA10 
structures are resolved with two water molecules at distances of 2.0–2.7 Å.199 Figure 20 
shows a representative crystal structure of the Cu(II) active site of E. faecalis AA10A in 
which the amine nitrogen of the His-brace and the two water ligands form the equatorial 
plane of a trigonal bipyramidal structure. Note, however, that EPR data indicate the ground 
state is close to d(x2–y2) that reflects a more tetragonal electronic structure (vide infra).

In AA9s there is often an additional water molecule in an axial position at a distance of ~3 Å 
and a Tyr residue in the other axial direction that is conserved across the AA9, 11, and 13 
LPMO families.105,107,189 The structures published to date show Cu–O(Tyr) distances 
varying between 2.5 and 3.0 Å. Although not directly bound to the copper and likely 
protonated, the conserved tyrosine residue is part of a hydrogen-bonding network near the 
active site that also consists of His-164, Gln-173 (labeled in Figure 19), and several active-
site waters.92 The AA10 LPMO families have a conserved Phe (Phe-185) in place of the 
axial Tyr residue of AA9s as shown in Figure 20.199 Crystal structures show that the side-
chain positions in cellulose-active bacterial LPMOs resemble the His-164, Gln-173, and 
Tyr-175 pattern (2YET numbering, Figure 19) observed for their fungal counterparts, though 
H-bonding networks are not prevalent in chitin-active bacterial LPMOs.125 The differences 
in second-sphere environments (e.g., conserved tyrosine residues in AA9s versus conserved 
phenylalanine residues in AA10s) have been proposed to contribute to differences in Cu(II) 
affinity in fungal LPMOs compared to their bacterial counterparts.92,196

Due to the low sequence identity across LPMOs, there are no residues apart from the His 
brace that are strictly conserved among the members of any one LPMO family. However, 
there are some residues that are generally conserved, including the Tyr/Phe in AA9/10s, 
mentioned above. Other conserved residues include a Gln (Gln-173 in Figure 19) involved in 
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the hydrogen-bonding network of water molecules near the active site in AA9s. In chitin-
active AA10 LPMOs, this Gln residue is replaced by a Glu (Glu-64 in Figure 20). Figure 20 
also includes an alanine residue (A112) that is largely conserved in AA10s and is thought to 
restrict solvent access to the axial position of the Cu.121,252

Cu(II)-bound AA9, 11, and 13 LPMOs exhibit EPR spectra characteristic of type 2, normal 
copper sites with Jahn–Teller-distorted, axially elongated tetragonal geometries,92,182,251 

giving a g-value pattern with gz > gx ≈ gy > 2.00 (Figure 21; gz ≈ 2.27, gy ≈ 2.07, and gx ≈ 
2.05). EPR spectra of AA10 LPMOs show approximately axial Cu(II) features similar to 
AA9s, though with substantial broadening and more rhombicity than other LPMOs (Figure 
22) with gz ≈ 2.26, gy ≈ 2.10, and gx ≈ 2.02, consistent with the two bound water-derived 
ligands more distorted toward a trigonal bipyramidal structure.125,198

In the study by Forsberg et al.,125 mutation of the axial Phe residue of the cellulose-active 
AA10, CelS2-N, to either a Tyr or an Ala resulted in a decrease in rhombicity of the EPR 
signal from Δg⊥ ≈ 0.09 in the wild-type enzyme to Δg⊥ ≈ 0.01 in the variants, resulting in 
EPR spectra reminiscent of AA9 LPMOs (Figure 23). Spectral perturbations coupled with 
diminished activity of these variants (0% and 15% of the activity of wild type for the Ala 
and Tyr variant, respectively) suggest that second-sphere residues have a significant impact 
on the electronic and geometric structure of the copper active site.

Possible functions of the His-brace, other than equatorial binding, are unknown. This 
structural feature has also been observed in pMMO253 (thought to use a binuclear copper 
site to monooxygenate methane) and CopC254 (part of the cop operon involved in copper 
resistance in bacteria), though the latter has not been reported to have dioxygen activity. 
Although the active sites found in noncoupled binuclear Cu enzymes (tyramine β-
monooxygenase and dopamine β-monooxygenase, TβM and DβM),255 copper amine 
oxidase,256 and nitrite reductase257 exhibit type 2 or axial spectroscopic features similar to 
LPMOs, the bidentate ligation of the His-brace is unique. The His-brace of LPMOs has been 
proposed to enforce critical geometric and steric constraints on the Cu active site using the 
bidentate ligand to lock the active site in a T-shaped geometry. Computational studies251 

suggest that these steric constraints are critical for the associative displacement of 
superoxide by H2O (see Oxygen Reaction Mechanism section) as well as for maintaining 
low reorganization energies for enzymes to transition between oxidized and reduced states. 
Citek et al.258 used model complexes capable of C–H oxidation to suggest that since primary 
amines are strong ligands they may help to stabilize the higher valence Cu(III) oxidation 
state as compared to tertiary or peralkylated amines. A recent neutron diffraction crystal 
structure showed evidence of deprotonation at the amine of the His brace, which if 
confirmed could also stabilize Cu(III). These are features of the His-brace that can directly 
impact reactivity. Furthermore, although the factors governing substrate selectivity remain to 
be determined, some have suggested180 that the His-brace motif may play a role in 
facilitating the enzyme–substrate interaction.

Another interesting structural feature reported for some fungal LPMOs is N-terminal His-
methylation.92 The N-terminal histidine of many AA9 structures and the available AA13 
structure show distinct features in electron density maps consistent with methylation, 
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modeled as a 3-methylhistidine (τ-methyl-histidine) residue. This methylation was verified 
by mass spectrometry.92,105 AoAA11 lacks methylation on the N-terminal histidine, which 
may be due to the expression of the protein in E. coli.105 Tan and co-workers145 reported 
that LPMO9F of N. crassa is expressed in P. pastoris as a 214 residue nonglycosylated 
protein with a nonmethylated N-terminus. Lack of methylation at the N-terminal histidine 
was also observed for the fungal LPMO GH61D from Phanerochaete chryosporium. These 
reports show that the enzymes studied retain activity even without this post-translational 
modification reported for other N. crassa LPMOs expressed in their native fungal hosts. 
While the function and/or role of this modification is unclear, Aachman et al.196 and others 
suggested that N-terminal methylation may alter the basicity of the active site and may 
increase metal-binding affinity. Methylation may also prime the N-terminal His to 
accommodate the copper ion, keep the active site open to bind dioxygen, and tune reactivity 
by enforcing a particular binding geometry of the O2 substrate. Crystallographic reports180 

have led to proposals that alkyl groups on aromatic ring N atoms may enhance the 
electrostatic interaction between the substrate and the imidazole ring of His 1. Calculations 
by Paiva et al.259 and Kim et al.260 challenge these proposals and instead argue that N-
terminal methylation has only a minor effect on the active-site structure and reactivity of 
LPMOs.

Protein modification by methylation is well known in other enzyme systems. In a study of 
modified histidines in amyloid-β peptide, Tickler et al. studied methylation at either the ε- or 
the δ-nitrogen of imidazole side chains bound to a copper center and identified a correlation 
to H2O2 production. They reported that methylation not only affected metal binding but also 
inhibited surface membrane interactions. Tickler et al. attributed these observations to the 
fact that N-methylation locks the imidazole ring into a single tautomeric conformation. 261 It 
is interesting to consider if the N-methylation of the His ligand could impact in situ 
generation of H2O2 as this has been proposed as a cosubstrate of the LPMOs (vide infra).

As mentioned earlier, another feature observed in a subset of LPMOs is the presence of 
noncatalytic CBM domains (see section 4.2.1). While the quantitative contribution of the 
CBM domain remains unclear, understanding this feature has attracted a great deal of 
attention in the LPMO research community. Studies by Crouch et al. have shown that in 
some cases deletion of the family 2a CBM from LPMOs natively expressing CBMs resulted 
in significant loss of activity.186 Crystallographic studies of HjLPMO9A showed that while 
proteolytic cleavage of the CBM from the enzyme generated a CBM-free form, a portion of 
the long, flexible linker that connects the CBM to the catalytic core of the enzyme remained. 
Inclusion of this linker resulted in proper expression and folding of a CBM-free genetic 
construct. The CBM-deletion variants were found to retain activity, albeit lower activity as 
compared to wild type, as well as poorer binding to cellulose.177,182 Interestingly, 
comparison of absorbance, CD, MCD, and X- and Q-band EPR spectra (which are probes of 
the Cu active site) of the wild-type and CBM-deletion variants revealed no significant 
changes in spectral features between the two forms. Figure 24 shows overlays of the CD, 
MCD, and EPR (X- and Q-band) spectra of the full-length and CBM-deletion variant. 
Comparison of these spectra established that the absence of the noncatalytic domain does 
not significantly affect the active-site structure of the LPMO, and so the difference in 
reactivity likely reflects a difference in substrate binding by the forms lacking a CBM.
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5.2. Substrate Interactions with the Cu Active Site

Detailed mechanistic understanding of polysaccharide substrate binding has been inhibited 
by the insolubility of the majority of known LPMO substrates. Most LPMOs reported to 
date are only active on recalcitrant polysaccharide substrates,3,92,149 which are insoluble 
when the degree of polymerization (DP) is greater than 15–20.262 However, a subset of AA9 
LPMOs has been reported to have activity on select soluble cellooligosaccharides119,180 as 
well as larger soluble polymers such as xyloglucan and glucomannan and suspensions of 
amorphous polysaccharides such as PASC149,263 or starch.105,127

Substrate binding to several AA9s has been monitored via optical measurements and ITC.
121,182,249 Crystalline substrates with larger areas exhibit lower dissociation constants that 
vary across LPMOs. In a study by Kracher et al. on four LPMOs from N. crassa, the 
reported KD values measured using microcrystalline cellulose varied between 5.7 and 16.5 
μM and of PASC between 11.2 and 60.8 μM.4 Similar measurements by Borisova et al. on 
NcLPMO9C using PASC compared substrate binding of the full-length enzyme with the 
CBM-deletion variant. They observed two binding modes for the full-length enzyme with 
KD values of 0.013 and 0.64 μM but only a single binding mode for the CBM-deletion 
variant with a KD value of 0.54 μM.182 These results indicate substrate binding for LPMOs 
even in the absence of CBMs, but there appears to be a higher affinity with the CBM. 
Smaller substrates such as the 14-mer of xyloglucan and cellohexaose were studied by ITC 
and found to have KD values between 0.33 and 0.81 mM.249 The KD values dropped to 
0.13–0.14 mM in the presence of CN−, which is known to bind to Cu(II). Other methods, 
such as changes in protein stability, have indirectly shown substrate binding in the case of 
BaLPMO10A.201 In general, the study of substrate-bound LPMOs is hindered by the limited 
solubility of some polysaccharide substrates of interest.

Despite the inherent limitations of these experiments, EPR180,182 and NMR196,249 

spectroscopies have been used to probe the effects of binding of polysaccharide substrates 
on the Cu(II) site of AA9s. The changes in the EPR spectra include a decrease in g|| (Δg ≈ –
0.04), an increase in |A||| (ΔA ≈ 20 × 10−4 cm−1), and the appearance of superhyperfine 
structure arising from slight alterations in the nitrogen ligation in the presence of substrate 
near the active site (Figure 25). The axial envelope of the Cu(II) signal is largely unchanged, 
indicating retention of a d(x2 – y2) ground state and suggesting that substrate does not 
directly bind to the Cu but near enough to perturb its structure. Both larger crystalline 
substrates and smaller soluble substrates produce the same perturbations in the EPR spectra, 
indicating very similar modes of substrate binding with respect to the copper active site. As 
of this writing, there appear to be no published data on the effects of polysaccharide 
substrate binding to the EPR spectra of the active sites of the other three classes of LPMOs. 
It should be noted, however, that the lack of spectroscopic perturbation does not imply a lack 
of substrate binding. Unpublished results from our lab do not show any perturbation upon 
addition of substrate to HjLPMO9A.

As noted above, crystal structures with soluble oligosaccharides that bound near the active 
site were reported in the LPMO LsAA9A (Figure 26).180 These structures show specific 
binding of oligosaccharides with three and six glucose units, respectively, highlighting the 
importance of solvent-exposed aromatic groups (His1, Tyr203) and H-bonding residues 

Meier et al. Page 33

Chem Rev. Author manuscript; available in PMC 2018 June 01.

A
u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t



(Ser77, Glu148, Asn28, His66, Asn67) that position the substrate in close proximity to the 
Cu cofactor. Several of these H-bonding interactions are shown in Figure 26A.

Comparison of the structures of LsAA9A and TaAA9A reveals a lack of the residues 
responsible for hydrogen bonding to the substrate (specifically Asn28, His66, and Asn67), 
though these residues were found to be conserved in NcLPMO9C.180 Additionally, earlier 
studies showed that the spacing of these residues was different for each AA9 studied.192 

Furthermore, the lack of activity observed in NcLPMO9A, for example, toward the shortest 
oligosaccharides (DP < 4) has been attributed to a minimum substrate length needed to span 
the enzyme-binding sites.119 These differences likely contribute to the observed selectivity 
for certain types of polysaccharides across the LPMO families.

During turnover, the β-1,4 glycoside substrate C–H bond that is cleaved is thought to 
interact with the equatorial O2-derived ligand of the copper, as the axial binding site would 
be blocked by the polysaccharide substrate. Interestingly, the substrate-bound crystal 
structures of LsAA9A revealed that upon substrate binding the equatorial water-derived 
ligand is replaced by a chloride ligand even under low chloride conditions with a Cu(II)–Cl 
distance of 2.3 Å (Figure 26B). This chloride ligand was resolved at distances of 3.7 and 3.9 
Å from the C4 and C1 positions, respectively, of the substrate. Figure 27 shows a 
hypothetical model based on the LsAA9 active site where the Cl− ligand has been replaced 
with a superoxide ligand. The O–O and Cu–O bond distances were taken from optimized 
structures calculated in ref 251. Minimum distances between the distal oxygen and the C1 or 
C4 (obtained by rotating the Nπ(His1)–Cu–O–O dihedral angle) are 2.8 and 2.5 Å. It has 
been shown that this enzyme oxidizes at the C4 position,180 and although it is slightly closer 
to this carbon atom, a bound oxygen species would presumably be capable of abstracting an 
H atom from either position during turnover (vide infra). It is still unknown how the 
regioselectivity of substrate oxygenation results from the orientation of the substrate arising 
from specific binding residues on the enzyme surface.

The presence of Cl− in the substrate-bound crystal structure of LsAA9A along with the 
increased substrate affinity in the presence of CN− for NcLPMO9C observed in ITC suggest 
a cooperative effect of anion and substrate binding, although the nature of the effect has not 
been explored.249 Interestingly, cyanide has been shown to inhibit LPMO turnover, though 
no such effect has been shown for chloride.3 The increased affinity for an anionic ligand (Cl
−) to Cu(II) in the presence of substrate is consistent with favorable binding of a reduced 
oxygen-derived species during turnover. Currently, it is unclear whether anion binding 
enhances substrate binding or vice versa.

5.3. Oxygen Reaction Mechanism

The enzyme–substrate interactions, product profiles, and electron-transfer kinetics of the 
oxidative cleavage of polysaccharides by LPMOs have been described in many reports, yet 
the mechanism of substrate oxidation remains unresolved. Both dioxygen and hydrogen 
peroxide have been proposed, utilizing different mechanisms, to be the oxygen source for 
substrate hydroxylation.3,93,128,167,192,251,260,264 Initial reports favored dioxygen as the 
direct oxidant of polysaccharide substrates,3 though recent studies have implicated hydrogen 
peroxide as the cosubstrate in polysaccharide oxidation, which itself would be formed from 
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molecular dioxygen under suitable reaction conditions (vide infra).167 The evidence for both 
O2 and H2O2 and their possible mechanisms for polysaccharide hydroxylation are outlined 
below.

In past reports of LPMO activity, researchers demonstrated the regioselective oxidation of 
crystalline polysaccharide substrates to yield soluble oligosaccharide products. Catalysis 
was not observed anaerobically nor in the absence of reductant, and isotopic labeling 
experiments revealed that molecular dioxygen was the source of the oxygen atom 
incorporated into the solubilized products3 (however, see the H2O2 discussion below). The 
reaction was inhibited by cyanide but not by catalase (however, see below) or superoxide 
dismutase, suggesting that O2 binding could be a critical step in turnover and that labile 
superoxide or peroxide species were not generated during catalysis.3 Lastly, peroxide 
formation, proposed to be a futile side reaction of Cu(I)–LPMOs with O2, was observed in 
the absence of suitable polysaccharide substrates.119 These observations led to a conclusion 
that molecular oxygen is used directly by LPMOs to oxidize polysaccharide substrates 
according to the monooxygenase reaction given in eq 1

O
2

+ 2e
−

+ 2H
+

+ R − H
Cu(II) − LPMO

R − OH + H
2
O (1)

Researchers have thus investigated Cu–oxygen adducts in LPMOs. Reports have been 
published on AA9s from N. crassa wherein dioxygen species were bound at or near the 
Cu(II) active site.192,264 In one study, two LPMOs, NcLPMO9D (PMO-2) and NcLPMO9M 
(PMO-3), were crystallized, and each was found to have electron density near the axial 
positions of the Cu active site that were best modeled as end-on dioxygen species.192 The 
O–O distance in the NcLPMO9D structure was 1.16 Å, which is even shorter than that of 
dioxygen. The Cu–O distances in this structure were 2.92–2.96 Å, which are not Cu–O2 

bonds (Figure 28A).192 A second LPMO structure (NcLPMO9M) shows an O–O distance of 
1.49 Å and a Cu–O distance of 3.44 Å (Figure 28B). This is most consistent with a peroxide 
moiety, yet the Cu–O distance is again too long to be a bound species. Another study 
reported the crystal structure of NcLPMO9D but with two different dioxygen molecules near 
the active site.264 In this case, one oxygen species was best modeled as a peroxide (O–O 
distance, 1.44 Å) bound in the equatorial position of the Cu(II) with a Cu–O distance of 1.9 
Å (Figure 28C).264 The other enzyme monomer was modeled as having molecular oxygen 
near the Cu site but not directly bound to the metal center. This was described as “pre-
bound” molecular oxygen (Figure 28D), though currently there is no experimental evidence 
to support or refute the existence of an O2 prebinding site. A third study used X-ray and 
neutron diffraction to solve high-resolution crystal structures of J. dentitrificans LPMO10A. 
The crystallography showed two molecules in the asymmetric unit, both with O2 bound to 
the Cu active site. Molecule A of the crystal structure (Figure 28E) showed the dioxygen 
species approximately side on with Cu–O distances of 1.8 and 2.1 Å, whereas molecule B 
(Figure 28F) was bound end on with Cu–O distances of 1.8 and 2.7 Å. Both molecules were 
solved with O–O distances of 1.5 Å, leading to an assignment of peroxide for this oxygen 
moieties. Incorporation of deuterium for hydrogen in exchangeable residues allowed for the 
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determination of the protonation state of the N-terminal amine in the neutron diffraction 
data. Molecule A was found to have an NH2 ligand, but molecule B was in a mixed ND2/ND
− state. Deprotonation of the Hisbrace amine has been suggested to stabilize higher Cu 
oxidation states (i.e., Cu(III) species) and may play an important role in the O2 reaction 
mechanism (vide infra).

While the assignment of peroxide bound to Cu(II) in these reports is interesting, it is 
important to remember that the catalytically relevant dioxygen intermediate (i.e., 
demonstrated to react with the C–H of substrate) has not yet been trapped nor identified and 
that the nature of the Cu–O2-bound structure has not been established. Several of these 
structures demonstrate axial Cu–O2 binding with Cu–O distances that are too long to be 
compatible with bonding. This binding motif is also at odds with both QM calculations 
showing equatorial binding to be preferred and with observed substrate-binding patterns that 
would block access to the axial position of the metal center. Further studies are necessary to 
confirm the identity of the dioxygen ligand and the nature of binding to the active site.251,260

Mechanisms that rely on O2 activation to provide the oxygen for substrate hydroxylation all 
share a common branch in which Cu(I) reacts with oxygen to form a Cu(II)–superoxide. 
From that point the mechanisms differ on the timing of electron and proton transfers and 
whether a Cu–superoxide or a Cu–oxyl is responsible for the H atom abstraction (HAA) 
from substrate.93,128,251,260 Figure 29 summarizes possible O2 reaction mechanisms as 
outlined below. Note that an important thermodynamic consideration for evaluating different 
molecular mechanisms is the ability of a given oxygen intermediate to abstract a hydrogen 
atom from the polysaccharide substrate. As mentioned in earlier sections of this review, 
LPMOs display selectivities for cleaving either the C1–H or the C4–H bond of their 
substrates. In a recent report, Hedegard and Ryde computationally calculated the C1–H and 
C4–H bond dissociation energies as 101.1 and 103.8 kcal/mol, respectively. 265

Kjaergaard et al. reported stopped-flow absorption and freeze–quench EPR spectroscopic 
data for the reaction of Cu(I)–AA9 with O2 in TaLPMO9A in which the Cu(II) signals of the 
resting enzyme were regained rapidly with an overall rate constant > 0.15 s−1.251 However, 
they did not observe a bound Cu(II)–superoxo intermediate. As the reduction potentials (E°) 
of the Cu site and for O2 reduction to O2

− are known, the rate for an outer-sphere one-
electron reduction of O2 could be calculated and is orders of magnitude slower than the O2 

reaction observed for TaLPMO9A. The reported ET rate for the copper reflects an inner-
sphere process involving a Cu(I) + O2 bound species. These results were coupled to DFT 
calculations supporting equatorial binding of an end-on Cu(II)–superoxide species, 
consistent with calculations by Hedegard and Ryde that have also shown equatorial 
superoxide binding to be more stable than axial binding.265 This calculated superoxide 
species could be easily displaced by an axial H2O. Figure 30 shows the calculated structures 
along the reaction coordinate of O2 binding and superoxide displacement. During turnover, 
however, the equatorial superoxide is proposed to remain bound since the polysaccharide 
substrate would presumably block the axial position and therefore preclude both axial 
oxygen binding and displacement of superoxide by water.
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It has generally been assumed that the reactive Cu/O2 intermediates formed in this reaction 
are fleeting, and researchers have turned to superoxide mimics such as cyanide3 and azide, 
both of which have been shown to bind to the Cu(II) site in LPMOs. Binding of these small 
molecules has been confirmed by EPR, where a decrease in g|| and increase in A|| have been 
reported.107 Of the two only cyanide has been shown to inhibit LPMO activity, yet as noted 
above, the addition of cyanide enhanced polysaccharide substrate binding. These findings 
suggest that an oxygen-bound intermediate may yet be trapped during turnover, but its 
stability may depend on the structural changes induced by substrate binding.

Several studies of model complexes have shown that binding of O2 to Cu(I) generates 
Cu(II)–superoxide intermediates; however, there are only two cases with crystallographic 
structures for the Cu(II)–superoxide species.266–280 To better understand the formation of 
this species, computational analysis of the thermodynamic properties associated with O2 

binding in the AA9-LPMO TaGH61 were compared to those reported by Lanci et al. and 
Kunishita et al. for Cu(II)–superoxide model complexes.281,282 In calculations on both 
model complexes and on the enzyme active-site model, O2 binding to reduced copper sites 
was determined to be essentially thermoneutral, and the thermodynamic properties were in 
good agreement with experimental and literature values. Furthermore, it was determined that 
in TaLPMO9A Cu(I) undergoes rapid reoxidation via an inner-sphere mechanism to bind O2 

as superoxide in the equatorial position to yield the Cu(II)–superoxide intermediate.251 In 
this case, the thermodynamically difficult one-electron reduction of O2 is driven by the 
strength of the Cu–O2 bond. In a separate study, Cowley et al. calculated O2 binding for 
noncoupled binuclear copper enzymes and found that O2 binding via water displacement 
was more favorable than an associative binding mechanism which has an unfavorable 
entropic contribution to the Gibbs free energy.283

When superoxide is bound to copper it can adopt one of two geometries: end on (η1) or side 
on (η2). The side-on superoxide complex supported by the tris(pyrazoyl)borate ligand has a 
singlet (S = 0) ground state attributable to the highly covalent bonding interaction between 
the copper and the side-on superoxo moiety, leading to the high energy of the lowest 
unoccupied molecular orbital (LUMO) being the antibonding combination of the Cudx2−y2 

and superoxide π*σ orbitals that lie in the CuO2 plane (Figure 31, red).284 This large 
bonding/antibonding interaction splits the two highest energy valence orbitals in Figure 31 
(right), resulting in a spinpaired ground state. The overwhelming majority of copper 
superoxo complexes published to date fall into the second category, where the superoxide 
binds in an end-on geometry (Figure 31, blue). End-on superoxide Cu(II) complexes have 
triplet (S = 1) ground states that result from two factors. First, the two LUMOs, Cudz2 and 
superoxo-based π*v, are orthogonal and therefore cannot antiferromagnetically couple.270 

Second, in contrast to side-on superoxide binding, end-on coordination utilizes a single, 
weaker Cu–O bond that results in a lower energy antibonding Cudz2 superoxo-based π*σ 
molecular orbital that as a result of its low energy is populated. Thus, the π*v and Cudz2 

orbitals in Figure 31 (left) are split by an amount less than the spin-pairing energy. These 
features are vital to our understanding of the reactivity of the relevant frontier molecular 
orbitals (FMOs) and clearly show that the end-on geometry poises the π*v FMO which is 
low in energy, unoccupied, and has a large O character on the distal oxygen for reactivity on 
the triplet surface.
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Detailed computational analyses by Cowley et al. revealed that end-on superoxo complexes 
have lower barriers for H atom abstraction as compared to their side-on counterparts, due to 
the lower energy and inherently high oxygen character in the π*v orbital.283 Therefore, the 
low-lying superoxo π*v orbital is the FMO that dictates reactivity in the end-on triplet Cu–
O2

·−. To this end, a large number of superoxo model complexes have demonstrated HAA or 
HAT (H atom transfer) reactivity on exogenous substrates or phenols to yield hydroxylated 
or hydroperoxylated products including two model complexes that mimic the reactivity of 
LPMOs toward inert C–H bonds.269,271–273,275–278,282,285,286 Itoh and Karlin each reported 
model complexes that are able to activate and hydroxylate C–H bonds in exogenous 
substrates, similar to LPMO action on cellulosic substrates.282,286 In a parallel study of the 
noncoupled binuclear copper enzyme, peptidylglycine α-hydroxylating monooxygenase 
(PHM), Cowley et al. calculated a barrier for HAA of +14.4 kcal/mol (~14 kcal/mol 
experimentally) and that the superoxide π*v orbital that lies perpendicular to the CuO2 plane 
is favored to participate in HAA by 10 kcal/mol over the superoxide π*σ orbital.283 

Calculations using values reported for the model complex supported by the N-[2-(2-
pyridyl)ethyl]-1,5-diazacyclooctane tridentate ligands show a barrier of +28.2 kcal/mol 
(+20.4 kcal/mol experimentally) for HAA.282 This result supports a mechanism whereby 
HAA is facilitated through the π*v orbital of the superoxide moiety.287 Substrate oxidation 
mechanisms are still under investigation by synthetic inorganic chemists and will inform 
future studies on the mechanisms of LPMOs.

Several mechanisms can be considered involving a Cu–O2
− performing HAA to generate 

Cu(II)–O2H and then varying in the timing of the subsequent electron-transfer/proton 
transfer (ET/PT) and radical recombination steps. Phillips et al. proposed for LPMOs that a 
Cu(II)–hydroperoxide could undergo an intermolecular ET to cleave the O–OH bond, 
yielding water and a Cu–oxyl intermediate.93 This mechanism is analogous to that proposed 
by Klinman in the noncoupled binuclear Cu enzymes, PHM and DβM.288,289 The Cu–oxyl 
would then recombine with the substrate radical to form the bound oxygenated product 
(yellow pathway in Figure 29). An alternative mechanism for LPMOs was also initially 
considered for the noncoupled binuclear enzymes in which the substrate radical could 
instead couple with the distal O of the Cu(II)–hydroperoxide resulting in formation of a 
hydroxylated unbound product and a Cu(II)–oxyl species that was subsequently reduced to 
form water (blue pathway in Figure 29).288

The recent work of Cowley et al., also on the noncoupled binuclear Cu enzymes, suggested a 
variation of the latter pathway (red in Figure 29) that may be accessible to LPMOs.283 They 
proposed that after formation of a Cu(II)–hydroperoxide and substrate radical O–O bond 
cleavage occurs when the radical reacts with the proximal, nonprotonated oxygen atom 
rather than the distal oxygen of the hydroperoxide to form a Cu(II)–hydroxide and a bound 
oxygenated substrate radical. The calculated transition state for this radical rebound step 
invoked a side-on peroxide, similar to that recently observed in a crystal structure of a 
dioxygen species bound to the Cu(II) of JdLPMO10A290 (vide supra). A proton-coupled 
electron-transfer step would then quickly generate Cu(II)–H2O, and further protonation 
would yield the hydroxylated substrate product.
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On the basis of DFT calculations of the LPMO mechanism, Kim et al. proposed an 
alternative mechanism in which a Cu(II)–oxyl would be the species responsible for HAA 
(green path in Figure 29).260 In their mechanism two electrons are transferred to the Cu(II)–
superoxide prior to HAA to form a Cu(II)–oxyl (triplet ground state) with a substantially 
lower barrier for HAA than that calculated for a Cu(II)–superoxo species. This results in a 
substrate radical that then rebounds to form the hydroxylated product and regenerates the 
Cu(I)–LPMO. Although the reported barrier was lower for the Cu(II)–oxyl pathway in this 
study, the energies of the two protons and two electrons required to form the Cu(II)–oxyl 
from the Cu(II)–superoxo were not accounted for in the calculations. Additionally, the 
model included axial O2 binding which is at odds with crystallography and all other 
computational results. Support for HAA after O–O cleavage comes from Tolman and co-
workers, who reported the one-electron oxidation of a tetragonal Cu(II) complex to form a 
Cu(III)–OH complex.267,291–294 While the Cu(III)–OH is formally a protonated form of 
Cu(II)–O·−, the former has a singlet ground state rather than the energetically favored triplet 
ground state of the Cu(II)–oxyl. However, it is interesting to note that a reactive, triplet 
Cu(II)–oxyl complex would likely be protonated in aqueous medium due to the high pKa 

(11.7 ± 2.2) of the Cu(III)–OH.293 H atom abstraction by a Cu(III)–OH would produce a 
Cu(II)–OH2 species that is not capable of rebound to form a hydroxylated product.

A report recently published by Bissaro and co-workers, originally available online in late 
2016, argues that hydrogen peroxide, rather than molecular dioxygen, is the direct oxidant 
employed by LPMOs.101,167 They use several lines of evidence in support of their claim. 
First, they correlate increased LPMO reactivity with conditions in which low to moderate 
amounts of H2O2 are generated in situ or added to the reaction mixture. Note that excess 
hydrogen peroxide was found to be detrimental to activity and resulted in oxidative damage 
to the enzyme, with oxidation mostly restricted to residues near the active site. Second, they 
demonstrated that product formation using periodic additions of peroxide under anaerobic 
conditions matched product formation in the presence of dioxygen. Third, isotope-labeling 
experiments showed that the oxygen atoms from H2O2 were incorporated into the product 
even in the presence of dioxygen. Finally, they demonstrated that under turnover conditions 
using only O2 as the oxidant the addition of horseradish peroxidase inhibits LPMO activity. 
The lack of inhibition previously reported3 (and again demonstrated by Bissaro et al.) by 
catalase was attributed to the substantially lower Km of peroxidase, allowing it to compete 
more effectively with the LPMO for available peroxide. The catalytic mechanism would 
then follow the reaction in eq 2 rather than in eq 1. This study focused mainly on 
ScLPMO10C; however, increased activity in the presence of peroxide was also reported for 
three other LPMOs: PcLPMO9D, ScLPMO10B, and SmLPMO10A (CBP21).167 The results 
of their studies indicate that while utilization of H2O2 is common to many LPMOs, the 
activity enhancement was enzyme dependent, suggesting different peroxide reaction rates.

H
2
O

2
+ R − H

Cu(I) − LPMO
H

2
O + R − OH (2)
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If the results of this study are germane to the LPMO family then the mechanistic picture 
outlined above would change. Low levels of H2O2 could be generated via several known 
mechanisms. The most obvious source of H2O2 generation would be by nonsubstrate-bound 
Cu(I)–LPMOs reacting with O2 to form superoxide which could then disproportionate to O2 

and H2O2.119 As noted above, this reaction is already known to occur in the absence of 
substrate.4,295 In cases where excess reductant would be present under turnover conditions 
in the presence of O2, peroxide will be generated and also the initial reduction of Cu(II)–
LPMO will take place to enable the reaction shown in eq 2. Note that an external reductant 
is required to activate the Cu(II) site (i.e., reduction to Cu(I)) but is not required for turnover 
with peroxide, as this cosubstrate contributes the 2 electron equivalents required for the 
reaction.

On the basis of their results, Bissaro et al. proposed several mechanisms for reactivity with 
peroxide (Figure 32) but favored one. In this proposal, a priming reduction step generates a 
Cu(I)–LPMO, which then binds substrate and reacts with H2O2 to homolytically cleave 
peroxide with protonation of the distal oxygen (Figure 32, top) to give off H2O and form a 
Cu(II)–oxyl (triplet). This would perform HAA on the substrate to give Cu(II)–OH and a 
substrate radical. Radical rebound of the hydroxyl with the substrate radical would produce 
the hydroxylated product and Cu(I). Note that if the Cu–oxyl triplet is further protonated, as 
mentioned above after HAA, it is likely not capable of rebound hydroxylation. Alternatively, 
binding of hydrogen peroxide to Cu(I) could be followed by protonation of the proximal 
oxygen (Figure 32, bottom), generating a hydroxyl radical and Cu(II)–hydroxide. On the 
basis of the observed selectivity, the hydroxyl radical would therefore have to be well 
positioned to rapidly abstract the correct H atom from the substrate to yield H2O. The 
Cu(II)–hydroxide formed with proximal oxygen protonation would then rebound to the 
carbon radical to hydroxylate the substrate and regenerate the Cu(I) state of LPMO. 
Importantly, in either pathway the reductant is an activator and is not required in the 
stoichiometry of the reaction.

There are model systems where researchers report reaction of Cu(I) with H2O2. Model 
complex chemistry was reported using 6-[bis(phenylmethyl)amino]-N,N-bis(2-
pyridinylmethyl)-2-pyridinemethanamine derivatives as ligands to Cu(I).273 Reaction of the 
Cu(I) complex with H2O2 formed a Cu(I)–OOH complex that can be protonated at either the 
proximal nonprotonated or the distal protonated O of the hydroperoxy moiety (Figure 33A). 
DFT calculations showed that distal protonation of the Cu(I)–OOH to yield a Cu(II)–oxyl 
species is thermodynamically more favorable than protonation at the proximal oxygen. 
However, there is a kinetic barrier (Figure 33B) associated with the intersystem crossing and 
spin state change for the conversion from the singlet Cu(I)–OOH to the triplet Cu(II)–oxyl. 
Although certain parallels can be drawn between these model complexes and the reactivity 
predicted for LPMOs, the calculated thermodynamic values and kinetic barriers would be 
dependent on the copper ligation and would be different for the LPMO active-site structure 
and ligation. Furthermore, hydroxyl radical generation would likely be less selective than the 
site-specific C1- or C4-hydroxylation observed for LPMOs; therefore, a mechanism 
invoking a hydroxyl radical has issues.
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Recently, Garcia-Bosch et al. reported reactivity data for Cu(I) complexes supported by 
tris(2-pyridylmethyl)amine or (2R,2′R)-1,1′-bis(2-pyridylmethyl)-2,2′-bipyrrolidine 
ligands which, when reacted with H2O2 and cyclohexane, gave the hydroperoxy product via 
a radical species in a Fenton-like reaction.269 In parallel, Concia et al. showed that tridentate 
complexes with both N-[(1-methyl-1H-imidazol-2-yl)-methylene]-2-pyridineethanamine 
(LAM) and N-[(1-methyl-1H-imidazol-2-yl)methylene]-2-pyridineethanimine (LIM) 
produced stable Cu(II)–hydroperoxide complexes that react with a model substrate (p-
nitrophenyl-β-D-glycopyranoside) of cellulose at room temperature.296 The role(s) of this 
intermediate, however, were not uncoupled from alternative scenarios involving copper-
generated radicals. Regardless, these data provide insight into a potential mechanism for 
LPMO function where H2O2 is utilized as a cosubstrate.

The mechanisms at work in LPMOs to selectively oxidize substrates without the release of 
reactive oxygen species, which would not be selective in C1/C4 hydroxylation, are presently 
the subject of intense study. Recent data suggest a role for hydrogen peroxide as cosubstrate, 
but the dependence of LPMO turnover on H2O2 has not been established. Furthermore, it 
may yet be determined that there is a pathway for LPMOs to use molecular oxygen directly 
without generation of potentially harmful oxidants such as H2O2. The possible mechanisms 
outlined above all rely on well-timed delivery of electrons and protons to specific Cu–
oxygen species which could be influenced by the presence of a bound substrate limiting 
axial access.

5.4. Electron Transfer

A component in understanding the reaction mechanism(s) of LPMOs depends on identifying 
the source(s) of electrons required for catalysis. Many questions remain unanswered, but 
progress continues on understanding the thermodynamic and kinetic parameters of suitable 
electron donors and possible interactions with the LPMO protein during turnover.

The standard reduction potentials reported for AA9s at pH 6 are ~150–330 mV vs the 
standard hydrogen electrode (SHE),92,166,182 and potentials of AA10s have been reported in 
the range ~220–370 mV vs SHE.124,196,198 To date, no reduction potentials have been 
reported for AA11 or AA13 enzymes, though they are likely to be within the same range. In 
order to facilitate LPMO catalysis, an electron donor must have a potential that is close to or 
below that of the LPMO copper active site (≤200–300 mV). The inability of high potential 
electron donors to yield oxidized products has been demonstrated experimentally using a 
range of small molecule electron donors.4,5

Cellobiose dehydrogenase (CDH)93,99,297 is an extracellular flavocytochrome enzyme that is 
capable of storing two electrons and donating them to the LPMO active site (see section 
4.5). The CDH consists of a flavin adenine dinucleotide (FAD)-binding domain, a 
cytochrome b domain, and some CDHs have a CBM domain. The FAD-binding domain is 
rapidly reduced by cellobiose (the disaccharide of two glucose units bound by β(1–4) 
glycosidic bonds found in cellulosic biomass). The FAD domain shuttles the electron to the 
cytochrome domain, which then reduces the LPMO copper center.145,298 In the absence of 
LPMOs, the cellobiose reduction rate for a CDH with a CBM was 42.7 s−1 and without a 
CBM was 1.68 s−1. Deletion of the CDH-encoding gene in LPMO-expressing fungi results 
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in reduced cellulose activity that is partially restored upon reintroduction of a CDH to the 
deletion variants.93 Cyclic voltammetry4 and rapid kinetic measurements show that the 
cytochrome domain of the CDH is responsible for ET to the LPMO. Furthermore, reduction 
potentials (vs SHE) at pH 6 for the FAD domain are ~0 mV, and those of the cytochrome 
heme b cofactors are reported in the range from 99 to 163 mV, which are both well below 
those reported for Cu–LPMOs and appropriate for ET from the flavin to the cytochrome b.
299

In the absence of substrate, the reduction rates of LPMO active sites by cytochrome domains 
of CDHs are comparable to CDH reduction by cellobiose, with rate constants reported in the 
range of 0.9–20.6 s−1 at pH 6, with others as high as 67.2 s−1 at pH 5.4 These ET rates show 
that CDHs are kinetically competent electron donors for LPMO catalysis given that turnover 
numbers for LPMOs are on the order of ~0.1 s−1. It is worth noting here that the reaction of 
the CDH with O2 was reported to be 105-fold slower than the rates reported for ET from the 
cytochrome domain to Cu–LPMO. The fact that the CDH is more efficient at reducing 
LPMOs argues against earlier proposals that CDHs contribute to cellulose degradation by 
promoting H2O2 formation upon reaction with O2, leading to uncontrolled Fenton chemistry.
295 This, however, would not preclude the possibility that CDHs produce low levels of H2O2 

upon reaction with O2 that would then function as the cosubstrate for LPMOs (vide supra).

The interactions between CDH and LPMOs have been investigated by NMR studies249 as 
well as site-directed mutagenesis and docking simulations (see section 4.5) leading to 
reports that the CDH interacts directly with the copper site of the LPMO via a patch of 
surface residues that include His-1, Ala-80, His-83, and Tyr-204. These are residues on the 
substrate-binding surface of LPMOs that have also been shown to interact directly with 
cellulosic substrates (Figure 34; NcLPMO9C numbering). While the evidence reported to 
date indicates that the CDH alone is capable of supplying the electron equivalents required 
for catalysis via access to the active-site surface, this interaction is likely not possible during 
the hydroxylation reaction, as the active-site surface will be blocked by substrate binding. In 
an effort to circumvent this complication of the O2 activation mechanism that requires two 
electrons, some have proposed7 that a nearby tyrosine or tryptophan residue is oxidized 
during turnover, perhaps by a copper–hydroperoxo species, and provides the second electron 
for the reaction. To complete the cycle, the CDH would donate two electrons: one to reduce 
Cu(II) to Cu(I) and another to quench the tyrosine or tryptophan radical.

An alternative model exploits the aromatic residues in the vicinity of the copper site that 
form a through-protein ET pathway connecting the active site of the LPMO to a potential 
CDH-binding site on a solvent-exposed surface of the LPMO.107,192 Figure 35 shows an 
AA9 LPMO crystal structure (PDB ID 2YET) with the copper active site separated by 16.8 
Å from a proposed conserved CDH-binding patch (magenta; Pro-221, Gly-222, Pro-223). 
Several conserved residues (cyan; Trp-129, Tyr-218, His-164) have been proposed as a 
potential ET pathway linking the conserved histidine of the active-site H-bonding network to 
the CDH-binding site on the opposite side of the protein.

Since the potentials in the absence of substrate are known, the potential difference for ET 
between heme b (E° = 130 mV) and a typical AA9-LPMO (E° = 275 mV) is ~145 mV. If we 
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assume the reorganization energy of Cu(II)/(I)–LPMO is comparable to that reported by 
Cowley et al. for the CuH site in the noncoupled binuclear copper enzymes PHM and DβM 
(1.33 eV) and that the reorganization energy for the heme b site in CDH is similar to the 
reorganization energy reported for heme c (1.2 eV), the total reorganization energy for the 
heme b CDH/Cu–LPMO ET can be estimated as 1.25 eV.300 Given the moderate 
thermodynamic driving force and significant reorganization energy, the fairly fast observed 
rate of 20.6 s−1 for the reduction of LPMO by the CDH cytochrome domain (at low protein 
concentrations) seems unlikely to be the result of a long-range ET (~17 Å) tunneling 
mechanism.

Although studies have focused on the involvement of the CDH in electron transfer, not all 
fungi-expressing LPMOs have genes to express CDH domains and bacteria-expressing 
LPMOs lack the CDH encoding gene. In some cases, researchers use small molecule 
reductants such as ascorbic acid.93 Other sources of reductants used include substituted 
phenols from lignin degradation or plant extractives, glucosemethanol-choline 
oxidoreductases that use plant-derived or fungal diphenols as redox mediators, and more 
recently lightactivated photosynthetic pigments.6,147,301 Of these reductants, the highest 
degree of activity and product formation was reported for those with standard reduction 
potentials close to or below those of the LPMOs (in the range from 75 to 260 mV vs SHE).4

An area of investigation is to what extent LPMO activity is a function of the potential of the 
electron donor used in catalysis. A study by Kracher et al. looked at a series of reductants 
and found that those with lower potentials could be correlated with higher LPMO turnover 
rates.4 A separate study utilizing three LPMOs from M. thermophila C1 reported 
oligosaccharide product yields using 34 different reductants, including mono-phenols, 
benzenediols and -triols, and sulfur-containing compounds.5 The fraction of those reductants 
that were capable of generating oxidized products differed among the three LPMOs as 
monitored by the amount of soluble oligosaccharides in the reaction mixture. These 
reactivity differences were correlated to differences in the surface charge distribution of the 
three enzymes. The homologue that showed significant activity with the largest number of 
reductants had the most positive charge on the active-site surface, and the homologue that 
reacted with the fewest number of reductants had the least positive charge near the active 
site. This correlation may be the result of more favorable interactions of negatively charged 
electron donors with the active-site surface. Alternatively, structural models of these three 
enzymes show that the active-site Cu of the most active enzyme is the most solvent exposed, 
and the least active enzyme is the least solvent exposed.

Taken together, these studies show a dependence of LPMO reactivity on the reduction 
potential differences between LPMOs and electron donors. While these studies are 
compelling, it is currently unclear whether in the presence of substrate these small molecule 
reductants would have direct access to the active site and be influenced by the surface charge 
of the protein near the active site or the accessibility of the Cu site or if they utilize a 
through-protein ET pathway as invoked for CDH turnover. Further studies are warranted to 
identify the nature and timing of the interaction between LPMOs and these electron donors.
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5.5. Comparison to Other O2-Activating Enzymes: An Active Site Perspective

Comparison of the LPMO active site and reactivity to those of galactose oxidase (GalOx) 
and noncoupled binuclear copper enzymes, PHM, TβM, and DβM, highlights several key 
parallels and differences that are useful to note. First, the active site involved in cofactor 
biogenesis in GalOx utilizes a single reduced copper that is thought to react with O2 to yield 
a Cu(II)–superoxy intermediate.302,303 The copper–superoxo triplet then abstracts an H atom 
from a nearby cysteine residue to yield a radical that cross-links with a neighboring tyrosine 
residue. From here the resulting reduced Cu center can react with O2 to give a second H2O2 

and generate the 2-electron-oxidized coupled Cu(II)–O(Tyr radical)--S(Cys) active site. 
Despite some similarities to proposed mechanisms for LPMOs, GalOx cofactor biogenesis is 
stoichiometric in generating the Cu(I)-bound cystinated tyrosinate and subsequent steps in 
the actual reaction of GalOx with galactose diverge from those of LPMOs. The copper-
dependent enzymes PHM, TβM, and DβM, on the other hand, have two nonmagnetically 
coupled copper sites, CuH and CuM, separated by a solvent cleft spanning 11 Å.255,304 The 
O2 reaction in these enzymes takes place at the CuM site to likely form a superoxo level 
intermediate that can hydroxylate substrate. Despite the O2 activation and reaction step in 
the noncoupled binuclear enzymes being similar to those proposed for LPMOs in the O2 

activation mechanism (Figure 29), the origin of the second electron required for catalysis is 
clearly defined as it comes from the nearby CuH site. In the case of LPMOs there is no 
second redox site (i.e., a Cys-Tyr or CuH) to donate electrons, and it is thus not clear where 
the second electron would come from or how it would be stored. Intriguingly, proponents of 
mechanisms invoking H2O2 as a cosubstrate to Cu(I)–LPMO point out that involvement of 
H2O2 would alleviate the need to store a second electron and would provide a clear picture 
of the electron source. H2O2 involvement will likely be the focus of future research into 
LPMO reactivity.

6. CONCLUDING COMMENTS

Natural polysaccharides provide carbon sources for organisms to support growth and can 
provide a source for renewable fuels and chemicals. The breadth of LPMO literature reflects 
the diverse structure and organization of natural polysaccharides with some organisms 
having evolved enzyme systems with multiple enzymatic activities for polysaccharide 
degradation. Early studies related to the conversion of polysaccharides to fermentable sugars 
focused on glycoside hydrolases. However, recent years have seen a surge in the number of 
LPMOs identified that are able to break the strong C–H bonds in the highly recalcitrant 
polysaccharide chains via an oxidative mechanism.

LPMOs form a large and diverse class of enzymes that encompasses a wide array of 
substrate specificities. Although most are small proteins with a single redox-active catalytic 
domain, some LPMOs also have small carbohydrate-binding domains. The genes encoding 
for these enzymes have been found in bacteria, fungi, plants, animals, and even viruses, with 
some organisms having a few dozen genes encoding LPMOs. These enzymes oxidize the C1 
or C4 of the sugar units of polysaccharides, weakening the glycosidic bond. Although the 
LPMO nomenclature can be rather cumbersome, current convention sorts LPMOs into 
Auxiliary Activity Families AA9, AA10, AA11, and AA13 in the CAZY database. These 
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LPMO families differ in terms of substrate and reaction specificity. A new family, AA14, 
was identified recently for which substrate specificities have been predicted but are not yet 
confirmed.

LPMOs have found applications in the degradation of lignocellulosic biomass and its 
conversion to fermentable sugars, often as part of a complex enzymatic cocktail. Despite 
protein-engineering efforts to understand the mechanism and improve the performance of 
LPMOs for lignocellulosic biomass conversion, the reaction mechanism is still unclear. 
What is known is that LPMO degradation of lignocellulosic biomass requires reducing 
equivalents as well as oxygen, which may place limitations or restrictions on the use of these 
enzymes in an industrial process. Future efforts in this area will benefit from tailoring both 
processes and enzymes for maximum efficiency of the lignocellulosic biomass conversion 
process.

Structure elucidations of LPMOs played a role in understanding this class of enzymes. 
Structural studies of LPMOs have, among other things, led to the elucidation of substrate 
specificities in this enzyme class and allowed for detailed snapshots of enzyme–substrate 
interactions. Several of the existing structures provide details of metal coordination that 
assists in interpretation of the spectroscopic measurements helping to understand the 
mechanism of oxygen reactivity in this class of enzyme.

A look at these small, simple, and powerful redox active proteins capable of the high-energy 
process of H atom abstraction at the molecular level provides key insight into polysaccharide 
degradation processes. The open, single copper reactive center of LPMOs provides 
opportunity for the study of oxygen activation mechanisms of copper without the complexity 
of interacting protein domains and additional metal centers. Spectroscopic measurements are 
key to developing active-site mechanistic insight on a molecular level. The variety of 
enzymes and small molecules that can donate electrons to LPMOs for oxidation of 
substrates allow flexibility in studying the reduction of the copper center. Unfortunately, 
small oligosaccharide binding is not common with LPMOs, limiting opportunities for 
spectroscopic definition of enzyme–substrate complexes.

Our groups have found working with these enzymes to be intellectually rewarding from both 
fundamental and applied sciences stances, and we look forward to the continued progress in 
elucidating the catalytic mechanism of LPMOs as well as their application in an industrial 
capacity.
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Figure 1. 
Catalytic schemes for hydrolytic and oxidative cleavage of glycosidic bonds. (A) Retaining 
mechanism for hydrolysis of glycosidic bonds by glycoside hydrolases. (B) Inverting 
mechanism for hydrolysis of glycosidic bonds by glycoside hydrolases (Modified with 
permission from ref 2. Copyright 1995 Elsevier). (C) General scheme for oxygen and 
electron-dependent cleavage of glycosidic bonds by LPMOs. Vaaje-Kolstad et al. 
demonstrated that oxygen atoms from molecular oxygen and solvent water end up in 
reaction products.3 Ascorbic acid has been used extensively as an electron donor for 
LPMOs, but various other compounds and enzyme systems can provide electrons as well.4–6
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Figure 2. 
Structures of starch. (A) Molecular structure of α-1,4-linked glucan with C1 carbon 
indicated with blue shading and C4 carbon indicated with yellow shading. α-1,4 linkage 
results in helical structures in solution. (B) Molecular structures of amylose and amylopectin 
showing branching patterns and formation of secondary structures. Individual glucose 
residues are represented by gray circles. (C) Alignment of amylopectin double helices giving 
rise to crystalline regions (1) interspersed with amorphous regions (2). Adapted with 
permission from ref 14. Copyright 2016 Springer.
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Figure 3. 
(A) Molecular structure of cellulose with structural cellobiose repeating unit indicated by 
brackets with C1 carbon indicated with blue shading and C4 carbon indicated with yellow 
shading. (B) Molecular structures of Cellulose Iα, Iβ, II, and IIII. Hydrogen atoms have been 
omitted from view for clarity. Crystallites were generated using Cellulose-Builder and 
visualized using PyMol.20,21
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Figure 4. 
Hemicelluloses. (A) Molecular structures of monosaccharide building blocks. (B) Schematic 
representations of hemicellulose building blocks. (C) Hemicellulose polymers. of branching 
and, in many cases, is matched to the role of the polysaccharide in the cell wall.36
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Figure 5. 
Pectins. Schematic representation of five types of pectins, and the molecular structures of the 
monosaccharide components of pectins.
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Figure 6. 
(A) Structures of major monolignol building blocks. (B) Substituted phenyl rings in 
polymerized lignin. Adapted with permission from ref 40. Copyright 2004 Springer.

Meier et al. Page 70

Chem Rev. Author manuscript; available in PMC 2018 June 01.

A
u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t



Figure 7. 
Chitin. (A) Molecular structure of chitin with C1 carbon indicated with blue shading and C4 
carbon indicated with yellow shading. (B) Crystal structure determined for α-chitin with the 
crystallographic repeating unit indicated by blue boxes. Reproduced from with permission 
from ref 63. Copyright 2009 American Chemical Society. (C) Molecular structure of 
chitosan. Repeating structural disaccharide units in A and C indicated by brackets.
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Figure 8. 
Exposure of C1 and C4 atoms in cellulose chains. (A) Stick and (B) space-filling 
representations of three cellohexaose molecules of a Cellulose Iβ crystal as presented in 
Figure 3. Hydrogen atoms are not shown for clarity. C1 and C4 atoms have been colored in 
blue and yellow, respectively. Due to the opposite orientation of glucose molecules in the 
cellobiose repeating unit, every other C1–C4 atom pair is exposed to the surface in cellulose 
chains that are at the top or bottom of the cellulose fibril. Type 1 LPMOs specifically attack 
C1 atoms (blue), type 2 enzymes specifically attack C4 atoms (yellow), and type 3 enzymes 
attack both C1 and C4 atoms.110
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Figure 9. 
Examples of electron sources that can reduce the LPMO (orange) active-site copper (teal). 
(1) Small molecules such as ascorbate can donate electrons directly.3 (2) Enzymatic electron 
donors such as cellobiose dehydrogenase (CDH) can transfer electrons from the catalytic 
dehydrogenase domain (DH, yellow) via the cytochrome heme domain (CYT, blue) to a 
LPMO.145 Pyrroloquinoline quinone (PQQ)-dependent pyranose dehydrogenase has been 
postulated to transfer electrons in a similar fashion.146 (3) Insoluble high-molecular-weight 
lignin can serve as a reservoir for electrons facilitating LPMO activity.6 (4) Excited 
photosynthetic pigments can provide electrons for LPMO activity.147 (5) Polyphenol oxidase 
(red) can generate small molecule electron donors for LPMO activity from lignin building 
blocks.148 (6) Principle of regeneration of an oxidized quinoid form of electron donor by 
glucose-methanolcholine (PMC) oxidoreductases (green) such as glucose dehydrogenase 
(GDH), glucose oxidase (GOx), pyranose dehydrogenase (PDH), and the dehydrogenase 
domain of CDH (DH).4 Adapted with permission from ref 4. Copyright 2016 The American 
Association for the Advancement of Science.
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Figure 10. 
Summary of the reactions catalyzed by cellobiose dehydrogenase (CDH) and β-glucosidase. 
(A) Oxidation of cellobiose to cellobionolactone by CDH. Hydrolysis of (B) cellobiose to 
glucose and (C) cellobionolactone to glucose and gluconolactone by β-glucosidase (BGL). 
Adapted with permission from ref 159. Copyright 2012 Springer.
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Figure 11. 
Illustration of early published LPMO structures. (A) S. marcescens LPMO10A (CBP21). 
(B) T. reesei (H. jecorina) LPMO9B (Cel61B, EG7) presented with the backbone as cartoon 
and with the molecular surface in transparent gray.106,183 Three-helix insert of 
SmLPMO10A or “bud” (as described in the text) is marked with an arrow and shown in a 
more intense red color. Corresponding region in HjLPMO9B is shown as a more intense 
green color. LPMO characteristic metal-coordinating histidines and active-site 
phenylalanine/tyrosine are shown as blue colored sticks.
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Figure 12. 
Illustration of the three main types of AA9 LPMOs. (Left and right) Top-down view of a 
transparent protein surface with the backbone represented as a cartoon and side view of the 
backbone, respectively. (A) Type 1: T. terrestris LPMO9E (PDB ID 3EJA).95 (B) Type 2: N. 
crassa LPMO9D (PMO-2, PDB ID 4EIR).192 (C) Type 3: N. crassa LPMO9M (PMO-3, 
PDB ID 4EIS).192 Catalytic site metal atom is shown as a sphere (Mg in 3EJA), active-site 
residues are colored blue, varying parts of the L2 region are colored yellow, varying parts of 
the L3 region are colored red, partially conserved loop on the opposite side of the catalytic 
site is colored cyan, and surface parts of the LC region are colored green.
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Figure 13. 
Four different AA10 LPMOs, one from each cluster 1–4 defined by Vaaje-Kolstad and co-
workers with the L2 region/loops marked in red.10 (A) Chitin-active BaLPMO10A (PDB ID 
2OYX).198 (B) Cellulose-active ScLPMO10C (PDB ID 4OY7)).124 (C) Chitin-active 
JdLPMO10A (PDB ID 5AA7).123 (D) AA10 LPMO domain of the entomopoxvirus fusolin 
protein (PDB ID 4YN2).80
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Figure 14. 
Side-by-side comparison of AA11, represented by A. oryzae LPMO11 (AoAA11; PDB ID 
4MAI) and AA9, represented by T. aurentiacus LPMO9A (PDB ID 3ZUD).92,107 (A) Fold 
of AoLPMO11 as a cartoon representation with the histidine brace at the top. (B) Same view 
of TaLPMO9A. (C) AoLPMO11 presumed chitin-interacting surface (active-site histidines 
colored blue). (D) For comparison, the cellulose-interacting surface of TaLPMO9A (active-
site histidines colored blue).
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Figure 15. 
Side-by-side comparison of AA13, represented by A. oryzae LPMO13 (PDB ID 4OPD) and 
AA9, represented by TaLPMO9A (PDB ID 3ZUD).92,105 (A) AoLPMO13 fold as a cartoon 
representation with the histidine brace at the top. (B) Same view of TaLPMO9A. (C) 
AoLPMO13 presumed starch-interacting surface (active-site histidines colored blue; groove 
indicated by a black dotted line). (D) For comparison, the cellulose-interacting surface of 
TaLPMO9A (active-site histidines shaded blue).
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Figure 16. 
Type A carbohydrate-binding modules CBM1 (cellulose) and CBM5 (chitin) with the 
aromatic residues important for substrate binding shown as sticks. (A) CBM1 domain of T. 
reesei Cel7A cellobiohydrolase, PDB ID 2MWK.209 (B) CBM5 domain of Moritella marina 
chi60 Chitinase, PDB ID 4MB4.210
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Figure 17. 
Extended C-terminal linker in T. reesei (H. jeocorina) LPMO9A and the extra residues in L. 
similis LPMO9A. Surface and cartoon representations of (A) HjLPMO9A (PDB ID 5O2X) 
and (B) LsLPMO9A (PDB ID 5ACJ).180 HjLPMO9A, active on crystalline substrates, has a 
flat surface, while Ls(AA9)A, active on both cellulose and soluble substrates, has a less 
pronounced binding surface also containing a “ridge-like” topology. Orientations of the two 
molecules are the same with the binding surfaces on top of the molecules. Catalytic sites 
with two histidines: one tyrosine (blue) and the copper atom (orange) are shown with sticks/
sphere. Both structure models contain 15–20 extra C-terminal residues (magenta). While the 
native full-length HjLPMO9A has a CBM1 module, the native LsLPMO9A does not (see 
section 4.2).
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Figure 18. 
Cellohexaose, in gray and red, bound to L. similis LPMO9A (PDB ID 1ACI) in yellow.180 

Copper atom is shown as an orange sphere, while a hydrogen-bond bridging water molecule 
(red) and a chloride ion (green) are shown with their vdW radius as “dots”. Hydrogen bonds 
are shown as yellow dotted lines. Copper atom and C4 atom of the glucosyl unit in +1 
subsite is connected with a black dotted line in the space corresponding to the presumed O2-
binding site.
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Figure 19. 
Active site models of the three-coordinate Cu(I)–TaLPMO9A (A) and four-coordinate + 
H2O Cu(II)–TaLPMO9A (B). Second-sphere residues are labeled, and bond distances to 
noncoordinating residues are indicated by gray dashed lines. Adapted with permission from 
ref 251. Copyright 2014 National Academy of Sciences of the United States of America.
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Figure 20. 
Rendering of the active site of Ef LPMO10A in stick representation showing the trigonal 
bipyramidal structure and conserved AA10 residues (PDB ID 4ALC).
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Figure 21. 
EPR spectra of Cu-loaded (red) and apo (blue) AA9 species from T. aurantiacus. Reprinted 
with permission from ref 251. Copyright 2014 National Academy of Sciences of the United 
States of America.
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Figure 22. 
X-band EPR spectra recorded at 30 K for chitin-oxidizing Cu(II)–AA10 LPMOs. 
Experimental spectra are shown as solid lines, and simulations are shown as dotted lines. 
These spectra show additional superhyperfine splitting centered around 325 mT. Reprinted 
in part with permission from ref 125. Copyright 2014 American Chemical Society.
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Figure 23. 
X-band EPR spectra (solid lines) and simulations (dotted lines) of wild-type CelS2 (top), 
F219A variant (middle), and F219Y variant (bottom). Reprinted in part with permission 
from ref 125. Copyright 2014 American Chemical Society.
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Figure 24. 
Room-temperature CD (A), low-temperature, 5 K MCD (B), 77 K X-band EPR (C), and 77 
K Q-band EPR (D) spectra of wild-type HjLPMO9A (blue) and Cu(II)-HjLPMO9A-ΔCBM 
(black). CD spectra shown have the corresponding spectra of the apo enzyme removed 
subtracted. Low-temperature MCD spectrum prepared by subtracting the 0 T spectrum from 
the 7 T data. Reproduced with permission from ref 177. Copyright 2017 The American 
Society for Biochemistry and Molecular Biology.

Meier et al. Page 88

Chem Rev. Author manuscript; available in PMC 2018 June 01.

A
u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t
A

u
th

o
r M

a
n
u
s
c
rip

t



Figure 25. 
X-band EPR spectra of Cu(II)–NcLPMO9C recorded at 77 K in the absence (top) or 
presence (bottom) of the soluble substrates cellohexaose (20 mg/mL) or xyloglucan (15 mg/
mL). Experimental spectra are shown as black solid lines. Simulations of the experimental 
spectra are shown as dashed lines below the corresponding experimental spectra. This figure 
demonstrates the effects of polysaccharide substrate binding on the LPMO copper active site 
as monitored by EPR spectroscopy. Reprinted in part with permission from ref 182. 
Copyright 2015 The Journal of Biological Chemistry.
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Figure 26. 
(A) Crystal structure of Cu(I)–Ls(AA9)A LPMO with G3 substrate bound on the surface of 
the enzyme. Protein–substrate contacts are shown as black dashed lines, and key residues 
involved in substrate binding are labeled. (B) Electron density map of the protein–substrate 
crystal structure of Cu(I)–Ls(AA9)A LPMO with G3 substrate under low X-ray dose 
conditions. Note the chloride ion that is nestled in the active site. Reprinted in part with 
permission from ref 180. Copyright 2016 Nature Publishing Group.
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Figure 27. 
Hypothetical model of LsAA9 active site with the chloride ligand in Figure 26B replaced by 
O2. Orientation of the oxygen ligand is chosen to minimize C4–H distance. Initial 
coordinates from PDB ID 5ACF.
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Figure 28. 
Renderings of Cu/O2 complexes reported to date with bond lengths given in Angstroms. 
(Left) Cu/O2 species reported by Li et al. in chain A of NcLPMO9D (PDB ID 4EIR) (A) 
and in chain A of NcLPMO9M (PDB ID 4EIS) (B). (C and D) Copper active site for 
NcLPMO9D treated with ascorbate and exposed to atmospheric O2 (PDB ID 5TKH). O–O 
electron density is oriented in an end-on geometry. In C the Cu–O distance is 1.9 Å. (E and 
F) Copper active site of JdLPMO10A.
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Figure 29. 
Proposed LPMO mechanisms in which O2 is the direct oxidant of the polysaccharide 
substrate. Upper branch shows one pathway in which the Cu–superoxide is responsible for 
HAA. Lower branch utilizes a Cu–oxyl to perform HAA.
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Figure 30. 
DFT-optimized structures along the reaction coordinate of superoxide displacement by 
water. Reprinted with permission from ref 251. Copyright 2014 National Academy of 
Sciences of the United States of America.
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Figure 31. 
Molecular orbital diagram of the two possible orientations of superoxide binding to copper. 
End-on geometry is shown in blue on the left, and side-on geometry is shown in red on the 
right. Reprinted with permission from ref 270. Copyright 2013 American Chemical Society.
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Figure 32. 
Proposed mechanisms for LPMO oxidation using H2O2 as the direct oxidant of 
polysaccharide substrate.
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Figure 33. 
(A) Reaction pathways proposed for Cu(I)–OOH showing both proximal and distal 
protonation possibilities. (B) 2-D potential energy surface of the S = 0 singlet Cu(I)–OOH 
and triplet S = 1 Cu(II)–O·− states. Reprinted with permission from ref 273. Copyright 2015 
American Chemical Society.
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Figure 34. 
Crystal structure of NcLPMO9C showing surface residues common to both CDH and 
substrate binding. Side chains of residues His-1, His-64, Ala-80, His-83, and His-155 are 
shown as sticks (PDB ID 4D7U).
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Figure 35. 
Cartoon representation of the T. aurentiacus LPMO9A (PDB ID 2YET) with the copper 
active site colored by atom type and shown in stick representation (green = C, red = O, blue 
= N, orange = Cu). Conserved patch of aromatic residues connecting the two sides of the 
structure are shown in stick representation (cyan). Proposed CDH-binding surface consisting 
of Pro-221 Gly-222 Pro-223 is shown in stick representation (magenta).
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Scheme 1. Regioselectivity of LPMOsa

a(A) Oxidative cleavage at C1 generates a lactone, which hydrates to a reducing-end aldonic 
acid. (B) Oxidation of C4 results in a 4-ketoaldose, which hydrates to a gemdiol. Adapted 
with permission from ref 128. Copyright 2012 American Chemical Society.
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Table 2

Fungal Species of Industrial Relevance with a Focus on Cellulosic Biofuels

species source LPMO genes details example commercial products

Trichoderma reesei canvas bivouac tents 
WWII137

3 established enzyme 
production host138

Spezyme CP (DuPont) Celluclast 
(Novozymes)

Aspergillus niger soil 8 used for commercial 
citric acid production

E19 (Rohm and Haas) C6105, C1184 
(Sigma-Aldrich) Rapidase Press 
(DSM)

Myceliophthora thermophila compost piles139 23–30 thermophilic, 
established enzyme 
production host140,141

Fibrezyme G4 (DuPont)

Thermoascus aurantiacus self-heating hay142 3 thermophilic, 
proposed as enzyme 
production host143

Rasamsonia emersonii 
(Talaromyces emersonii)

self-heating wood chip 
pile144

2 thermophilic Filtrase NL (DSM)
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