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Electrospinning is the process by which an electrically forced elongational fluid jet
produces solid fibers. The strong elongational flow in the jet can induce a significant
degree of molecular orientation in the resulting fibers, and can also be used to orient
and stretch isolated molecules and particles embedded within the jet and resulting
fibers. After a brief introduction to electrospinning, I begin with a description of the
direct measurement of the velocity profile in an electrospinning jet using particle
image velocimetry, and then discuss measurement of the molecular orientation in
individual electrospun fibers using polarized Raman micro-spectroscopy. Individual
suspended fibers were also characterized using atomic force microscopy to measure
their Young’s moduli. I then discuss applications of electrospinning, including the use
of electrospinning jets to stretch and embed isolated DNA molecules and the use of
sacrificial electrospun fibers to produce nanochannels for fluidic applications. Finally,
I conclude with novel electrospinning system designs, including a system that uses
electric fields to steer an electrospinning jet and an automated electrospinning source

using microfabricated nozzles for improved deposition.
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CHAPTER 1
ELECTROSPINNING OVERVIEW
Historical overview
Though the process of electrically forcing a fluid jet to make fibers, known as
electrospinning, has been recognized for over 70 years, its popularity has started to
increase only in the last two decades, likely due to the increased interest in
nanotechnology. In 1917 Zeleny performed observational studies on the instability of
electrified droplets.[1] The next relevant investigation was performed by Sir Geoffrey
Taylor in the 1960s, who published articles relating to the conical shape taken by a
liquid droplet to which an electric potential is applied (now known as a “Taylor cone”)
as well as the fluid jets expelled by electrified liquids.[2, 3] In his work, Taylor noted
several intriguing instabilities of these jets; the theoretical treatment of the flow in
these jets and their various instabilities is still a subject of research today. The first
officially documented case of electrospinning can be found in a patent by Anton
Formbhals in 1934, in which he describes “an apparatus for producing artificial
filaments” using “the action of an electrical field upon liquids containing solid
materials dissolved in them.”[4] Other early work in the field of electrospinning
includes work by Baumgarten on the electrospinning of acrylic fibers[5] and by

Larrondo and Manley on the electrospinning of polymer melts.[6-8]

Overview of the electrospinning process

In a standard electrospinning process, a solution of polymer dissolved in
solvent is supplied to a metallic needle held a distance from a grounded collecting
substrate. The solution forms a droplet at the end of the needle. Upon application of a
high voltage to the needle, the droplet forms a Taylor cone under the influence of the

electric field. If the voltage is increased to the point where the cone becomes unstable,



an elongational fluid jet emerges from the tip of the cone and is accelerated towards
the grounded substrate. As the jet moves towards the grounded collecting substrate, it
thins due to stretching and solvent evaporation. As the solvent evaporates, the fluid jet
solidifies into a polymer fiber, which is deposited on the substrate. Several
instabilities may arise in the jet, such as pulsing at the cone, axisymmetric breakup of
the jet (Rayleigh instability), and the bending (or whipping) instability. The

electrospinning process is illustrated in Figure 1.1.

Grounded
collecting
substrate

Figure 1.1- Illustration of a standard electrospinning system. A typical fiber mat is

shown on the left.

Theoretical treatments of electrospinning jets

While others (including Rayleigh)[9, 10] had investigated the behavior of
electrified liquid drops before him, Sir Geoffrey Taylor is often credited with the
initial attempts to treat such systems theoretically.[2] In his work in 1964, Taylor
presents an argument as to the critical angle formed by an electrified droplet, the
Taylor cone. Taylor assumes a conducting fluid and thus that the surface of the cone
must be at an equipotential. Furthermore, he argues that the force provided by the

electrical potential gradient must balance that of the surface tension on the cone. From



a dimensional standpoint, the stress from the surface tension should go like y/r, and
that from the electric field should go like soEz, where v is the surface tension, r is the
radius along the surface of the cone, &, is the permittivity of free space, and E is the
magnitude of the electric field (a more thorough treatment can be found in the
literature[11]). This implies an r'* dependence to the electric field, and thus the
electric potential can be written in a general form as

V=V, +A4r'"?PB,,(cos ) (1.1)
where V is the electric potential, A is a constant, and P;,x(cos 0) is the Legendre
polynomial of order 2 of the cosine of the exterior angle of the cone, 8. However,
since the surface is an equipotential, V must be constant, and thus the requirement
Py2(cos 69)=0 must hold. This is true for 6,=130.71°, yielding an interior opening
angle of 98.57°, and a half angle of 0=49.29°. This is the angle that is commonly
associated with a Taylor cone, illustrated in Figure 1.2. This conclusion, however,
relies upon several assumptions, and recent work has provided more in-depth
theoretical treatments of the shape of the electrified droplet and yielded the possibility
of other opening angles. [12] Taylor also investigated the critical potential at which a
droplet will begin to jet, using the drop stability condition provided by Rayleigh,[9,
10] V < 4\/@ , where V is the potential of the drop, R, is the initial radius of the

drop, and y is the surface tension of the drop.[2, 3]

Figure 1.2- [llustration of Taylor cone.



Recent studies have attempted to derive theoretical models to predict the shape
and velocity profile of electrospinning jets.[13-18] The derivation below is a
simplified summary of that provided by Hohman et al.[13, 14] for Newtonian fluids.
In this simplification, the only variables are the axial velocity, the jet radius, the
electric field, and the surface charge density. The first equation given is a
conservation of mass equation, which can be written as
0,(prh*) =-0_(prh®v) (1.2)
where p is the fluid density, /(z) is the radius of the jet at an axial distance z and v(z) is
the axial velocity of the jet at z. The volume flow rate Q is z4’v. While many models
assume that mass must be conserved in the system, this does not accurately reflect
most electrospinning jets because a significant amount of solvent evaporates in flight.
Yarin et al. show that this process dramatically alters the behavior of the jet,[19] and
show that the model that accounts for evaporation agrees with experimental data much
better than more simplistic models. In Chapter 3 the reader can find some discussion
on direct measurements of fluid velocity in an electrospinning jet and how these
measurements can indicate where along the jet solvent evaporation is significant. The
charge in the system is assumed to exist mainly on the jet surface, and the
conservation of charge equation is
0,2mho) =—0.(2nhov+ mh’KE ) (1.3)
where a(z) is the surface charge density, K is the fluid electrical conductivity, and E.(z)
is the electric field in the axial direction. The last term is the current due to the bulk

conductivity of the material. The momentum balance equation is

1 20E  3u

2
atv+az(v—):——azp+g+—+ (1.4)
2 o, ph  ph

where p is the internal pressure of the fluid, g is the acceleration of gravity, and p is

the dynamic viscosity. The third term on the right hand side is a tangential stress term



due to the electric field. The pressure is given by
2r

R R, kY4 g
where R1 and R2 are the principle radii of curvature of the air-fluid interface, ¢ is the

pP=7

dielectric constant of the fluid, and ¢ is the dielectric constant of the surrounding
medium (air). The first term is the pressure due to surface tension, the second term is
the difference in axial electric field energy density across the fluid-air interface, and
the last term is due to radial self-repulsion of charge on the fluid surface. The final
equation necessary is the definition of the electric field,

£ ~n(E ey~ (hoy) = E, (0
7 2 &

where y is a parameter that describes the local aspect ratio of the jet, fis (e/&)—1

and E_ is the applied electric field. This relation comes from assuming an effective

linear charge density on the jet A(z) = —(B/4)(h*E)+(27ho / €). The reader may

review Hohman et al. for a more detailed derivation of these equations and how to use

them in steady-state to model the jet behavior. Theoretical treatments of the various

instabilities (pulsing, Rayleigh, bending) in electrospinning jets have also been

attempted.[13, 14, 19, 20]

Electrospinning technique variations

The majority of work in the field of electrospinning deals with jets of a
solution of polymer dissolved in solvent that solidify in ambient air. This technique
works well for polymers that are easily dissolved in volatile solvents, and can also be
used to make ceramic fibers using sol gels.[21] However, there are cases when
spinning from solution is either difficult or impossible and thus other techniques must
be used. One popular technique is to electrospin from a melt of the desired polymer.

[22, 23] In this process, a polymer melt is driven into a jet using an electric field and



the solidifying mechanism is cooling of the liquid melt into a solid fiber. Larrondo
and Manley used this technique to produce relatively large (~100 micron diameter)
fibers from polyethylene (PE) and polypropylene (PP).[6] More recent work by Lyons
et al. has demonstrated melt electrospinning of PP fibers ranging from several hundred
nanometers to several hundred microns in diameter, depending on the particular PP
used.[24] In another variation, wet electrospinning, a solution is electrospun into a
coagulant bath.[25-27] This technique can be used when the solvent required to
dissolve the polymer is not volatile enough to fully evaporate before the jet is
collected.

There are cases when it is difficult to either dissolve or melt the polymer of
interest so that it can be processed. Such polymers are often processed while a
polymerization reaction occurs using techniques such as reaction injection molding
(RIM). The idea of using a chemical reaction to solidify the material of interest has
been applied to electrospinning processes as well. Photo-induced polymerization can
be used to solidify an appropriately chosen monomer/catalyst system.[28, 29] The
thermoset polymer polydicyclopentadiene (PDCPD), typically shaped via RIM, was
used to produce submicron fibers by electrospinning an appropriate monomer/catalyst
mixture.[30]

Due to the bending instability, a typical electrospinning jet deposits fibers in a
random mat. There are several application-specific reasons one might desire that the
fibers be deposited in a more controlled fashion, so several techniques for influencing
the layout of the fiber deposition have been developed; these can generally be grouped
in two categories: mechanical and electrical.

Controlled deposition of electrospun fibers using mechanical motion is
hindered by the fact that electrospinning jets typically travel at rather large velocities,

approximately 1-10 m/sec. To collect straight fibers, the relative velocity between the



tip and collecting substrate must be at essentially the same velocity as the jet, or the
fibers will bunch up. It is relatively straightforward to achieve linear velocities of 1-
10 m/sec using rotational motion; this idea has been exploited in a variety of
geometries to obtain uniaxially aligned fibers.[31-35] Another method to produce
aligned bundles of fibers is to quickly oscillate the collecting substrate through the
electrospinning jet.[36] However, using rotational motion or oscillatory linear motion
it is only possible to control the orientation of the deposited fibers. Recently, Sun et
al. developed a “near-field” electrospinning technique that allows the electrospinning
jet to travel only a short distance (<I1cm) before it encounters the collecting
substrate.[37] The jet is accelerated for only a short time, and the jet velocity at the
collecting position is low and thus standard XY linear stages can be used to move the
sample and collect straight fibers.

Because the electrospinning jet is charged, it is also possible to exert some
control over the deposition process using electric fields. Typically, a single grounded
conducting substrate is used to collect the fibers. The grounded area can be restricted
in a controlled fashion using a patterned electrode, and this causes the fibers to
accumulate only on the grounded electrode, allowing patterning of the random fiber
mat.[38] If two conducting collecting electrodes separated by an insulating gap are
used, the jet will dance between the electrodes and produce a uniaxially aligned array
of fibers.[39, 40] Utilizing an insulating substrate on which grounded metallic
electrodes had been patterned, Li et al. used this effect to fabricate various geometries
of electrodes connected by arrays of electrospun poly(vinyl pyrrolidone) (PVP)
nanofibers.[41] Other collection techniques that rely on such behavior have been
devised, such as the use of dual ring electrodes to collect a uniaxially aligned array of
fibers that can be subsequently twisted into a length of yarn.[42] Another approach to

manipulate the deposition of electrospun fibers is to control the electric field using



external electrodes between the tip and collecting substrate. Deitzel et al. used a series
of circular electrodes as an electrostatic lens to confine the whipping mode of the
electrospinning jet to a smaller radius.[43] Taking this idea one step further, we used
several electrodes to apply a time-varying electric field to steer the electrospinning jet
to “draw” individual fibers;[44] this work is described in Chapter 7.

The most basic electrospinning system uses a single metallic needle as the
source to support to liquid droplet (the “spinneret” or tip). Other more complex
systems have been developed. Multicomponent fibers have been produced using
electrospinning systems with modified spinnerets. Coaxial fibers, which can in many
cases be subsequently processed into hollow tubes, may be produced using a coaxial
electrospinning spinneret, originally developed by Li and Xia.[45] This technique has
been subsequently used to encapsulate a labeled protein, fluorescein isothiocyanate-
conjugated bovine serum albumin (fitctBSA), with polyethylene glycol (PEG) within
poly(e-caprolactone) (PCL) nanofibers ,[46] and also in conjunction with melt
electrospinning to encapsulate hydrocarbons.[47] Instead of using a coaxial
geometry, Liu et al. used a side-by-side spinneret geometry to produce bicomponent
Ti0,/SnO; nanofibers for photocatalysis.[48]

One aspect of typical electrospinning setups that limits commercialization is
low mass throughput. Typical fiber-forming spinning systems operate at mass flow
rates on the order of g/min. Electrospinning processes tend to operate at mass flow
rates of order pg/min to mg/min. Several techniques have been developed to
overcome this problem, all of which use an array of multiple electrospinning
spinnerets operating in parallel. This technique is usually manifested in systems
employing an array of needles fed by the same electrospinning solution;[49] however,
other processes have also been demonstrated. For example, Yarin et al. applied a

magnetic field to a ferrofluid to produce multiple spikes, each acting as an



electrospinning tip supporting a layer of electrified polymer solution.[50] Another
technique to achieve high mass throughput using multiple jets is to immerse an

electrified roller in the electrospinning solution.[51]

Applications of electrospun fibers

Several applications of electrospun fibers have been developed; these can be
categorized into two groups: applications based on fiber mats and applications based
on single fibers. Random mats of electrospun fibers are the easiest geometry to
produce and offer many advantages over bulk material due to the high surface-to-
volume ratio of the fiber mat. There is a vast body of literature discussing the use of
electrospun fiber mats in filtration,[52, 53] tissue engineering,[25, 54-57] drug
delivery,[58, 59] and sensing applications.[60-65]

Isolated electrospun nanofibers may be used as nanoscale devices, with
chemical and electrical properties governed by the material, or as sacrificial structures
for lithography. Direct deposition of functional materials is desirable because
expensive and complicated multi-step lithography processes may then be avoided.
Several studies have demonstrated devices based on single fibers. For example, Liu et
al. deposited doped polyaniline (PANI) nanofibers over electrodes and used this
device as a NHj sensor.[66] Due to the large surface-to-volume ratio of the fiber, the
sensor was both highly sensitive and quick. Several groups have used electrospun
fibers produced from semiconducting polymers such as PANI and regioregular poly-3-
hexylthiophene (RR-P3HT) as the active component for a field effect transistor
(FET).[67-69] Electrospun nanofibers may also be used as mechanical devices;
Kamoeka et al. demonstrated a doubly-clamped beam resonator fabricated by
depositing a silica nanofiber over a trench etched in silicon.[70] The suspended fiber

was excited using a piezoelectric transducer and the resulting mechanical motion was



detected using an optical interferometric method. There are numerous other
possibilities for using single electrospun fibers for device purposes, but in order to
obtain significant device yield one must be able to controllably and reproducibly
deposit fibers. Even when single-fiber control is not necessary, it may still be
desirable to deposit the random mat in a particular pattern.

Electrospun fibers can also serve as lithographic masks or sacrificial layers.
For example, Czaplewski et al. used electrospun poly(methyl methacrylate) (PMMA)
fibers as etch masks to define nanoscale doubly-clamped beam resonators with widths
of approximately 100nm (a feature size typically achievable only using expensive
state-of-the-art photolithography or electron beam lithography).[71] Electrospun
fibers may also be used as a sacrificial layer for defining fluidic channels both

embedded in a bulk substrate and suspended over trenches.[72, 73]
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CHAPTER 2
DIRECT MEASUREMENT OF FLUID VELOCITY
IN AN ELECTROSPINNING JET!

Introduction

There has been a great deal of theoretical work devoted to modeling the
dynamic behavior of electrospinning jets in order to understand the interplay between
the parameters that influence the jet.[1-9] Often, these studies compare their models
to measurements of the jet behavior. The majority of these measurements are static
images of the jet profile taken with brightfield microscopy.[7, 10] Dynamic studies of
jet behavior have the potential to reveal information regarding how the polymer
microstructure forms in the jet and resulting fibers; but such studies are nontrivial
because the jets have radii that taper from a fraction of a millimeter to less than a
micron, velocities that range from zero to over 5 meters/second, and complex motions
in three dimensions. Because of the strong electric fields in the vicinity of the jet (due
to the high voltage on the electrospinning tip) and the charged jet’s susceptibility to
any external field, it is difficult to place any measurement apparatus close to the jet
without affecting its behavior or causing arcing. Thus, most jet characterization
techniques are optical and involve imaging optics relatively far from the jet itself.[7,
10] Electrical measurements of the jet current have also been conducted;[4, 10]
however, these measurements can be ambiguous due to background current from
corona formed at the electrospinning tip.

Several optical methods have been used to characterize electrospinning jets,
ranging from simple low-speed or static white light imaging of the jet profile near the

tip to more complex techniques such as high-speed brightfield imaging of unique

! Reproduced in part from with permission from Bellan, L. M.; Craighead, H. G.; Hinestroza, J. P.,
Direct measurement of fluid velocity in an electrospinning jet using particle image velocimetry. Journal
of Applied Physics 2007, 102, (9), 094308. Copyright 2007 American Institute of Physics.
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formations in the jet[1, 3] and laser Doppler velocimetery.[11] These techniques can
be limited by the resolving power of the optical system, a requirement for large sample
volume to produce measurable signal, or the assumption that nonuniformities in the
macroscopic jet are traveling at the same speed as the fluid. An early study used tracer
particles to image eddy currents in the Taylor cone region.[12] Often jet velocity and
strain rate are not measured directly but simply estimated from other
measurements.[1]

In this study we used fluorescence microscopy to track individual fluorescent
particles in the Taylor cone and in the fluid jet. The measured velocities can then be
compared to calculated velocities from other, less direct measurement techniques in
order to determine whether the assumptions upon which these techniques rely are
correct. Because the electrospinning jet is relatively thin, the tracer particles must be
small and thus give off low levels of light. This necessitates an objective of
reasonable numerical aperture to collect enough light, and a highly sensitive camera.
Moreover, the field of view must be of dimensions similar to those of the jet, and thus
high velocity particles will only appear to the imaging system for a short period of

time, necessitating a high speed (i.e. high frame rate) video camera.

Methods and Materials

The optical system used to observe the fluorescent particles consisted of
several parts, discussed below. An argon ion laser (Ion Laser Technology 5425A-
OOC-2) was used as the fluorescence excitation source. The laser beam first passed
through a beam expander (Edmund Optics 10x beam expander), and then into a
standard fluorescence microscope filter cube. The excitation light then entered a 4x
objective (PlanC 4x/0.1 NA), which focused the light on the electrospinning jet. The

emission light was collected using a high speed intensified camera (Ultracam 3,

20



Videoscope Intl, gated 250 ps) operating at 1000 fps or video rate intensified camera
(ICCD-350F, Videoscope Intl). The fields of view of the cameras were calibrated
using a microscope stage micrometer with 10 pm marks. The video signal from the
ICCD-350F camera was captured on a computer using a PCTV USB2 video capture
device (Pinnacle Systems). A schematic of the optical system is shown in Figure 2.1.
This system was also able to operate in a pseudo-brightfield mode using white light
from a flashlight to illuminate the jet from behind. An image of the electrospinning jet
profile taken in this white light mode is shown in Figure 2.2. We used Matlab to
convert this image into a quantitative jet profile dataset and to further process the data.

The entire experimental setup was mounted on a vibration isolation table.

Electrospinning F Laser

Apparatus
Beam

I Expander

Camera

Objective ~-gg==
=t -

| | P -

. Filter
Cube

Figure 2.1- Schematic of optical measurement setup.

The polymer solution used in this experiment consisted of 1 g of polyethylene
oxide (Acros organics, Mw 100,000) dissolved in a mixture of SmL of deionized water
and 25 pL of 2um FluoSphere solution (Invitrogen F8888 size kit, 2um bead solution,
2% solids) that had been diluted with water 1000-fold. Because the FluoSpheres are
made of polystyrene with a density of 1.05 g/mL (as stated by the manufacturer), they

are essentially the same density as the solution and can accurately indicate flow
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characteristics.[13] This solution was fed into a blunt 22 gauge metal needle using a
syringe pump (Harvard Apparatus 22) at a rate of 0.11 pL/sec. Using a high voltage
power supply (Bertan series 230), we applied a voltage of 4 kV to the metal needle
held at a distance of 17.5 mm above a grounded water bath. The grounded water bath
was used as a collector to avoid an accumulation of charged polymer. The
electrospinning system was mounted on an XYZ stage so that it could be moved

within the field of view of the optical system.

Figure 2.2- Image of electrospinning jet as illuminated from the rear with white light.
The measured jet profile was extracted from this image. Several frames at different jet

positions from a video were combined to make the image
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The rheological properties of the electrospinning solution were characterized to
provide information on the transient response of the material to stress and strain fields.
We used an AR2000 rheometer (TA Instruments) operating with a concentric Couette
cylinder fixture to measure the storage and loss moduli as a function of frequency
using a small angle oscillatory procedure. The point at which these curves cross is
usually considered to correspond to the average relaxation time of the solution. As the
rheometer was unable to operate at a high enough frequency to reach a crossing point,
we determined the longest relaxation time using time-temperature superposition (TTS)
measuring mode to construct an extended master curve at 298K (Figure 2.3). The
rheological data exhibits terminal behavior at lower frequencies similar to that of a
single Maxwell fluid.[14] Therefore, a single relaxation time, small amplitude
oscillatory shear Maxwell model (equations shown below) was used to obtain the

relaxation time t.[15]

2
G'(@)=G, 2D G"(@)=G, —=
1+ (w7) 1+ (w7)
The resulting value of 1651 rad/sec is then taken to be the point at which the

(2.1ab)

extrapolated moduli data curves would intersect, and thus the longest relaxation time

of the material is 0.61 ms.

Results and Discussion

Using the high speed intensified camera, we were able to track fluorescent
particles moving at velocities faster than 200 mm/sec in regions of the jet exhibiting
strain rates varying from 0 to over 400 sec”'. Images from videos of these particles
traveling in the jet are shown in Figure 2.4. Sometimes multiple spots appeared due to
ghosting on the intensifier phosphor screen, but this did not cause any problems when
measuring the particle velocity. The velocity in the vertical direction was determined

by manually measuring the y-position of the particle in two subsequent video frames,
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Storage and Loss Moduli vs Angular Frequency
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Figure 2.3- Storage modulus and loss modulus as a function of angular frequency.
The longest relaxation time was calculated to be 0.61 ms using a single relaxation time

Maxwell fluid model (fit parameters G, = 1360 Pa and T = 0.61 ms).

and multiplying this separation by the frame rate. The y-position ascribed to a given
velocity measurement was halfway between the two points measured. The velocities
of several particles, at several different positions along the jet, were measured and
plotted as a function of their position along the jet (Figure 2.5). The fluid velocity can
also be calculated from the jet profile using the volume conservation relation

7R*v = O where R is the jet radius, v is the jet velocity, and Q is the volume flow rate.
This relation is true only when solvent evaporation is negligible. Previous studies
have shown that solvent evaporation is significant in many cases,[3] and thus this
relation cannot be assumed for all jets at all positions. This is expected since at some
position along the jet the fibers are solid (essentially no solvent is left), and the solvent

fraction of the initial solution is large. On the same chart, we also plotted the velocity
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Figure 2.4- Individual images from a high speed video indicating particle movement.
The combination of ghosting on the phosphor and the 250 ps intensifier gating time
used causes a single particle to appear as multiple spots (temporally separated by 1ms)

in the high velocity regimes.

calculated from the jet radius measured from both the autofluorescence of the jet
observed in the high speed video and the jet profile imaged using white light
illumination (Figure 2.2). Finally, we calculated the jet radius from the velocity data

and plotted this calculated profile along with the two measured profiles (Figure 2.5).
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Figure 2.5- Velocity and jet radius plotted as a function of Z position (length along
the jet). Legend: *-Radius calculated from velocity data -Radius measured via white
light illumination, *-Radius measured from fluid autofluorescence, o-Velocity
measured from particle, 0-Velocity calculated from white light-measured radius o-

Velocity calculated from autofluorescence-measured radius

The data measured and calculated from the white light illumination experiment
required an arbitrary constant offset to be added to the x-axis due to small shifts in the
experimental setup.

In several cases we observed transverse oscillatory movement of the tracer
particle at the beginning of the fluid jet (Figure 2.6). This movement, which would
not be obvious using other measurement techniques, appears to occur with a frequency
of approximately 250-350Hz and an amplitude of ~10 um. This transverse movement
is intriguing because it could be the precursor to the bending instability that often

manifests itself macroscopically at some distance down the jet. Moreover, at least one
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Figure 2.6- Several frames of high speed video combined to illustrate the oscillatory

transverse motion of the tracer particle.

theoretical treatment of the bending motion[ 1] assumes, arbitrarily, an initial small
transverse oscillatory perturbation at the top of the jet that is amplified along the jet
and eventually becomes visible bending. These high speed images are experimental
evidence that this initial transverse oscillation does, in fact, occur. Future studies with
faster cameras may be able to follow this oscillation further down the jet to observe
whether it truly correlates with the bending instability. An improved imaging system
could also enable observation of more subtle phenomena such as higher-frequency
oscillations or motion in and out of the focal plane.

In order to analyze the behavior of the polymer jet system, we plot the Deborah
number De of the jet as a function of Z position (Figure 2.7). The Deborah number is
given by De = &7 where £(z) = 0v(z)/0z is the strain rate of the jet, v is the axial

velocity, z is the axial position and 7 is the relaxation time of the polymer solution.
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Velocity and Deborah number vs Z position
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Figure 2.7- Velocity and Deborah number plotted as a function of Z position. A
spline curve was fit to the velocity data, and subsequently differentiated to obtain a
strain rate curve. The Deborah number is the product of the strain rate and relaxation

time of the polymer system.

This dimensionless parameter describes the fluidity of the system and the extent to
which the polymer molecules are stretched.[16] A polymer molecule will undergo a
coil-stretch transition at De = 0.5.[17, 18] To determine De, we first fit the measured
velocity data using a spline curve. The resulting fit data is numerically differentiated
with respect to jet position to determine the strain rate as a function of position. This
strain rate is then multiplied by the longest relaxation time of the polymer system as
measured via rheometry. Because the region of the jet in which we have performed
our measurements appears to be one in which solvent evaporation is not playing a
dramatic role (as indicated by the agreement between the measured velocity and that

calculated from volume conservation), the relaxation time of the polymer solution may
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be taken to be essentially constant throughout the experiment. Future experiments
will need to consider that, as the solvent evaporates, the relaxation time of the system
will change. The resulting Deborah numbers indicate that the system is closely
approaching the point at which the polymer chains are stretched (i.e. a Deborah
number > (.5) at a position of just ~1/18 the total jet length. A previous study,
discussed in Chapter 5, has demonstrated that an electrospinning jet of a carrier
polymer can be used to isolate and elongate a dilute concentration of others molecules
such as DNA.[19] Using the relaxation time for the longer DNA molecule calculated
in this study, we can calculate the Deborah number for the DNA molecules at the high
speed end of the velocity data. These value ranges from 900 to 8500, indicating that,
at least for the jet analyzed in the current studies, such DNA molecules would

experience strong elongation even in this initial region of the jet.

Conclusion

We have demonstrated direct imaging of the fluid motion in an electrospinning
jet using fluorescent tracking particles. Unlike other less direct methods, this
technique allows us to measure both the axial and transverse jet velocity at various
positions along the jet length. This allowed us to observe transverse oscillatory
motion in the region where the Taylor cone starts to form a fluid jet. We were also
able to map out the velocity as a function of axial position, and thereby calculate the
strain rate as a function of position. This allowed us to plot Deborah number as a
function of position, demonstrating the elongational properties of the system. The
limitations of this measurement technique are determined by the camera hardware
(imaging speed and sensitivity) and optical system (field of view and depth of focus).
By measuring the velocity directly and comparing the actual value to that predicted by

the volume conservation relation, it is possible to determine where along the jet
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evaporation of the solvent begins to play an important role in the jet dynamics. More
recent work by Helgeson et al. used a variant of this measurement technique to
measure fluid properties of a PEO electrospinning jet and fit the resulting jet profile to

an empirical model.[20]
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CHAPTER 3
MEASUREMENT OF MOLECULAR ORIENTATION IN INDIVIDUAL
ELECTROSPUN FIBERS USING POLARIZED RAMAN SPECTRSCOPY?

Introduction

In most electrospinning systems, the strong elongational flow of the fluid jet
results in fibers with high degrees of molecular orientation. The extent of this
orientation, as well as its uniformity over the length of the fiber, will have an impact
on the material properties of the fiber. Several previous studies have observed
molecular orientation in large bundles of fibers using X-ray scattering and diffraction
techniques,[ 1-4] polarized Raman spectroscopy,[2] and birefringence analysis.[5]
Other studies have measured mechanical properties of both electrospun fiber mats [6,
7] and individual electrospun fibers. [3, 6, 8] Transmission electron diffraction
techniques have been used to attempt to characterize the microstructure of single
fibers,[1, 4, 9] but because of problems due to sample thickness and damage to the
fiber caused by the incident beam, the resulting data is either non-existent or has a
very poor signal-to-noise ratio; thus quantitative molecular orientation measurements
using this method have yet to be published. While measurements of molecular
orientation performed on large bundles of fibers provide information about the average
molecular orientation over several fibers (or, from a different point of view, over
several distantly spaced positions of material deposited from the same jet), these
measurements cannot provide much information about the uniformity of this
orientation. Electrospinning jets exhibit complex fluid behavior and various types of

instabilities, [10-12] resulting in fibers with properties with a wide distribution. For

2 Reproduced in part from with permission from Bellan, L. M.; Craighead, H. G., Molecular orientation
in individual electrospun nanofibers measured via polarized Raman spectroscopy. Polymer 2008, 49,
(13-14), 3125-3129. Copyright 2008 Elsevier.
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example, a single electrospinning jet depositing fibers from a single solution will form
fibers with a wide range of diameters. [6, 13] It is likely that other parameters, such as
density, crystallinity, and molecular orientation, would exhibit a similarly wide
distribution; this has been suggested by transmission electron microscopy (TEM)
studies.[4] Moreover, it would be useful to compare mechanical measurements taken
from a single, short (tens of microns) section of fiber to a measurement of molecular
orientation taken from the same fiber section.

In this chapter we describe the measurement of molecular orientation from
polarized Raman spectra from an individual electrospun Nylon-6 fiber. We acquire
spectra using four polarization geometries (X|X, Y|Y, X|Y, Y|X using the notation
“incident polarization | analyzed polarization” and the axes shown in Figure 3.1). We
qualitatively compare these spectra to those from unoriented and oriented Nylon-6
film, as well as to spectra taken from large bundles of Nylon-6 fibers. [14] We also
present results from quantitative analysis of the single-fiber spectra, yielding the P2

(sometimes called the Herman’s function) and P4 orientation functions.

Figure 3.1-Geometry of polarized Raman experiments. A laser beam passes through
a microscope objective and is focused on an isolated fiber. The backscattered light is

collected with the same objective, and passes to the Raman spectrometer.
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Experimental Methods

Raman spectra were acquired using a Renishaw inVia micro-Raman system
using incident light at 488nm from a Melles Griot laser (Melles Griot 543-AP-A01,
incident power 4-5 mW) focused on the sample using a 50x 0.75 NA objective
(Leica). A M2 waveplate (Thorlabs) was sometimes inserted in the beam path prior to
the microscope entrance to allow rotation of the polarization of the incident radiation.
A W2 waveplate and polarizer (part of the micro-Raman system) were at times
inserted after the notch filter to select the appropriate polarization of the analyzed
light. Using this setup, we were able to take spectra in four geometries (X|X, X|Y,
Y|X, and Y|Y) from any sample. For the purposes of this article, we define Z as the
axis of incident radiation, X as the axis of orientation in the sample, and Y as the axis
transverse to the sample orientation (Figure 3.1). A backscattering geometry was used
in all cases. The spot diameter of the incident radiation was approximately 4 um.

Control experiments were performed using unoriented Nylon-6 film (Kenylon
6250, KNF Corporation). Spectra were taken from the unoriented film and from film
that had been stretched on a homebuilt system. For the experiments with film, the A/2
waveplate for the incident beam was not used and the film was rotated with respect to
the incident polarization. Nanofibers were electrospun from a solution of 30% Nylon-
6 (Aldrich) in formic acid (Mallinckrodt) using the scanned electrospinning
technique.[15] In this technique (illustrated in Figure 3.2), a droplet of solution is
placed on an electrified (6-10kV) microfabricated silicon tip held a distance of 2-4 cm
from a grounded substrate. The droplet forms a fluid jet which is accelerated towards
a grounded substrate. As the solvent in the fluid evaporates from the jet, a solid fiber
is formed and deposited on the grounded substrate. We used a chopper motor to rotate
the substrate through the jet to isolate and orient the fibers. A transmission electron

microscopy (TEM) grid was used as the collecting substrate so that regions of the
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fibers would be freely suspended, but over relatively small holes to reduce fiber drift.
The grid was glued to a metal washer for ease of handling. The washer was placed on
a stack of washers sitting on an XY piezo stage system (Physik Instrumente M662.4)
mounted on a rotation stage. This rotation stage was centered using the manual

microscope stage on the micro-Raman system.

Figure 3.2- Illustration of the scanned electrospinning apparatus.

Results and Discussion

Spectra over the 800-1800 cm™' range from control experiments performed on
unoriented and oriented Nylon-6 film are shown in Figure 3.3. By observing the
changes in the spectra from the X|X and Y|Y geometries one can qualitatively
determine that stretching the film induces anisotropy, as expected. We were able to
identify the peaks expected in Nylon-6: the s(C-CO) peak at 934 cm™', the s(C-C)
peaks at 1001, 1040, 1063, 1078, 1127, and 1168 cm™', the w(CH,)+t(CH,) peaks at
1204 and 1230 cm™, the Amide III peak at 1278 cm’, the t(CH,) peak at 1306 cm’,
the w(CH,) peak at 1379 cm™, the b(CH,) peak at 1443 cm™, the Amide II peak at
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1555 cm™, and the Amide I peak at 1635 cm™ [14, 16] (where s indicates stretching, w
indicates wagging, ¢ indicates twist and b indicates bending). The chemical structure

of Nylon-6 is illustrated in Figure 3.4 for reference.
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Figure 3.3- Spectra from unoriented and oriented Nylon-6 film with four polarization
geometries. As the draw ratio increases, the material becomes more anisotropic,

manifested by differences between the X|X and Y|Y spectra.
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Figure 3.4- Illustration of Nylon-6 chemical structure.

We were also able to obtain Raman spectra from individual electrospun Nylon-
6 nanofibers. Figure 3.5 shows a single fiber as observed using the brightfield
illumination on the micro-Raman system (Figure 3.5a) and the same fiber imaged
using a scanning electron microscope (SEM) (Figure 3.5b) after Raman spectra were
obtained. From SEM imaging, the diameter of this fiber was determined to be 280

nm. The fiber was oriented horizontally using a rotation stage and then positioned in

37



the beam using linear piezo stages. Due to the difficulty in perfectly centering the
rotation stage, the polarization of the incident light with respect to the sample
orientation was rotated using the incident beam A/2 waveplate as opposed to rotating
the sample. Raman spectra from the four geometries for this fiber (over the 800-1700
cm’' range) are shown in Figure 3.6. Spectra were taken at three places along the
fiber; these are indicated by different colors. Each spectrum corresponds to a single
“SynchroScan” extended scan acquisition of 200 seconds and a binning value of 3.
Variations between the spectra at the three positions may be due to actual variations in
the fiber, variations in the fiber position in the laser spot (in the X, Y, and Z (focus)
directions), and noise in the system. The background in the spectra may be due to
noise inherent to the Raman system, fluorescence of the fiber, and background from
the air surrounding the fiber (note that the strong peak at 1555 cm™ in the X|X and
Y|Y spectra is likely due to the oxygen in the air,[17] as the Amide II peak at the same
wavenumber should be weak for all geometries [14, 16] and the 1555 cm™ peak is seen
in spectra taken without any fiber under the microscope objective). By noting the

significant qualitative differences between the X|X and Y|Y spectra, we observe that

there is significant molecular orientation in the fiber.

] .

3

Figure 3.5-5) Brightfield image of ihdividual electrospun Nylon-6 fiber (under

crosshairs) from micro-Raman system and b) SEM image of the same fiber. Higher
magnification SEM images (inset) indicate a fiber diameter of approximately 280 nm.
The colored dots indicate approximate positions corresponding to the spectra in Figure

3.6.
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Figure 3.6-Polarized Raman spectra from the isolated electrospun Nylon-6 nanofiber
shown in Figure 3.5. The differences between the X|X and Y|Y spectra indicate

significant anisotropy.

Previous studies using Raman spectroscopy to analyze Nylon-6 bundles
indicate that electrospinning Nylon-6 results in the y crystalline form of the
material;[14] this is in agreement with studies employing X-ray diffraction to analyze
electrospun Nylon-6 nanofibers.[18] This crystalline form, unlike the o form typically
observed in bulk and solution-cast films, is observed in high-speed melt-spun Nylon-6
filament and is the dominant crystalline form for fibers formed under high stress.[19]
In electrospun Nylon-6 fibers, the chain axis of the y crystalline form is parallel to the
fiber axis.[20] Upon comparison to spectra in reference 12, some regions (the orange
spectrum in Figure 3.7) showed spectra strongly indicative of a y form, while others
(the blue spectrum in Figure 3.7) appeared to posses shapes slightly different from the

pure y form. While all regions demonstrate significant molecular orientation, the
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Figure 3.7- X|X spectra from two different fibers, demonstrating the difference in
shape. The spectra were scaled to fit in the same window. The blue spectrum is from
the fiber indicated in Figure 3.5, and the orange spectrum is from the fiber referred to

at the bottom of Table 3.1.

crystallinity and orientation of crystals may vary significantly,[4] which may account
for the variation in spectrum shape.
Polarized Raman spectroscopy may be used as a tool to quantitatively measure

molecular orientation by calculating the P2 and P4 orientation functions: [21-26]

P2=%(3<coszﬁ>—1) (3.1)
P4 = %(35 <cos*@>-30<cos’ 0> +3) (3.2)

We have chosen to analyze the s(C-C) peak at ~1120-1130 cm™ as it has a low
depolarization ratio but a measurable peak height in all spectra, indicates a vibration
along the molecular backbone, and is easily isolated from other peaks. Peaks were fit
using the WiRE software from Renishaw, and the resulting values (along with the
depolarization ratio, 0.075, measured from the unoriented film) were used to solve a
series of equations for P2 and P4 according to two slightly different treatments. [21]

[25] We also calculate a qualitative orientation parameter, Pgua=1-(Iyy/Ixx), where L«
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and Iy, are the intensities of the peak in the X|X and Y|Y spectra, respectively.[24]

The results for the unoriented film, the most highly oriented film, and several positions
along an individual electrospun fiber are shown in Table 3.1. In order to determine the
standard deviation of this measurement technique, ten sets of four spectra were
obtained from a single position on another fiber deposited from the same solution at a
different time. The resulting orientation function values, along with the standard
deviations, are reported in Table 3.1. For this set of data, the <cos’0> and <cos'0>
values were 0.67 = 0.04 and 0.07 £ 0.09, respectively (using the method outlined in
ref. 21). We observed no correlation between the calculated orientation values and the
set number, indicating that the incident radiation was not measurably altering the

microstructure over this timescale.

Table 3.1-P2 and P4 values calculated using two methods and a qualitative orientation

parameter from polarized Raman spectra from several samples

Sample P2 (ref 21, ref 25) P4 (ref 21, ref 25) Poual
Unoriented film | 0.03, 0.03 0.08, 0.06 0.08
Highly oriented | 0.20, 0.14 0.31,0.33 0.35

film

Red position 0.88, 0.88 -1.7,-0.91 0.78

Blue position 0.87,1.1 -0.53, -.55 0.86

Green position 0.66, 0.83 -0.92,-1.0 0.75
Another fiber 0.59+0.06,0.65+0.07 |-22+0.4,-2.1+0.3 | 0.65+0.06
(not shown)
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Though the quantitative analysis described above yields reproducible values,
the quantitative results for the electrospun nanofiber samples fall outside the allowed
range for the P4 function. For a distribution in which all molecules point along the
same angle, <cos'0> = <cos’0>" and thus P4=(1/18)(35P2%-10P2-7). In the other
extreme, a randomly oriented sample will have both P2 and P4 equaling 0. It can be
shown using Schwartz’s inequality that [<cos?0>> < <cos'0> < <cos*0>, which
imposes a range on the value of P4 for a given value of P2.[27] Though the film
samples yield proper P2 and P4 values, the P4 values in Table 3.1 for the electrospun
nanofiber samples all fall outside the allowed range. We believe that this is due to the
high background and poor signal-to-noise ratio (SNR) in the electrospun nanofiber
spectra, especially in the X|Y and Y|X spectra where the peak is difficult to resolve
over the background. This may also explain the anomalous P2 value of 1.1 obtained
for the blue position. It is also possible that birefringence effects may be altering the
relative intensities in the spectra so as to cause the calculations to yield anomalous
results.

The values in Table 1 can be compared to orientation function values measured
in other Nylon-6 systems, such as highly drawn fibers produced using conventional
spinning techniques. Previous work investigating orientation in both Nylon-6,6 and
Nylon-6 fibers that were drawn at room temperature post-spinning indicates that the
P2 orientation function rapidly approaches its maximum value of 1 at draw ratios less
than 10.[28-30] Estimates of the draw ratio in electrospinning jets are of the order of
~10,000,[10] and the Deborah numbers in these systems are quite high,[31] suggesting
that the molecular orientation in electrospun fibers should be similar to, if not exceed

that of highly drawn melt-spun fibers.
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Conclusion

We have obtained polarized Raman spectra for a single electrospun Nylon-6
nanofiber which indicate a significant degree of molecular orientation. These spectra
qualitatively agree with those taken from drawn Nylon-6 film, and show features
similar to those in previous studies on bundles of electrospun Nylon-6 (known to be in
the y crystalline form). We calculated the P2 and P4 orientation functions with the
data we have obtained from individual fibers. The quality of the current quantitative
results is limited by the spectra quality, and thus we sometimes obtain anomalous
values for the orientation functions P2 and P4. Future work will focus on optimizing
the experimental setup and acquiring spectra from a larger set of fibers in order to
allow comparison between deposition parameters (take-up velocity, driving voltage,
electrospinning solution, etc.). We have observed reproducible differences in the
spectra taken from different fibers suggesting that this technique allows molecular
orientation measurement from isolated, micron-length areas of individual nanofibers
and may give insight into the uniformity of both the electrospinning process and the

properties of the resulting nanofibers.
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CHAPTER 4
MECHANICAL PROPERTIES OF SINGLE ELECTROSPUN FIBERS®

Introduction

Due to the strong elongational flow in an electrospinning jet, the resulting
fibers may exhibit significant molecular orientation, which can cause their mechanical
properties to differ from those of unoriented bulk material. We have determined the
Young's moduli of suspended polyethylene oxide (PEO), polysiloxane,
polydicyclopentadiene (PDCPD), DNA, and glass nanofibers by depressing them with
an atomic force microscope (AFM) probe (Figure 4.1), a method previously used to
measure Young's moduli of carbon nanotubes .[1-4] This method has also been used to
determine mechanical properties of short suspended poly (L-lactic) acid (PLLA) fibers
[5] and various biological materials.[6] In our study, the resulting force-displacement
curves yield the Young's moduli if the additional tension in the fiber due to the

electrospinning process is not large.

Methods
The polyethylene oxide nanofibers were extracted from a solution composed of

PEO (MW 100,000) dissolved in a 50-50 mixture of water and ethanol. We used

3 Reproduced in part with permission from Bellan, L. M.; Kameoka, J.; Craighead, H. G., Measurement
of the Young's moduli of individual polyethylene oxide and glass nanofibres. Nanotechnology 2005, 16,
(8), 1095-1099. Copyright 2005 Institute of Physics.

Reproduced in part with permission from Bellan, L. M.; Coates, G. W.; Craighead, H. G.,
Poly(dicyclopentadiene) Submicron Fibers Produced by Electrospinning. Macromolecular Rapid
Communications 2006, 27, (7), 511-515. Copyright 2006 Wiley-VCH.

Reproduced in part with permission from Bellan, L. M.; Strychalski, E. A.; Craighead, H. G.,
Electrospun DNA nanofibers. Journal of Vacuum Science & Technology B 2007, 25, 2255-2257.
Copyright 2007 American Vacuum Society.
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Figure 4.1-Schematic of an AFM tip depressing a suspended fiber

concentrations of 10%-20% PEO by weight. The PDCPD fibers were deposited using
an electrospinning jet in which a ring opening metathesis polymerization reaction was
occurring (Figure 4.2). In this system, the solidification of the jet was due to a
chemical reaction, as opposed to the typical solidification process of solvent
evaporation. The solution used for electrospinning the PDCPD fibers consisted of 1-2
mg of Grubbs 2™ generation catalyst (Materia) dissolved in 250 pL dichloromethane
(Aldrich) mixed with 1 mL DCPD (Aldrich). These solution parameters were chosen
so that the polymerization progressed slowly enough to allow for adequate processing
time, but quickly enough to produce solidified fibers from the electrospinning jet.
After approximately 5-10 minutes, drops of the solution were placed on the
microfabricated Si tip used for electrospinning. DNA electrospinning solutions were
made by mixing stock A bacteriophage DNA solution (500 pg/mL, New England

BioLabs) with the intercalating fluorescent dye YOYO-1 (Molecular Probes). In some
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cases, the anti-photobleaching agent 2-Mercaptoethanol (Sigma) was added. The
solution was gently mixed and then purified using a spin column (P-6 or P-30, Biorad
Bio-Spin column). Polysiloxane and glass fibers were formed from a polysiloxane
solution (Futurrex IC1-200) mixed with 6% (by weight) polyvinylpyrrolidone (PVP)
(MW 1,300,000). Measurements were performed on these fibers both directly after

deposition (polysiloxane fibers) and after baking in air at 850° C for 6 hours (glass

Ruthenium
% Catalyst % )QD
X X
y

DCPD PDCPD Crosslinked PDCPD

fibers).

Ruthenium CI/FI{U_
Catalyst P(Cy)s Ph

Figure 4.2-Polymerization of DCPD and crosslinking of PDCPD using ruthenium
catalyst.

To form the fibers, a drop of solution was placed on a gold-coated
microfabricated silicon tip that was kept at a high voltage (5-10 kV) relative to a
grounded plate behind the substrate. In this experiment, the substrate consisted of a
silicon or fused silica chip in which several trenches had been etched. The trenches
were 10-80 pum wide and 5-10 um deep. We used the scanned electrospinning
technique[7] (Figure 3.2), whereby the substrate and plate are rotated, allowing us to
orient the fibers relative to the trenches in the substrate (Figure 4.3a). Scanning
electron microscope (SEM) imaging of the resulting fibers indicated that some fibers

were fully suspended over the trench while others sagged into the trench and touched
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’

Figure 4.3- a) SEM image of a suspended PEO fiber, b) SEM image of suspended and

drooping PEO fibers, ¢) SEM image of AFM probe tip. The flat surface at the tip is
approximately 100nm wide. Since the diameters of the fibers were in the 100-300 nm
range, it is unlikely that the AFM tip penetrated the fiber during the force curve

measurement, d) FIB images of an AFM probe before and after milling (scale bar is 5

um).

the bottom (Figure 4.3b). These variations are due to changes in electrospinning
conditions during the deposition process.

Force curves were obtained using an AFM (Dimension 3000, Digital
Instruments (DI)) operated in contact mode. Because we measured fibers with
different suspended lengths, the resulting restoring forces experienced by the AFM
probe varied significantly among fibers. We had to choose the AFM probe spring
constants to translate the restoring forces to deflections in the AFM measurement
range. We used a DI DNP-S probe with a nominal spring constant of 0.58 N/m, a DI

TESP probe with a spring constant of approximately 50 N/m, NanoSensors FM probes
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with calculated spring constants of ~1.7 N/m, and NanoSensors EFM probes with
calculated spring constants of ~3.8 N/m. The tips were dulled by strongly tapping
them with the AFM against a hard Si substrate for more than 20 minutes or by using a
focused ion beam (FIB) (FEI 611 Focused Ion Beam System) to mill away the sharper
section of the AFM probe. The resulting radii of curvature of the tips were
comparable to the fiber diameters, and thus it was unlikely that they would penetrate
the fiber (Figures 4.3c and 4.3d).

Variations in the geometry and material properties of the probe can cause the
actual spring constant to be larger or smaller than the manufacturer’s specification by
an order of magnitude. Thus, it is important to calibrate the spring constant of the
cantilever each time an AFM probe is put on the AFM scanner head. Several methods
for calibrating AFM probe spring constants exist in the literature.[8] If the material
properties and geometry of the cantilever are known (and the probe of interest is a
rectangular cantilever), one can use the standard expression for the spring constant of
a rectangular cantilever from Euler-Bernoulli theory, k = Ewt’ /4L’ , where k is the
spring constant, £ is the Young’s modulus, and w, ¢, and L are the cantilever width,
thickness, and length, respectively. One can also use the resonant frequency of the
cantilever, f = (¢/ 27’ )W where p is the density of the cantilever material, to
avoid having the measure the thickness of the cantilever; this yields the relation
k ~2w( f7zL\/; )} INE .[9] If one does not want to rely upon measurements of the
cantilever material properties, several other calibration techniques are possible. A
known static force can be applied to the cantilever (often using a reference cantilever),
and the deflection measured, yielding the spring constant of the cantilever.[10] Using
the equipartition theory, one can extract the spring constant of a cantilever from the
power spectrum of the thermal motion using k < z” >=k,T where < z? > is the

mean square displacement of the cantilever, 4, is Boltzman’s constant, and 7' is the
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temperature.[11] Recent AFM hardware and software now has the ability to perform
this calibration automatically. The cantilever can also be driven at resonance, and by
observing how the frequency shifts as test masses are added to the cantilever (for
example, by gluing small reference spheres to the end of the probe), one can calculate
the spring constant; this method is often called the “Cleveland method.”[9] Finally,
using the “Sader method”, one can calculate the spring constant knowing the
cantilever geometry, resonance frequency and quality factor, and the density and
viscosity of the fluid in which the cantilever is resonating.[12]

We calibrated the spring constants of our AFM probes using reference
cantilevers from Digital Instruments (model CLFC-NOBO). Each calibration yielded
spring constant values with a statistical error of less than 10% and as small as 2%.
The resulting values for the spring constant varied for the same probe used in different
sittings. The calibrated spring constant values varied by up to 80% from the
manufacturers specifications. Moreover, due to drift of the position of the laser spot on
the cantilever, we observed the effective spring constant vary by 10% during a 1 hour
sitting. Unfortunately, recent discussions with collaborators who have had the
opportunity to compare different sets of CLFC-NOBO reference cantilevers have
indicated that the numbers provided by the manufacturer for the spring constants of
the reference cantilevers are incorrect, sometime by up to a factor of two.” For all the
data presented in this work, the probe spring constants were calibrated with the same
reference cantilever, and so it is possible to compare the datasets to each other.
However, since the provided spring constant for the reference cantilever may be
incorrect, comparisons to data from other sources must be taken with a grain of salt.
The reader is advised to avoid using these reference cantilevers for any future work

and to use another spring constant calibration method.

* Personal correspondence with Prof. David Tannenbaum at Pomona College.
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In order to determine the cross-sectional area of the fibers, we assumed that the
fibers had a circular cross-section and used the maximum height of the fiber above the
substrate as measured by the AFM as the diameter. All fibers measured appeared to
have a roughly constant diameter when imaged by a SEM, and we have verified that
the cross sections of several fibers are approximately circular by cleaving them and
imaging the cross section with a SEM. Because the fibers were not necessarily
oriented perfectly perpendicular to the trenches, to calculate the length of the fiber
suspended across the trench we assumed that the fiber did not sag and measured both
the width of the trench (using the AFM) and the angle of the fiber with respect to the
trench walls (using the vision system of the AFM). The AFM probe was aligned to
the center of the suspended fiber (L/2) using the vision system. To check that the
fibers were firmly anchored at the trench edges, several fibers were laterally displaced
with the AFM tip distances of at least 5 microns while watching for slipping with the
AFM vision system. No movement was observed.

Raw AFM data were translated to force-displacement curves by converting tip
deflection AZ, to force using the cantilever spring constant and converting the height
of the AFM probe, Z, to fiber displacement o using d(Z)=(Z-Zy)-AZ. where Z is the
AFM Z position of initial contact point.[3] The shape of the resulting force curve
depends on the initial tension in the suspended fibers. If no tension is assumed, we
may use the standard cubic equation for the displacement of a suspended elastic string
with fixed ends (in the small deflection approximation)

F=8AE(S/L)’ 4.1)
where A is the cross sectional area of the fiber, E is the Young's modulus of the fiber,
and L is the suspended length of the fiber. [13] This equation describes the force due
to elongation of the string caused by displacement at L/2. In this model we assume

that the material is linearly elastic. If there is an additional initial tension in the fiber
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Ty (e.g. stretching due to the motion of the substrate being faster than the polymer jet
velocity), then there is an additional linear term yielding

F=8AE(S5/L)’+4T,(5/L) (4.2)
Thus, the force curve may be predominantly linear or cubic, depending on the relative
contributions of the initial tension and the tension produced by the AFM tip
displacement. If the linear tension term is too strong, the data will reach the AFM's
deflection limit before the cubic dependence can manifest itself enough to get a well-
defined value for the 3" order term. Another linear term will arise due to bending of
the fiber at the point of contact with the AFM tip, but for our fiber diameters and
deflection ranges the forces caused by elongation dominate those caused by bending
for the majority of the data range. Because there may be a variety of contributions to
terms lower than 3rd order (e.g. additional tension, errors in setting the initial contact
point appropriately, forces due to bending), we find it is safest to extract the Young's
modulus from the cubic term. All data were fit to 3" order polynomials so as to
account for lower order terms. Sources of error among results for different fibers
include variation in fiber cross sectional area, inaccuracies in the measurement of the
suspended length L (including the possibility of sagging fibers), possible slipping of
fibers during depression, and any difference between the center of the trench and the
point of contact between the AFM tip and the fiber. Due to the aspect ratio of the
suspended fiber, and given the contact area between the AFM probe and fiber and the
resulting forces, transverse deformation of the suspended fiber is not likely to have a

significant effect in these measurements.
Results

Figure 4.4a shows an example of measured PEO force curves when the

additional tension term is negligible. The data fit well to the predicted 3" order
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polynomial model, and yielded a Young's modulus of ~7.6 GPa from the cubic term.
It is interesting to note that the cubic dependence is seen not only when the fiber is
depressed (Z<Z,), but also in the region of the curve corresponding to the fiber
sticking to the AFM tip as the tip retracts from the surface. Figure 4.4b shows an
example of a measured force curve for a glass fiber with Young’s modulus ~186 GPa.
The TESP tip used stuck to the fibers only slightly during the retracting cycle of the
curve. The glass fibers were found to sag several hundred nanometers in the center of
the trench. While this does not affect the fiber length measurement significantly, it
does change the shape of the force-displacement curve. The flat region in the
retracting curve shown corresponds to the AFM tip motion taking up the slack in the
fiber. Because of this flat region a piecewise model, consisting of two third order
polynomials separated by a line, was used to fit the data. The fit parameters included

the position of intervals.

Discussion

PEO fibers

Several force curves were generated for each fiber. Our data for PEO fibers

indicate no significant dependence of Young’s modulus on fiber diameter, though
recent experiments with other materials systems sometimes do show a dependence on
diameter.[14] The average value of Young’s modulus for the PEO fibers is 7.0 £ 0.5
GPa, which is larger than what has been previously seen in PEO thin films (0.2-5.0
GPa) [15] and in highly crystalline bulk material (0.29 GPa) .[16] The chain modulus
of PEO has been measured using several techniques including Raman and X-ray
experiments and yielded ~13 GPa .[17] Some of the PEO fibers have Young’s moduli

of up to ~20 GPa, which is above the theoretical limit of the chain modulus. This may
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Figure 4.4- a) Typical force-displacement curve for suspended polymeric nanofiber
with no significant additional tension. The displacement is arbitrarily set to zero at the
contact point. The slight oscillation in the signal is an artifact produced by the AFM
due to changes in the optical path length traveled by the laser. b) Typical force-
displacement curve for suspended spin-on glass nanofiber. The fit is a piecewise
function consisting of two 3" order polynomials separated by a line to take into

account the zero-deflection region due to the fiber sagging.

be due to any difference between the contact position of the AFM tip on the fiber and
the center of the trench. Since we assumed that the contact position was at /2, an
offset of 10% from center will cause the Young’s modulus to appear 25% larger, and
an offset of 20% will cause it to appear 150% larger. An error of 15% was used in the
error analysis. The fact that the average Young’s modulus of the PEO fibers is
significantly larger than bulk and film values suggests that the molecules in the fibers
are oriented parallel to the fiber axis. This hypothesis is supported by previous X-ray
diffraction studies on bundles of electrospun nanofibers which also show a high

degree of molecular orientation ,[18] as well as the results of chapter 3.
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Polysiloxane and glass fibers
The resulting average value of Young’s modulus for the glass fibers was 240 +
90 GPa, which agrees with previously published data on the resonant frequency of
suspended glass nanofibers produced by electrospinning [19] if we assume negligible

tension and use
16p. 271
E=(—£
( d? )(4.732

where E is the Young’s modulus, p is the density of the material, d is the diameter of

)’ (4.3)

the fiber, f'is the resonant frequency, and L is the suspended length of the fiber.[20]
The average Young’s modulus of fibers formed from polysiloxane appears to increase
by about a factor of 10 during the baking process. Previous studies observed that the
resonant frequency of similar structures roughly doubled after a similar curing
process, though the scaling behavior in that study implied that tension was not
negligible for those structures.[21] If we again use the model that assumes negligible
tension, the relation f oc \/m implies that the density of the glass fibers must
increase slightly during the curing process. This increase has been observed in HSQ

thin films.[22]

PDCPD fibers
Images of suspended PDCPD fibers are shown in Figure 4.5. The Young’s
moduli were measured for several different PDCPD fibers, yielding an average value
of 11+5 GPa. Values of the Young’s modulus for bulk PDCPD range from 2-3 GPa in
the manufacturer’s literature.[23] We conducted a tensile test on a bulk PDCPD
sample (0.1004” x 0.1892” x 0.638”) using an Instron 1125 mechanical test system,

which yielded a Young’s modulus of 768 MPa.
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Figure 4.5- SEM images of suspended PDCPD fibers

DNA fibers

Images of a typical DNA nanofiber are shown in Figure 4.6. To measure force
curves on electrospun DNA nanofibers, we had to use a combined AFM/fluorescence
microscope system (Digital Instruments Bioscope AFM mounted on Olympus IX-70
microscope with a Photometrics Cascade 512b camera), as the fibers were too small to
see (~30 nm diameter) with the standard brightfield imaging system. From this data
(19 curves from the same fiber) we calculate a Young’s modulus of 15 + 2 GPa.
Previous studies investigating mechanical properties of single DNA molecules in
solution have concluded that the Young’s modulus of native A DNA is of the order of
10® Pa, about two orders of magnitude less than the values we calculate.[24, 25]
However, our material is not a single molecule of pure DNA but bulk DNA labeled
with the intercalating dye YOYO-1, and is not dissolved in solution but in a solid fiber
formed from an elongational flow. It is known that the binding of an intercalating
molecule such as YOYO-1 affects the contour length of the DNA molecule and can
change the molecule’s response to external forces.[26-29] The elastic behavior of
DNA in solution is complex and dependent on solution properties such as ionic

strength and type of ion (monovalent or multivalent) present.[29, 30] This complexity
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Figure 4.6- a) False color image of DNA nanofiber (red) over Au electrodes (bright
green) and trenches (black). The green color channel is from a brightfield image, and
the red color channel is from a fluorescence image. The white arrow points to the
fiber. b) SEM image of DNA nanofiber on Au electrode (bottom left) and oxide (upper

right)

even in solution suggests that comparison of the elastic behavior of single molecules
in solution and bundles of molecules in air is not at all straightforward, and the
behaviors of the two systems need not necessarily agree. Indeed, for the structure we
have measured we assume a linear elastic response, whereas studies of single

molecules of DNA reveal much more complex behavior.[30]

Conclusion

We measured the Young’s moduli of suspended PEO, PDCPD, DNA,
polysiloxane, and glass nanofibers by depressing them with an AFM tip and recording
the force vs. displacement data. The shape of the resulting force curves will depend
significantly on any sagging of the fiber as well as the relative forces due to tension

caused by the AFM tip and initial tension in the fiber. The Young’s moduli of PEO
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fibers with little additional tension on average exceed values given in previous studies
of the Young's moduli of PEO thin films. The Young’s moduli of glass fibers agreed

with previously measured values for resonant frequencies of similar structures.
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CHAPTER 5
ELECTROSPINNING JETS AS A TOOL TO ORIENT AND STRETCH
MOLECULES®
Introduction
There has been much work investigating techniques to stretch DNA molecules
in order to both better understand the molecular dynamics and develop single
molecule genomic analysis techniques. In many of these techniques, one end of the
DNA molecules is bound to a surface while the other is manipulated with a
controllable force using, for example, magnetic tweezers,[1] optical tweezers,[2-4] or
an atomic force microscope (AFM) probe.[5, 6] The DNA molecules may also be
stretched by immobilizing one end and allowing the molecule to experience a
hydrodynamic flow.[1, 7] Other methods for stretching DNA molecules include
forcing them into nanochannels,[8, 9] molecular combing,[10] and causing them to
experience elongational flow.[11-15] The majority of these techniques do not result in
molecules that remain stretched after the experiment or can only stretch a few
molecules at a time. None of these techniques produce stretched DNA molecules
encapsulated in a protective medium that can be subsequently manipulated and
analyzed optically or mechanically. In the present study we utilize the elongational
flow of an electrospinning jet to simultaneously stretch DNA molecules and
encapsulate them in a polymeric nanofiber for subsequent investigation and

manipulation.

> Reproduced in part with permission from Bellan, L. M.; Cross, J. D.; Strychalski, E. A.; Moran-
Mirabal, J.; Craighead, H. G., Individually Resolved DNA Molecules Stretched and Embedded in
Electrospun Polymer Nanofibers. Nano Letters 2006, 6, (11), 2526-2530. Copyright 2006 American
Chemical Society.
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Because of the wide variety of biocompatible polymers that can be electrospun
into fibers and the lack of harsh chemical processes involved, there is interest in using
the electrospinning technique for biological applications such as tissue scaffolding[16]
and drug delivery.[17] Biological entities such as viruses[18] and enzymes[19] have
been incorporated into electrospun nanofibers. Due to the large strain rates in
electrospinning jets, the resulting fibers are thought to contain highly oriented polymer
molecules,[20] and previous studies have shown that electrospinning can be used to
orient anisotropic particles such as carbon nanotubes[21, 22] and CdS nanowires[23]
embedded in the resulting polymer fiber.

Two previous studies have demonstrated the ability to electrospin nanofibers
of DNA[24] and single partially-stretched large (200-900 kbp) DNA molecules.[25]
In the first study, the fibers consisted only of DNA and were much larger than single
molecules. In the second study, extremely large single DNA molecules were
deposited on a mica surface. A third study has shown that DNA molecules
incorporated into electrospun nanofiber membranes can be released and can be
structurally intact and bioactive.[26] Here we demonstrate the ability to produce
polymeric nanofibers containing isolated stretched A DNA molecules. This is the first
direct observation of orientation and elongation of individual polymer molecules in an

electrospun nanofiber.

Theory

Consider a polymer molecule of N monomers each of length a, existing in
three dimensions with end-to-end vector of R. As each dimension (x,y, and z) is
independent, the probability distribution function for this polymer can be
approximated (in the large N limit) by the product of three one-dimensional Gaussian

probability distributions[27]
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probability distribution function in 3D can be written as
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This probability distribution can be written in terms of the number of configurations

Q(N,R) foragivenR,ie. P, (N,R)= Q(N,E)/jQ(N,R)dR . Thus the entropy

associated with a particular configuration is given by
3 3 3kb‘1§‘2

S=k InQ="Fk In -
b 2" (27zNa2) 2Na?

Because the entropy is a function of the end-to-end vector, there is an entropic force

+ly In [Q(N, R)dR (5.3)

associated with each configuration given by f = —~TVS = 3k,TR/ Na’ This force
“pulls” the molecule back to the R = 0 state, and is proportional to R ; thus one can
think of this system as a Hookean spring with spring constant k = 3k,7/Na’. This
derivation for an ideal chain holds for small extensions (‘R‘ < Na , when the Gaussian
approximation is good). For double-stranded DNA (dsDNA), for which the worm-like
chain model is appropriate, the behavior for both large and small extensions can be

approximated by the asymptotic expression[27-29]

L
ka Na 2 Na- ‘R‘

4 _5 (5.4)

There are different models of polymer systems that allow the calculation of a
characteristic relaxation time for the polymer chain. The Rouse model[30] may be

used to describe a molecule under “freely draining” conditions, under which the
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hydrodynamic interactions are small. This model is used for longer length scales. The
Zimm model[31] takes into account hydrodynamic interactions between sections of
the polymer chain (“nondraining”). This model is more appropriate for molecules that
are in relatively unextended configurations. For entangled polymer solutions, the
reptation model of deGennes[32] applies. The relaxation times for the three models

arc:

6M1, [’7] = % T oGemnes = Trowse + —— (5.5abc)

TRouse - 72_2 RT Zimm — RT Ne
where M is the polymer molar mass, 7, is the solvent viscosity, [77] is the intrinsic
viscosity of the polymer, R is the universal gas constant, N is the number of Kuhn
monomers, and N, is the number of Kuhn monomers per entanglement.
There has been significant work studying the intrinsic viscosity of DNA, which
allows the calculation of the relaxation time of a polymer molecule in a solution of
known viscosity.[15, 33-36] The typical experiment performed to obtain this value

involves measuring the viscosity of various dilute concentrations of the polymer and

extrapolating to zero concentration according to

7] = tim 7= (5.6
where 7 is the solution viscosity. For linearized A dsDNA in simple buffers, the
values in the literature range from ~13200 mL/g to ~16000 mL/g, depending on the
buffer, salt concentration, and how closely to ¢ =0 the experimenters got. Once the
intrinsic viscosity is known, one can calculate the relaxation modes for the polymer
according to one of the relaxation time equations given above (eq. 5.5).

Given the relaxation behavior described above, one can predict the behavior of
a single polymer molecule in various fluid dynamic environments. An elongational
flow, such as an electrospinning jet, has a time scale described by the strain rate &

which may vary as a function of position and time. For example, consider the uniaxial

elongational flow described by v = (—&x,—€y,2¢z) whereé > 0. Along the axis of
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elongationz , v = 2é&zz = (dz/ dt)z , and so z = Ce” describes the flow, where C is set
by initial conditions. A pair of particles on the z axis, initially at points //2 and
—1/2 (initial separation /) will move according toz, =+(//2)e”, and thus the
separation s =z, —z_=le” increases exponentially.[37] Larson and Magda have
shown that a polymer molecule will transition from a coiled state to a stretched state
when the timescale of the flow, £, is comparable to the longest relaxation time 7 of
the polymer molecule. More specifically, this transition should occur when the

Deborah number De = é7 = 0.5 .[12, 38]

Methods

The solution used for electrospinning was produced in several steps described
below. First, 15 pL of stock A bacteriophage DNA (New England BioLabs) solution
was added to a solution of 1500 pL of buffer (10mM HEPES, 10mM NacCl) and 1.5
uL of stock YOYO-1 fluorescent dye solution (Molecular Probes), yielding a nominal
labeling ratio of 7.6:1. This solution was incubated at 65 °C for 15-20 minutes to
linearize the DNA and then filtered through BioSpin 6 spin columns (Bio-Rad) to
remove unincorporated dye. We added 100 pL of this solution to 900 pL of buffer
(10mM HEPES, 10mM NaCl), 20 mg poly-L-aspartic acid (Sigma P6762) and 20-100
mg DABCO (Sigma). The poly-L-aspartic acid was added to prevent the DNA from
collapsing into bundles.[39] The DABCO was added to reduce photobleaching.[40]
This solution was gently mixed for several minutes. Finally, 200 mg of polyethylene
oxide (PEO) (MW 100,000, Sigma) was added and the solution was gently mixed
overnight to allow the polymer to fully dissolve. PEO is one of the most common
polymers used in electrospinning experiments due to its biocompatibility, solubility in
water, and ease of electrospinning. The above procedure yields a DNA concentration

of roughly 3.7x10'® molecules per cm’ of solid, corresponding to a linear density of
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approximately 1 molecule/mm for 200nm diameter fibers. We also made control
solutions that were identical to the above solution except that they lacked a) labeled
DNA or b) poly-L-aspartic acid.

Nanofibers were deposited using the scanned electrospinning method[41]
(Figure 3.2), allowing us to orient and isolate the fibers. The electrospinning tip was a
microfabricated silicon chip coated with a thin gold layer. Drops of the solution were
manually placed on the electrospinning tip before turning on the electrospinning
voltage source. The electrospinning was performed for only a short period of time
(less than a minute) in order to collect isolated fibers, and thus the droplet did not
require a continuous flow of solution. We used a voltage of 7-10 kV over a distance
of about 4 cm to form the electrospinning jet. The resulting fiber diameters varied

from approximately 100-350 nm as measured by AFM.

Results and Discussion

The water-soluble fibers were spun on glass coverslips so that they could be
imaged from below with a 60x 1.20 NA water-immersion objective. The resulting
fibers were imaged using an inverted fluorescence microscope (Olympus 1X70, EXFO
X-cite 120 illuminator, Omega XF100-2 filter cube) using a Cascade 512b EMCCD
camera (Roper Scientific). Examples of the resulting images are shown in Figure 5.1
a)-c). We also electrospun fibers from two control solutions that were identical to the
sample solution except that they lacked a) labeled DNA (Figure 5.1d) or b) poly-L-
aspartic acid (Figure 5.1¢). Because the fibers formed from the solution lacking DNA
showed no isolated discrete fluorescent lines (other than uniform background
fluorescence from the PEO fibers themselves), we conclude that the fluorescent lines
represent labeled DNA molecules. As expected, the fibers formed from the solution

lacking poly-L-aspartic acid contained highly fluorescent blobs (large DNA bundles),
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but showed few fluorescent lines. We also prepared fibers containing A DNA
molecules that were not fluorescently labeled and as expected observed no
fluorescence above that of the PEO fiber autofluorescence. Sometimes the
electrospinning jet became particularly unstable and spurted, depositing a large ribbon
of material on the glass substrate. These large ribbons contain several stretched
aligned DNA molecules, as is shown in Figure 5.1f.

The lengths of the DNA strands were measured manually using the image
processing software ImageJ.® A histogram of the resulting data for 54 images (129
molecules, 1 experiment) from one coverslip is shown in Figure 5.2. Similar
histograms were observed for other experiments. The lengths were measured from
one end of a molecule to the other, including any small dark regions between the ends
in which the molecule may have fragmented. Molecules that exhibited dark regions
that were of the same size or larger than the fluorescent regions were not counted. It is
possible that some of the shorter measured lengths were actually fragments of a larger
molecule, or that some of the longer lengths counted as individual molecules were
actually DNA concatomers. Brighter spots on the molecule may be due to bunching
or folding. The full contour length of A DNA (nominally 16.3 um) labeled with
YOYO-1 at a base pair to dye labeling ratio of approximately 4:1 has been reported as
22 um.[7, 10] Given that each YOYO-1 dye molecule extends the chain by 0.4
nm,[42] we expect a contour length of 18.8 um for the labeling ratio we used. The
electrospinning process is chaotic, and so variation in elongation is expected. Another
cause for the variation in elongational behavior is the random initial conformation of
the coiled DNA molecule in the polymer solution.[13] We note that, along the length

of a given fiber (corresponding to a section of the jet that solidified in a very short

% Rasband, W.S., ImagelJ, U. S. National Institutes of Health, Bethesda, Maryland, USA,
http://rsb.info.nih.gov/ij/, 1997-2006
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Figure 5.1- Fluorescence microscopy images of stretched DNA molecules
embedded in PEO nanofibers, including high-contrast insets at the bottom right of
several images. The inset scale bars indicate 10 microns. Images a)-c) were
formed from the standard solution containing 20mg DABCO. Image d) shows an
image of fibers formed from solution lacking DNA, set to the same contrast
settings as image a). The inset in image d) (bottom right) shows the same image
with increased contrast, revealing high background noise and autofluorescence
from the PEO but no significant fluorescence signal. Image e) shows fibers
formed from solution lacking poly-L-aspartic acid. Image f) is of two overlapping
“ribbons” formed (from 100mg DABCO solution) when the electrospinning jet

became unstable and spurted.

73



10 pm P 10 pm

10 pm y 10 pm

10 pm 10 pm

74



time period), the stretched length is often roughly constant (Figure 5.1¢). Variations
between fibers are likely due in part to variations in the fluid jet behavior in our
electrospinning setup, manifested in the variation in the fiber diameter and jet velocity.
Variations in the fiber diameter are seen during AFM imaging of electrospun
nanofibers (Figure 5.3). Variation in the jet velocity is seen in that, while spinning
fibers over trenches moving with a constant velocity, some fibers are suspended over
the trench while others sag to the bottom.[43] Further optimization of the
electrospinning parameters and jet stability should allow for more consistent stretching

behavior.
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Figure 5.2 - Histogram showing the lengths of stretched DNA molecules (or
fragments or concatomers) as measured from 54 images of one coverslip of fibers

from the 20mg DABCO solution.

To better understand the fluid dynamic behavior of the DNA in the PEO
solution while in the electrospinning jet, we also measured the relaxation time of the
labeled DNA molecules in the bulk PEO solution. The viscous electrospinning

solution was introduced into a fused-silica microchannel device (50 pm wide and 750
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Figure 5.3 - a) AFM image of three PEO nanofibers and b) cross sectional plots of

each fiber, illustrating the variation in fiber diameter.

nm deep) and the DNA was driven with an electric field (100-200 V/cm), causing it to
experience a sheer force and elongate. The field was then turned off and videos were
recorded of the elongated DNA relaxing into a blob. Previous studies have used
similar methods to study the relaxation behavior of DNA in a viscous solution[13] and
calculated relaxation times of 4-17 seconds (depending on the solution viscosity) using
an exponential decay model.[12] Our videos were processed with homemade routines
in Matlab (The Mathworks) and the DNA length vs. time data was fit to a decaying
exponential using Origin 7.5 (OriginLab) (Figure 5.4), yielding a time constant
ranging from 2.1 to 19 sec (mean 8 £ 5 sec) over 20 samples, depending on whether
the DNA was sticking to a surface.

The relaxation time constant can also be calculated using the equations above.
For A DNA, with a molecular weight of 31 5x10° g/mol and an intrinsic viscosity of

~15000 mL/g, relaxing in a solution of PEO which has a viscosity of 0.87 Pa sec (at
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25°C) measured using an AR2000 rheometer (TA Instruments), the Rouse model
(equation 5.5a) results in a relaxation time of 101 seconds, roughly an order of
magnitude above the measured value. Though these models are overly-simplistic for
the current situation, moving to a more complex model such as the reptation model
can only cause the theoretical value to move further than the calculated value of ~8
seconds. There are several possible explanations for this lack of agreement; the most
likely are shear-thinning, that the viscous solution never fully penetrated the
microchannel and thus the DNA was actually observed in a much more dilute
concentration of PEO (and thus much lower 7, ), or that the DNA was relaxing near
the walls of the channel, where the solution would exhibit a lower 7, due to slip
effects.[44] Moreover, the use here of literature values of intrinsic viscosity measured
in other solvent systems is likely inappropriate. Other techniques such as
birefringence analysis, dynamic light scattering, or rheometry may allow a more
correct determination of the DNA relaxation time in this solution, though the 10’
difference in concentration between the PEO and DNA may render these
measurements difficult, as much of the signal will be due to the PEO.

As mentioned earlier, a polymer molecule will undergo a coil-stretch transition
at De = 0.5 .[12, 38] If we calculate the Deborah number using previously published
order-of-magnitude estimates of the overall strain rate in a whipping electrospinning
jet,[20] 10° sec™, the resulting value (using measured relaxation times) of De ~ 10°-
10° suggests that we should expect to see the DNA molecules elongate in the jet.
Even in the straight section of the jet, the order-of-magnitude estimated strain rate of
10 sec” yields De =10-100. The overall strain rates in the electrospinning jet are on
or above the order of magnitude necessary for DNA chain scission in an elongational
flow.[11] Consequently, observation of fragmented molecules in the resulting fibers is

expected. Figure 5.1b shows an example of what could be a DNA molecule that has
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Figure 5.4 - Plot of DNA length vs. time for relaxation of a DNA molecule in bulk

PEO solution. The relaxation time for this data was 3.1 seconds.

broken into two pieces, one much longer than the other (bottom left of image). Other
possible scenarios that could cause this image include strongly non-uniform labeling
of this particular DNA molecule (the dark gap between the two bright regions would
then indicate an undyed section of the molecule) or a small fragment of another DNA
molecule extremely close to a full molecule. However, the dilute concentrations of
DNA used and the high uniformity (over long spans) of the fluorescent labeling render
these possibilities unlikely.

Electrospun nanofibers may be mechanically manipulated using an AFM,[43]
thereby reorienting and possibly further stretching the polymer molecules composing
the fiber. Thus it may be possible to further stretch the embedded DNA molecules
linearly in the nanofibers while preventing any fragments from drifting out of the
initial sequence. Chemical access to the stretched DNA molecule may be possible by

embedding the DNA in a porous water-insoluble electrospun nanofiber,[19, 45]
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allowing for interrogation of specific sites on the stretched DNA molecule by various
biological tags using techniques such as Fiber-FISH.[46-48]

The results presented here are interesting not only from a biological
perspective, but may also offer insight into the behavior of electrospinning jets. To
our knowledge, this is the first direct observation of individual aligned polymer
molecules in an electrospun nanofiber. In the current work, we have examined a
heterogeneous system consisting of PEO molecules and a smaller number of labeled
DNA molecules. Future studies may examine homogeneous systems consisting
entirely of DNA (or another polymer that can be fluorescently labeled) molecules of a
given length, with a small fraction labeled with a fluorescent tag. Direct observation
of the degree to which these molecules have been stretched can give information on

the fluid dynamic behavior of the jet and the mechanical properties of the nanofibers.

Conclusion

By incorporating a dilute concentration of fluorescently labeled DNA
molecules into an electrospinning process, we have produced PEO nanofibers
containing isolated stretched DNA molecules. This technique is both rapid and
simple. Because the DNA molecules are embedded in fibers that may be subsequently
analyzed, this technique opens up possibilities in novel sequencing techniques and
characterization of elastic properties of sections of DNA molecules. Moreover, the
ability to directly observe individual polymer molecules that have been stretched and
oriented in an electrospinning jet may provide new insight into the dynamics of

electrospinning.
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CHAPTER 6
FABRICATION OF NANOCHANNELS USING SACRIFICIAL ELECTROSPUN
FIBERS’
Introduction

As the technology required to observe single molecules has developed, so have
methods to isolate and manipulate single molecules in fluid. Microfluidics and
nanofluidics have allowed enhanced control over individual biomolecules, enabling
new methods for biomolecular analysis that exploit phenomena unique to miniaturized
fluidic devices.[1-3] As fluidic technology moves towards smaller volumes, there is an
increased need for rapid and inexpensive methods to fabricate micro- and nanofluidic
devices. Several recent studies have demonstrated techniques to fabricate micro- and
nanochannels without using high-resolution lithography.[4-7]

PDMS remains one of the most popular materials used to fabricate micro- and
nanofluidic structures.[8, 9] It is relatively inexpensive, easily and quickly molded,
non-toxic, and transparent. The mechanical flexibility of PDMS lends itself to the
construction of integrated valves and pumps, [10] as well as the controlled and
reversible deformation of device channels using external forces.[11]

Past work has demonstrated the use of electrospun nanofibers as
nonlithographic masks for patterning features in silicon wafers and thin films.[12, 13]
A previous study has demonstrated the use of sacrificial heat-decomposable
electrospun nanofibers to form nanochannels using spin-on-glass as a capping
layer.[4] In this chapter we describe the formation of nanochannels in PDMS using
electrospun PEO nanofibers. This nanochannel fabrication technique requires no
cleanroom processes, heat treatment, or specialized equipment. The resulting device

is contained in a flexible substrate and may be capped by either another flexible
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PDMS layer or a stiff glass coverslip. Moreover, the PDMS layer is reusable, given
that it is not bonded irreversibly to a capping layer. Using this technique, it is possible
to fabricate a complex random mat of interlinked nanochannels or an aligned array of
nanochannels. The nanochannel pattern depends solely on the pattern of the
electrospun nanofibers. By depositing fibers on patterned silicon templates, devices

incorporating both microfluidic and nanofluidic structures can be produced easily.

Device Fabrication

The fibers used to form sacrificial nanochannel templates were produced by
electrospinning a mixture of polyethylene oxide (Acros Organics, Mw 100,000) mixed
in 50/50 (v/v) water/ethanol at a concentration of approximately 20%. To produce
oriented nanofiber arrays, we used the scanned electrospinning method whereby the
collecting substrate is rotated quickly through the jet (Figure 3.2).[14] The solution
was electrospun onto silicon chips that had been treated with Sigmacote (Sigma) non-
stick coating. To integrate the nanochannels with microscale device features, several
of these chips were patterned with large reservoirs using contact photolithography and
deep reactive ion etching. Isolated aligned fibers or fiber mats were deposited over the
entire chip, and water-soaked swabs were used to wipe away undesired polymeric
material. Then PDMS (Sylgard 184, Dow Corning) was mixed at a 1:5 hardener-to-
resin ratio, degassed, poured over the fiber-coated silicon, and degassed again. The
PDMS was allowed to cure at room temperature overnight; the devices were not cured
at an elevated temperature to avoid melting the PEO. Figure 6.1a shows an optical
image of a device at this stage of the fabrication process consisting of two large
reservoirs connected by a fiber mat. Any fibers present in the reservoirs formed
features embedded in the reservoir ceiling and did not result in enclosed nanochannels

after bonding. After the PDMS cured, a scalpel was used to release devices from the
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silicon chips. These sections were peeled off of the silicon chip, sonicated in

deionized water for 30 minutes, and allowed to soak in water overnight in order to

dissolve away the PEO fibers inside the PDMS bulk. The PDMS was then dried and

access holes were created using a metal punch. Finally, the PDMS was exposed to an

oxygen plasma for ~30 s and bonded irreversibly to a glass coverslip used as a device

capping layer. The entire fabrication process is outlined in Figure 6.1b.

)

Reservoir

Reservoir

Silicon

Fiber

o

PDMS

Reservoirs

Tubing

P T

Figure 6.1- a) Optical image of a device consisting of two reservoirs connected by a

random fiber mat, taken at the third process step after the PDMS has been poured over

the template and cured. b) Schematic of a typical fabrication process.
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Multiple device geometries were fabricated. Initially, we deposited fiber mats
on unpatterned silicon chips. These devices consisted solely of a large network of
nanochannels accessed by tubing attached to holes punched in the PDMS. In order to
demonstrate that these nanochannel networks could be easily integrated with standard
microfluidics, we then deposited nanofiber mats onto silicon chips containing etched
features, resulting in devices (such as the device shown in Figure 6.1) that incorporate
both microfluidic and nanofluidic structures. In this way, a multi-level PDMS fluidic

structure was created without the need for multiple layers of lithography.

Figure 6.2- SEM images of nanochannel cross-sections. In both images, the glass
coverslip is below the interface and the PDMS layer is above the interface. Images a)

and b) show larger and smaller diameter channels, respectively.

Device Characterization

In order to determine the cross-sectional sizes of the nanochannels formed
from the sacrificial PEO nanofibers, several devices were frozen in liquid nitrogen,
fractured, sputter coated with Au/Pd, and imaged with a scanning electron microscope
(SEM) (LEO 1550). Examples of the resulting cross-sectional SEM images are shown
in Figure 6.2. Because electrospinning produces fibers with a range of sizes
(diameters varying up to ~50% from the average value),[15, 16] we expect the

nanochannels to exhibit a similarly broad range of diameters. We took SEM images
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of a random mat of fibers deposited with the same parameters as those used to create
the sacrificial template mats. We measured the diameter of 50 fibers and obtained an
average diameter of 455 + 146 nm. By tuning properties of the electrospinning
solution (such as polymer concentration, polymer molecular weight, and solvent), the
resulting fiber diameters can be influenced. Tuning the parameters of the
electrospinning system may also yield fibers with a narrower diameter distribution.
Electrospinning is able to produce nanofibers with diameters below 30nm; these
ultrafine fibers could potentially be used to create similarly sized channels limited by
the mechanical stability of the PDMS itself. Channels produced from sacrificial fibers
are roughly circular in cross-section, as opposed to those with rectangular cross-
sections made using standard lithographic techniques.

In order to test nanochannel accessibility, we used a syringe pump (KD
Scientific model 230) to fill devices with a solution of 100 uM fluorescein (Sigma)
and imaged them using an optical microscope (Olympus IX-70 microscope, EXFO X-
cite 120 illuminator, Omega XF100-2 filter set, Olympus 60x 0.9 NA objective, Roper
Scientific Cascade 512B EMCCD camera). Initially, we filled devices consisting
solely of randomly oriented channels (Figure 6.3). We also filled channels that were
integrated with microfluidic features such as reservoirs and fabricated using aligned
fibers (Figure 6.4).

To demonstrate that single molecules could be introduced into the channels,
we imaged individual DNA molecules in solution passing through the channels. The
devices consisted of two large reservoirs (1em x 0.5¢cm x 26 um deep) connected by
nanochannels formed from sacrificial electrospun nanofibers (Figure 6.1a). The
channels were first filled with filtered 5x tris-borate EDTA (TBE) buffer (Sigma) that
was introduced through one of the reservoirs. After we observed buffer exiting the

opposite reservoir, we introduced a 50 ng/mL solution of A bacteriophage DNA
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Figure 6.3-Fluorescence image of randomly aligned channels filling with a solution of
the fluorescent dye fluorescein.

i Channel

region

Figure 6.4- Fluorescence image of aligned channels connecting two reservoirs. The
reservoir on the left has already filled with dye, and the dye has flowed through the

channels and has begun to fill the reservoir on the right.

(New England Biolabs) that had been labeled with YOYO-1 (Molecular Probes) at a

nominal labeling ratio of 7.6:1 using the syringe pump. We then imaged the
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Reservoir

Channel
region

Figure 6.5- Fluorescence image indicating the paths of single molecules of DNA
through fluidic channels. Several frames from a video of the DNA in the device were
superimposed to create this image. Both the exposure time and the temporal gap

between each of the DNA images were 75 ms.

nanochannel region of the device and observed DNA molecules as they traversed the

channels. Figure 6.5 illustrates the motion of the DNA molecules in the channels.

Results and Discussion

PDMS is an established, versatile, and easy-to-use material for the construction
of miniaturized fluidic structures. PEO is a similarly popular material to electrospin
because it is non-toxic, water-soluble, easy to electrospin, and easy to work with. A
fabrication process combining these two materials to form fluidic structures in PDMS
is advantageous because the materials systems involved are standard for the field and

require no toxic solvents. These features render this fabrication technique potentially
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suitable for fabricating fluidic structures for instructional purposes. Moreover, the
process described herein could easily be scaled up for mass production of PDMS
substrates containing nanochannels. Several studies have investigated multi-source
electrospinning systems to increase nanofiber deposition rates.[17-19] The fabrication
technique described in this study could also be readily adapted for use with other
polymeric materials.

The channels produced by the technique described in this article form paths
determined by the layout of the deposited fibers. The “inverse mat” resulting from
using a random fiber mat template provides a tortuous path for fluid and molecules to
follow, as indicated in Figure 6.3. These random branching paths would be difficult
and time-consuming to produce using standard lithographic techniques but may be
useful for sensing, biomolecular separation, and mixing applications. Isolated
nanochannels have been used for analysis of single molecules such as DNA,[20-22]
and the technique described above, when combined with a oriented deposition of

nanofibers, can produce such isolated, straight channels (Figure 6.4).

Conclusion

Using sacrificial electrospun PEO nanofibers as templates, we have formed
nanofluidic channels in PDMS that are easily integrated with microfluidic features.
These channels can be defined as random intersecting paths or as a set of aligned
structures, depending on the deposited fiber template used. We have shown that fluid
and single molecules can be driven into these channels and observed. This high-
throughput, soft-lithographic technique may be used to form nanochannels easily in a
wide range of materials, and thus renders several micro- and nanofluidic technologies

previously confined to the research laboratory potentially commercially viable.
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CHAPTER 7
CONTROL OF AN ELECTROSPINNING JET USING ELECTRIC FIELDS®

Introduction

One of the major features of the electrospinning process is that it is able to
directly deposit nanofibers consisting of a wide range of materials. Polymer
nanofibers containing small active particles can be produced by adding the particles to
the solution before deposition.[1-3] Biosensors produced with electrospun nanofibers
can be fabricated in direct deposition processes that avoid the use of harsh solvents
typical of most lithography processes.[4] Electrospinning is a simple and inexpensive
method to produce nanodevices that exploit the material properties of the active
polymer nanofiber or encapsulated molecules. For example, Liu et al. have reported
using an electrospun polyaniline nanofiber as an ultrasensitive NH3 detector.[5]
Electrospun glass fibers were deposited over trenches by Kameoka et al. and used as
doubly clamped beam oscillators which could be used for detection.[6] Verbridge et
al. have used electrospun nanofibers as templates for fabricating suspended
nanochannels that could be used for both mechanical and optical measurements of the
solution contained therein.[7] To be able to produce these devices with high yield,
one must be able to position the deposited fibers relative to other features (such as
electrodes or trenches) to within 1-100 um, depending on the device. Current standard
electrospinning processes do not have such control. In this chapter we discuss a
method to deposit fibers in a more controlled fashion.

The fluid dynamic behavior of electrospinning jets is complex, and the jet will

often enter a “whipping mode” where charge-charge repulsion and surface tension

¥ Reproduced in part with permission from Bellan, L. M.; Craighead, H. G., Control of an
electrospinning jet using electric focusing and jet-steering fields. Journal of Vacuum Science &
Technology B 2006, 24, (6), 3179-3183. Copyright 2006 American Vacuum Society.
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cause chaotic bending of the jet. This produces a random mat of fibers (Figure 7.1a).
Moreover, the deposited fibers are initially charged and there is some time constant for
the charge to leak into the grounded substrate. This charging will also cause chaotic

motion of the jet near the surface.

Figure 7.1- a) Optical microscope image for typical random mat produced by
electrospinning (scale bar indicates 100 microns), b) picture of unfocused spot (left
side) and spot produced by a jet in a focused, axisymmetric mode and c) picture of

spot produced by focused jet in whipping mode.

It would be useful to deposit electrospun fibers with specific orientations in
specific positions (i.e. to “draw” with the jet). However, depositing electrospun fibers
in a controlled fashion is difficult due to the high jet velocity (1-10 m/sec) typical of

most electrospinning systems. Moreover, the chaotic whipping mode that is
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responsible for the final thinning of the fiber causes the jet to deposit fibers randomly
over a large (~cm typically) characteristic “spot size” (Figure 7.1b, left spot). Several
methods for electrospinning separate oriented fibers have been demonstrated,
including depositing on a rotating substrate[8-10] and depositing on a substrate with
electrodes that can attract or repel the fibers.[11, 12] However, these methods are
generally limited to orientation in one dimension. The fluid jet in typical
electrospinning setups flows too quickly to use common linear motion stages (with
typical maximum velocities ranging from 10-50 cm/sec) for mechanical scanning in
two dimensions, making it difficult to use such systems to draw out single straight dry
fibers with arbitrary XY control. Only one recent study has demonstrated the ability
to use fast XY stages with a near field electrospinning setup that produces a jet with a
smaller velocity.[13]

Because electrospinning jets are charged, they can be manipulated by electric
fields. This is an attractive idea for many reasons. Compared to the relatively slow
speeds of linear mechanical stages, electric manipulation should allow for much
quicker arbitrary manipulation of the charged jet. With the right electronics, very
strong electric (or magnetic) fields can be switched very quickly. Scanned electron
and ion beams are a mainstay of modern nanofabrication approaches. However, there
has been relatively little work in the area of manipulating electrospinning jets with
electric fields. A previous study demonstrated the ability to reduce the characteristic
spot size of an electrospinning jet by using a series of focusing electrodes that
suppressed the whipping mode to some extent.[14] The current study takes this idea
one step further by using both a DC focusing field to reduce the characteristic spot size
(Figure 7.1b and 7.1c¢) as well as a time-varying jet steering field. Figure 7.1b shows a
spot produced with no focusing fields (left spot) and a spot produced with focusing

fields that allowed the jet to enter an axisymmetric fluid dynamic mode (right spot).

98



Figure 7.1c shows a spot produced with focusing fields that did not completely

suppress the whipping mode but did reduce the spot size.

Experimental Setup

An illustration and an image of the current experimental setup are shown in
Figures 7.2a and 7.2b, respectively. The electrospinning tip consists of a needle fed
with solution by a syringe pump (Harvard Apparatus syringe infusion pump 22)
feeding at a rate of 2-3 uL/min. The polymer solution used in this study was 20% by
weight polyethylene oxide (PEO) (100,000 MW, Aldrich) in 50/50 (by volume)
deionized water and ethanol. We used a PEO solution because it is simple to
electrospin, both the polymer and the solvents are non-toxic, and the deposited
material is simple to clean up. The high voltage applied to the tip (~18kV) is provided
by an Emco DX250 high voltage supply connected to an Agilent DC supply. Ata
distance of 3.5 cm below the tip, close to the collecting substrate, are the focusing and
steering electrodes. These functions are performed by a short metal cylinder (copper
gaskets 2 or 4 mm tall, 3.5 cm diameter) cut into quadrants. A constant voltage for
focusing is applied to two sections, while time-varying steering voltage is applied to
the other two sections. The jet is steered from its default position only when at least
one of the steering voltages is different from the focusing voltage. The collecting
substrate sits directly below these electrodes at a distance of 6 cm from the tip, on top
of'a grounded plate. We placed a small amount of water on the grounded plate so that,
during initial setup of the jet without the substrate in place, polymer solution would
not accumulate on the grounded plate. It is important to note that the steering and
focusing electrodes must be placed close to the collecting substrate. Electrodes near
the tip may manipulate the jet behavior far from the sample, but as the jet travels

downstream it can resume the chaotic whipping mode, even if it had been suppressed
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further upstream. All electrospinning was performed in air at room temperature, and
thus it was necessary to ensure that all electrodes in the system, including the tip, were
appropriately separated from each other so as to avoid arcs.

The electronics used to drive the focusing/steering electrodes were homebuilt.
In the initial experimental setup, we used two high voltage relays (Gigavac G81C245)
to switch the potential on two of the electrodes between the focusing voltage (~10kV)
and ground. The relays were controlled by computer using digital outputs on a
National Instruments PCI-6036E DAQ card. For this initial setup, the electrode
thickness was 2mm. In the second experimental setup, we doubled the electrode
thickness to increase the jet deflection and used a more complex electrode driving
circuit. For this setup, arbitrary waveforms to steer both axes were generated with the
DAAQ card analog outputs. These two signals were amplified (gain of ~6.6x) by a
simple op-amp circuit that acted not only as an amplifier but also as an extra electrical
buffer between the high voltage section of the circuit and the computer output. The
outputs of the op-amps were connected to the grids of two single ended triode (SET)
amplifiers based on the 6BK4B vacuum tube. The resistor used between the high
voltage supply and the plate of the tube was conservatively chosen to be 20MQ taking
into account the maximum current output of the high voltage supply (Emco F121
supply running at 10kV), 0.834 mA, and this limited the time response of the electrical
system to a time constant of ~ 0.5 msec. Future versions of the driving electronics
may incorporate higher power voltage supplies that would allow the amplifier to
swing voltages more quickly and thus produce finer features. A “push-pull”
configuration is another possible improvement. More optimized electrode geometries

would also be beneficial.
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Figure 7.2- a) Schematic of controlled electrospinning system (not to scale) and b)

picture of controlled electrospinning setup.
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Results and Discussion

With the first controlled electrospinning setup we were able to deposit lines of
nanofibers with linewidths of ~100 pm in a controlled fashion (Figure 7.3a). This
system was unable to steer the jet quickly enough to deposit single straight fibers, but
was still able to impart a pattern to the resulting deposition. Using the second system,
we were able to draw single electrospun fibers in straight lines in a controlled fashion.
The maximum deflected length of these single lines was ~1 cm. Some fibers were
deposited over trenches etched in the Si substrate to demonstrate the speed of the
transverse jet movement and that the fibers were in fact at least mostly dry when
deposited. Figure 7.3b and 7.3c show optical microscope images of typical patterns
produced by the system, and Figure 7.4 shows images from a scanning electron
microscope (SEM) and atomic force microscope (AFM), which are useful for
measuring the width and height of the fibers, respectively. The SEM images
demonstrate that the deposition system was able to produce fibers that spanned
trenches etched in the substrate. This indicates that the steering velocity is much
larger than the jet velocity, as the fibers would otherwise sag to the bottom of the
trench. Moreover, this also indicates that the fibers were fairly dry when deposited,
since a wet fluid would not result in a suspended dry fiber. The first AFM image
(Figure 7.4c) shows the height of two fibers, and this value roughly agrees with the
width of similar fibers as measured with the SEM.

There are two mechanisms that cause the electrospinning jet to deposit fibers
in a macroscopic “spot size.” The first, and most often addressed, cause of the
instability at the collector surface is the whipping mode of the jet caused by charge-
charge repulsion on the surface of the jet. However, as one approaches the collecting
surface, the effect of charge accumulation in previously-deposited fibers becomes

more important and can contribute to the layout of the deposited fibers.[15, 16] The
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500 pm

Figure 7.3- Optical microscope images of PEO fibers deposited by: a) first controlled
electrospinning system using relays and b,c) second controlled electrospinning system
using high voltage amplifier. In image a), the small chaotic fibers are due to initial
setup of the jet, and the thick mat on the left of the image is the default position of the
jet when it is not being steered. Image b) shows parallel lines produced by the second
experimental setup, and image c) shows a terminated fiber produced by the second

experimental setup.
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Figure 7.4- a,b) SEM images of suspended PEO nanofibers and c-d) AFM images and

cross section of fibers on Si substrate.

system relaxation time constant for charge decaying out of the PEO into the grounded
Si substrate is strongly dependant on the temperature and relative humidity of the
system.[17] The system relaxation time is on the order of 0.01-1 seconds, much
slower than the deposition rate.[18] Thus, if the jet is steered to a position on the

substrate where polymer was recently deposited, it will be affected by the residual
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charge and behave erratically.

Though these results are very encouraging, there are several limitations in the
present setup that need to be addressed. First, the analog output electronics that drive
the focusing/steering electrodes are not fast enough to produce small features. The
DAAQ card can produce square waveforms with frequencies up to ~1 kHz and the
vacuum tube amplifiers have a time constant that is similarly limiting. A system
consisting of fast arbitrary waveform generators coupled to high voltage amplifiers
with a shorter time constant (implying a more powerful HV supply) should be able to
manipulate the jet in a more controlled fashion and produce smaller features. A
second important limitation of the system is the stability of the jet at the
electrospinning tip. A stable Taylor cone at the tip is necessary for stable, consistent
fiber deposition, as any instability at the tip will travel downstream and affect the fluid
dynamic behavior of the jet. In our experimental setup, the tip was connected to a
syringe on a syringe pump via thin silicone tubing. Because of the high viscosity and
small tubing diameter, it took a long time for the system to settle to a steady solution
feed rate. Moreover, the high voltage applied to the tip caused the solution and
silicone tubing to become highly charged. We were able to hear corona around the
tubing and near the syringe pump itself. If the tubing came too close to any metal
(grounded) object, an arc formed between the two. Near where the arc formed, we
observed bubbles form in the solution. This behavior was obvious when an arc
formed, but is thought to occur to some extent near any corona as well. The bubbles
traveled upstream in the solution until they reached the tip and caused instabilities in
the Taylor cone. A more optimized system would have the syringe controlled by a
pump and directly connected (without tubing) to the electrospinning tip.
Microfabricated chip-based nozzles are another potential means to improve deposition

uniformity; these are discussed in Chapter 8. High voltage insulation would also be
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placed between the syringe and any nearby metal objects to prevent corona from
forming.

When the jet is steered too far from its default position, it will jump from the
substrate to the steering electrode with the lowest voltage, producing a terminated
fiber on the substrate. An example of one of these terminated fibers is shown in
Figure 7.3c. This behavior is essentially “blanking” the jet, similar to a beam blanker
in electron and ion beam systems, although the jet blanker may only work near the
deflection extremes. One might envision an electrode dedicated to this task. This
electrode would essentially allow or prevent deposition of the fluid jet on the
substrate. Presumably one would not want polymer to accumulate on the blanker
electrode, and so the blanked position should cause the jet to deposit into a refreshed

solvent bath.

Conclusion

We have shown that it is possible to focus and steer an electrospinning jet
using static and time-varying electric fields. We have deposited PEO nanofibers in a
pattern designated by a series of voltages applied to the steering electrodes. With our
second experimental setup, we were able to steer the electrospinning jet quickly
enough to produce single straight fibers. Finally, we have demonstrated that it is
possible to controllably deposit terminated fibers using an electrospinning system with
quickly varying steering electric fields. These results will allow for more complex

geometries to be fabricated using electrospun nanofibers.
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CHAPTER 8
A CHIP-BASED MICROFABRICATED ELECTROSPINNING NOZZLE’

Introduction

As the field of electrospinning grows, there is increased interest in
investigating the effects of nozzle geometry on both the behavior of the
electrospinning jet and the properties of the resulting fibers. Because the
electrospinning process uses an electrically forced jet to produce fibers from solution,
both the nozzle material and geometry can play an important role in defining the
fluidic cone and jet. Typical electrospinning systems utilize a standard syringe needle
to provide a constant supply of solution to an electrically formed fluid cone at the
sharp end of the needle. Other systems have used solid sharp tips to which a small
droplet of solution is applied;[1] though a constant supply of solution is not practical
with such designs, they are useful for quick deposition of a small number of fibers.
Several multi-jet systems have been described that allow for increased mass
throughput.[2-4] Multicomponent fibers have been produced using electrospinning
systems with modified spinnerets that combine multiple solutions in either a
coaxial[5] or side-by-side configuration.[6] However, there has been little
investigation into the limits of a nozzle-based design.

In this chapter we describe the use of extremely small (5 um) diameter nozzles
as electrospinning sources and compare them to standard electrospinning sources such
as needles and sharp tips. The microfabricated nozzle source produces a smaller, more
uniform mat of fibers than the other sources, and can be produced in large arrays on a
silicon chip. This layout is convenient for automated access by a robotic system, as

well as integration with other chip-based components (such as charged jet optics) and
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microfluidic devices. We demonstrate that these nozzles can deposit fibers of various

shapes, including short sections of fiber deposited by a self-chopping jet.

Experimental Setup

As an electrospinning source we used the robotic NanoMate system (Advion
Biosciences) (Figure 8.1a) typically used to introduce samples into mass
spectrometers using electrospray ionization (ESI-MS). To define the nozzle geometry,
we used a standard silicon ESI chip containing a large array of microfabricated 5 um
nozzle sources with a SiO; passivating layer (Figures 8.1b and 8.1c). To our
knowledge, this is the smallest electrospinning source demonstrated that incorporates
a nozzle, allowing a continuous feed of solution. Because the ESI chip is grounded in
the NanoMate system, we used a floating high voltage supply (Emco High Voltage
F121) to apply a voltage of 5-7kV between the electrospinning solution behind the

nozzle and a collecting surface placed ~1-3 cm from the front of the ESI chip.

Results

For our initial attempts to electrospin with the modified NanoMate system, we used
solutions of 5%-7% polyethylene oxide (Arcos Organics, 100,000 Mw) in 50/50 v/v
water/ethanol, typically used in electrospinning experiments. We were unable to force
this fluid through the nozzles, and SEM imaging (not shown) indicated that the
nozzles were clogging. By adding formic acid to the PEO solution, we were able to
form a jet, but it produced droplets as opposed to fibers. The PEO solution had
previously been used with standard electrospinning system configurations and, at
higher polymer concentrations, produced fibers. However, using a solution of 240 mg
PMMA (996,000 Mw) dissolved in a mixture of 4.5mL acetonitrile and 1mL ethanol

we were able to produce a fiber-forming electrospinning jet from a single 5 pm

110



c)
Nozzle — Fluid jet

ol

s Disposable

Pipette Tip

B
:

Inlet

Figure 8.1- a) NanoMate automated ESI-MS system, b) SEM images of ESIChip

nozzles, and c) schematic showing nozzle cross-section.
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nozzle. A solution with only 20mg of PMMA in 2mL acetonitrile and 0.5 mL ethanol
formed a jet but deposited droplets, and another solution containing 110 mg of PMMA
in 2mL acetonitrile and 0.5 mL ethanol formed thick fibers. Using a solution of 67 mg
PMMA in 2mL anisole, we were able to produce fibers with the “beads-on-a-string”
geometry, though the solution at times produced only droplets. SEM images of these
samples are shown in Figure 8.2. Fibers were collected both on a stationary substrate
and on a substrate that was rotated through the jet to help isolate the fibers. In several
situations, while examining the resulting fibers, we observed short isolated lengths of
fiber as well as the typical single non-woven strand (Figure 8.2). When the substrate
was stationary, instead of observing the typical circular mat produced by standard
electrospinning systems, we often observed a starburst pattern due to short isolated
sections of fiber being deposited radially at the perimeter of the mat (Figure 8.2d). We
believe this is due to the accumulated charge in the deposited mat radially deflecting
the path of a broken section of the jet in flight.[7] In order to confirm that the jet was
breaking in flight, we imaged the electrospinning source using a high speed camera
(Vision Research Phantom v7, ~30,000 fps, 10us exposure). Several frames from the
resulting video are shown in Figure 8.3, indicating that the jet was indeed breaking
close to the nozzle.

Though there are several theoretical treatments of electrospinning jets,[8-16]
there have been relatively few experimental investigations into how the fibers
resulting from an electrospinning jet depend on the radius of the nozzle forming the
jet. While some work has shown fiber diameter dependence on nozzle diameter (using
diameters ranging from 580 pm to 1190 um),[17] other work (using diameters ranging
from 100 um to 830 um) has shown no dependence.[18] A recent numerical treatment
investigating the effects of various parameters on electrospinning jets showed that the

resulting fiber diameters depending strongly on the initial jet radius, which may
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Figure 8.2- SEM images of a) PMMA fibers from acetonitrile/ethanol , b) PMMA
fibers from anisole, showing beads-on-a-string geometry, c) PMMA fibers from
acetonitrile/ethanol, showing broken fiber deposition near edge of mat and d) a
different place on the same sample as shown in c), showing the edge of the mat with

radial broken fiber deposition (pointing upwards in this image).
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Figure 8.3- Frames from high speed video indicating breaking of the jet in flight.

Yellow arrows indicate the fluid jet, and white arrows indicate where the jet broke.

depend on the nozzle diameter as well as other parameters.[19] Recent work by
Helgeson et al. has produced an empirical relationship to predict fiber diameter from
solution properties and electrospinning parameters.[20] Future work with a chip-
based electrospinning system would allow for a systematic study of the dependence of
fiber properties on nozzle diameter.

To compare the behavior of the microfabricated nozzles to other
electrospinning sources, we electrospun a solution of 50 mg PMMA (996,000 Mw) in
2ml acetonitrile and .5mL ethanol, using the NanoMate system, a microfabricated
silicon tip[1] coated with gold, and a 22 gauge syringe needle. For each system, we
applied an accelerating voltage of 7.3 kV over a source-sample separation distance of
2.5 cm. The resulting fiber mats are shown in Figure 8.4. Each of the white spots is a
mat of fibers (as verified using optical microscopy). While the silicon tip and needle

sources produced relatively large, uneven mats, the NanoMate source produced a
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Figure 8.4- Images of fiber mats produced by a) microfabricated chip-based nozzle, b)
microfabricated silicon tip, and ¢) hypodermic needle source. All images are shown at

the same magnification.

smaller, more uniform spot.

Conclusion

Though we have only used one nozzle at a time in this study, it is likely that
multiple nozzles could easily be operated simultaneously by simply feeding them
solution, allowing a high throughput. To operate the system for longer periods of
time, a syringe pump could be used to feed solution to the backside of the ESI Chip
instead of the robotic pipettor on the NanoMate. One could also integrate the ESI
Chip with microfluidic devices placed behind the nozzles to develop an automated
sample preparation system for single biomolecule analysis.[21] Microfabricated
electrospinning nozzles also offer much promise for integration with systems using
electric fields to steer the charged jet.[22] Technology and electrode geometries
similar to those developed for electron beam microcolumn systems could be
applied.[23, 24] Chip-based microfabricated electrospinning nozzles offer a new
approach to potentially improve deposition uniformity, reduce spot size, increase the

throughput of electrospinning systems and decrease the resulting fiber diameter.
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CHAPTER 9
SUMMARY

This thesis work has focused on both the application of novel measurement
techniques to electrospinning jets and the resulting fibers, and the development of
modifications to electrospinning to increase the range of applications. To characterize
the electrospinning jet itself, particle image velocimetry was used to measure the fluid
velocity in the jet directly. This experiment also indicated transverse fluid oscillations
near the beginning of the jet; these oscillations could be related to the macroscopic
whipping instability further down the jet. Future work may attempt to follow the paths
of the tracer particles further down the jet into higher velocity straight jet regimes, or
even into the whipping regime. Such measurements may yield information about the
fluidic and material behavior of the jet that is difficult or impossible to extract from
simply observing the jet shape and movement.

A significant amount of discussion has been dedicated to the elongational
properties of electrospinning jets. In this work, polarized Raman spectroscopy and
atomic force microscopy were used to characterize the molecular orientation and
resulting mechanical properties of electrospun nanofibers, respectively. The
elongational flow was also used as a tool to stretch DNA molecules in the
electrospinning solution. The molecules remained stretched and embedded in the
resulting nanofibers. This rapid, inexpensive technique could be used as a high-
throughput sample preparation process for genomic analysis. Future work with this
technique may demonstrate the resolution of sequence-specific labeling on individual
DNA molecules stretched by electrospinning. Other encapsulating materials besides
PEO could also be investigated and may offer improved results.

As an addition to the significant literature already demonstrating lithographic
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processes utilizing electrospun fibers, a new fabrication process using sacrificial
electrospun nanofibers to form nanochannels was developed. One of the major
advantages of this technique is that it can be applied to a wide range of polymeric
material. The two materials chosen to demonstrate this use of sacrificial nanofibers
were PEO (for forming the nanofibers) and PDMS (for forming the encapsulating
medium). As PEO is the most popular material to electrospin, and PDMS is one of the
most popular materials used to form micro- and nanofluidic structures, a process that
combines these two materials to form fluidic channels is highly advantageous. The
ability to easily integrate nanofluidic and microfluidic structures is another benefit of
this process. The channels produced by random mats of electrospun fibers may have
applications as artificial vascular systems, fluidic mixers, filters, or high surface-area
sensors. Channels produced by aligned fibers could be used for single-molecule
sensing and biomolecule separations.

Two new modifications to electrospinning apparatus have been discussed. In
the interest of developing a method to deposit electrospun fibers with controlled
position and orientation (i.e. “draw” arbitrary single-fiber patterns), a system
employing time-varying electric fields transverse to the jet was developed. While the
results from this system are promising, there is much room for improvement. The
electrode design is simplistic and may benefit from engineering efforts from those
with experience in charged particle optics. The electronics driving the electrodes must
be able to operate in a faster, more linear fashion in order to produce smaller features.
The system may benefit from steering fields designed to operate in a push-pull
configuration. Novel methods for confining the whipping instability are necessary to
be able to deposit fibers in a given position reproducibly. Finally, a stable source must
be developed that can continuously deliver a stable fluid jet for an extended period of

time. With the improvements described above, a fully optimized controlled
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electrospinning system may replace focused ion beams or electron beam lithography
systems for some applications (specifically, for fabrication of thin lines of polymeric
material). In order to address the need for new electrospinning sources, a
microfabricated nozzle-based electrospray system was modified to electrospin
material from 5 pm nozzles (the smallest electrospinning nozzle source to date, to my
knowledge). These sources offer more uniform deposition, smaller spot sizes, and
greater potential for integration with microfluidic systems and chip-based charged
particle optics. Moreover, in a system with a large array of available sources, a new
source is easily installed into the system when an older source becomes nonfunctional.
There is also the possibility of investigating the dependence on nozzle diameter of the
fiber diameter using nozzles of a range of diameters fabricated on the same chip.
Though electrospinning has been a practiced technique for several decades, it
is only recently gaining the attention required to fully develop. Until quite recently,
and perhaps still, the majority of electrospinning literature focuses on expanding the
range of materials to which the technique can be applied, as opposed to developing
new applications or modifications of the process itself. The majority of the significant
theoretical work treating electrospinning has been published in the last decade.
Moreover, there are few, if any, current commercially available products or services
using the electrospinning process. I would argue that these facts signify that the

technique is still in its infancy.
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