
In recent years, our ability to unravel the fine details 
of cellular events has improved remarkably. One 
signi ficant contributing factor in this was the develop­
ment of green fluorescent protein (GFP) from the 
jellyfish Aequorea victoria as a fluorescent label that 
can be incorporated into proteins by genetic fusion1. 
Chimeric GFPs can be expressed in  situ by gene 
transfe r into cells and localized to particular sites 
with appropriate targeting signals, thereby allowing 
imaging of a range of biological events. Furthermore, 
the emergence of spectral variants of A. victoria GFP, 
as well as the identification of GFP­like proteins from 
other organisms, has provided many new opportu­
nities for investigators to simultaneously observe 
multipl e cellular events2–7.

In 2001, a review by Lippincott­Schwartz, Snapp 
and Kenworthy8 provided an early perspective on these 
useful tools. Since then, there has been great progress. 
For example, inspired by previous studies of the photo­
chemical transformation of wild­type A. victoria GFP9,10 
and by molecular cloning of GFP­like proteins from 
non­bioluminescent anthozoan species11, Lippincott­
Schwartz’s group12 and my own13 developed a photo­
activatable FP (PA­GFP) and a photo convertible FP 
(Kaede), respectively; these FPs were introduced to 
the biological community in 2002. These technologica l 
innovations that date back to 2002 paved the way to 
notable advances in fluorescence imaging as applied 
to the observation of protein movement.

In commemoration of the 10­year anniversary of 
Nature Reviews Molecular Cell Biology, I revisit the 
review by Lippincott­Schwartz, Snapp and Kenworthy8, 
which was published in the journal’s first year (2001). 
Revisiting that original review provides us with an 
opportunity to reflect on new imaging approaches that 

are in use today but were inconceivable only a decade 
ago. Since 2001, Nature Reviews Molecular Cell Biology 
has covered numerous state­of­the­art fluorescence 
imaging technologies, with some of the articles focus­
ing on the techniques in question14 –20 and others on 
applying these techniques to answer cell and molecu­
lar biology questions21,22. As the fluorescence imaging 
field has become increasingly diversified, it has become 
more and more of a challenge to exhaustively review 
all of these technologies. Therefore, here I focus on the 
techniques for visualizing protein movement, in par­
ticular diffusion (BOX 1). Other important biological 
events, such as protein–protein interactions, are also 
discussed in relation to this subject because they are 
closely related to protein movement. The fluorophores 
discussed in this Review are limited mostly to FPs, a 
term I use to describe proteins that can become sponta­
neously fluorescent through the autocatalytic synthesis 
of a chromophore1. In addition, the samples discussed 
here are mostly live cultured mammalian cells on 
coverslips. The in vivo imaging of cell behaviour in 
intact multicellular organisms has been reviewed 
elsewhere23–25.

Labelling with GFP-like proteins

The family of GFP­like proteins has expanded rapidly 
and continues to grow26–28. Although GFP­like pro­
teins exhibit a diverse set of features, they all share 
a few basic properties. For example, all of the wild­
type GFP­like proteins characterized so far form obli­
gate oligomers, whereas wild­type A. victoria GFP 
forms a weak dimer (with a dissociation constant of 
0.11 mM)29. It is important to consider these proper­
ties when using GFP­like proteins as tags to analyse 
protein movement.
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Abstract | Proteins are always on the move, and this may occur through diffusion or active 

transport. The realization that the regulation of signal transduction is highly dynamic in 

space and time has stimulated intense interest in the movement of proteins. Over the  

past decade, numerous new technologies using fluorescent proteins have been  

developed, allowing us to observe the spatiotemporal dynamics of proteins in living cells. 

These technologies have greatly advanced our understanding of protein dynamics,  

including protein movement and protein interactions.
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Site-directed mutagenesis
An in vitro mutagenesis 

procedure that is often carried 

out using a polymerase chain 

reaction in which specific 

mutations are introduced 

into a DNA molecule.

Oligomerization of GFP-like proteins. Oligomerization 
does not limit the ability of GFP­like proteins to mark 
cells or act as reporters of gene expression, but it may 
interfere with the function of the protein to which they 
are fused. Therefore, many groups have attempted 
to engineer monomeric FPs (mFPs). Tsien’s group 
reported the successful engineering of monomeric red 
FP1 (mRFP1)30 from Discosoma spp. RFP (DsRed)11,  
a molecule that normally forms a tetramer31,32 (FIG. 1a). 
They used site-directed mutagenesis to break the tetra­
meric structure, followed by random mutagenesis to 
rescue the red fluorescence. Following their success 
with mRFP1, the group carried out an extensive series 
of in vitro evolution experiments, generating a ‘virtua l 
fruit basket’ of FPs with a wide range of emission spec­
tra33, including mCherry and mOrange. These achieve­
ments demonstrate the potential for the develop ment 
of monomeric forms of other oligomeric FPs.

It should also be noted that Tsien’s group fused two 
copies of the DsRed­derived dimer (joined at the AC 
interface) using a polypeptide linker (FIG. 1a). In such 
a tandem dimer construct, key dimer interactions 
can be satisfied through intramolecular contacts. The 
lates t version of the protein is tandem dimeric Tomato 
(tdTomato)33, which has been widely used because it 
doubles the fluorescence brightness per unit of host 
protein compared with the regular monomer and is 
thus preferable when the size of the fusion tag is not 
a significant concern. Another example is tdEosF P, 
which was developed from an AB dimer of the tetra­
meric complex of EosFP34 and has been widely used 
for super­resolution microscopy techniques, such as 
photoactivated localization microscopy (PALM) and 
fluorescence PALM (FPALM) (see below).

Aggregation of GFP-like proteins. The tendency of 
anthozoan GFP­like proteins to form aggregates 
is another important consideration. After cells are 
transfected with cDNAs encoding these GFP­like 

proteins, visible precipitates (assumed to be protein 
aggregates) appear in the cytoplasm35. Because the 
aggregation of FPs may impede cellular applications 
and lead to toxicity, most cell biologists refrain from 
using FPs that form visible cytosolic precipitates35 and 
tend to discuss aggregation and oligomerization of 
GFP­like proteins as though they were synonymous. 
Importantly, however, my group has observed visi­
ble precipitates with non­fused GFP­like proteins, 
regardless of their degree of oligomerization36; for 
example, the transfection of non­fused mRFP1 into 
HeLa cells produced visible precipitates in the cyto­
sol36. Such observations prompted us to investigate the 
nature of these cytosolic precipitates to determine how 
they are formed and whether FPs that form such pre­
cipitates should be avoided. Using cytochemical and 
biochemical approaches, we showed that the visible 
precipitates in the cytoplasm are lysosomes that have 
accumulated GFP­like proteins36. Most GFP­like pro­
teins are resistant to both acid and lysosomal enzymes 
and therefore retain their fluorescence in lysosomes. 
By contrast, A. victoria GFP and its derivatives, such 
as enhanced GFP (EGFP), enhanced cyan FP (ECFP) 
and enhanced yellow FP (EYFP), are degraded rapidly 
in lysosomes36. Thus, the visible precipitates in cells 
transfected with cDNAs encoding GFP­like proteins 
could be the products of cytoprotective, rather than 
cytotoxic, responses.

However, lysosomal accumulation of FPs can­
not explain all instances of visible precipitates, as FP 
aggregation does occur in some situations. Although 
the molecular mechanisms of FP aggregation remain 
unclear, two possibilities deserve attention. First, the 
aggregation may take place through electrostatic or 
hydrophobic interactions between FP oligomeric com­
plexes (FIG. 1b). These FPs can aggregate regardless of 
whether they are fused to host proteins. In fact, it is 
possible to engineer non­aggregating FPs by removing 
charged or hydrophobic side chains from the surfaces 
of oligomeric complexes35. It should be noted that GFP 
from the sea pansy Renilla reniformis becomes solu­
ble as a result of dimerization; a hydrophobic patch is 
concealed at the dimerization interface, which allows 
the overall surface of the dimer to be hydrophilic. 
This principle also applies to some tetrameric GFP­
like proteins, such as Kaede13 and KikGR37, which 
exhibit higher than expected (given their molecular 
masses) diffusion coefficients within the cytoplasm 
(see below), indicative of high solubility13,38.

Second, aggregation may be a consequence of FP 
oligomerization. If host proteins are also oligomeric, 
fusion to FPs may result in crosslinking to form mas­
sive aggregates39 (FIG. 1c). However, such large­scale 
aggregation should occur only when the FPs are fused 
to other proteins. If oligomerization precedes aggre­
gation then this problem would be most easily solved 
by using mFPs. Nevertheless, it seems to be hard to 
make monomeric forms of some GFP­like proteins, so 
another solution may be to carry out hetero­oligomeri c 
tagging, which supplies an FP­tagged protein with an 
excess of free, non­fluorescent mutants of the FP40.

Box 1 | Mechanisms of biomolecule movement

There are two types of transport processes: non-mediated and mediated transport. 

Non-mediated transport occurs through simple diffusion, which is the result of 

thermal fluctuations in the suspension and is often referred to as Brownian motion. 

Mediated transport occurs through the action of specific carrier proteins and is 

classified into two categories depending on the thermodynamics of the system: 

facilitated diffusion and active transport. In facilitated diffusion, molecules flow from 

areas of high concentration to areas of low concentration to reach equilibrium. In 

active transport, molecules are transported from areas of low concentration to those 

of high concentration, against their concentration gradients. The transport of 

molecules across the nuclear envelope from the cytoplasm to the nucleus can be used 

as an example of these mechanisms. Steroid hormones pass through the membrane by 

simple diffusion. Small water-soluble proteins (<50 kDa) can pass through nuclear 

pore complexes (which perforate the nuclear envelope) by facilitated diffusion, 

whereas large proteins (>60 kDa) cannot. However, proteins containing nuclear 

localization signals (NLSs) can enter the nucleus irrespective of their size through 

active transport. The entire cycle of NLS-mediated protein transport requires GTP 

hydrolysis and is therefore energy dependent. Other examples of active transport 

include the directed movement of proteins, mRNAs and vesicles along cytoskeletal 

elements, which is mediated by motor proteins.
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Hydrodynamic radius
The effective size of the 

molecule as detected by  

its diffusion.

Measuring bulk mass movement

Assuming that neither fusion with FP nor overexpres­
sion of FP­fused proteins affects protein dynamics inside 
cells, we can study how the FP­fused proteins move by 
measuring fluorescence from an ensemble (or bulk 
collectio n) of proteins.

Protein diffusion in living cells. Diffusion is the overall 
movement of material from an area of high concentra­
tion to an area of low concentration. The diffusion con­
stant, D, represents the rate of protein movement in the 
absence of flow or active transport (BOX 1). According to 
the Stokes–Einstein formula, D for a particle in a free 
volume is determined by the absolute temperature, the 
viscosity of the medium and the hydrodynamic radius of 
the particle. In live biological samples, the absolute tem­
perature is almost always constant and is therefore not 
relevant. By contrast, the viscosity is a variable. As mem­
branes are more viscous than aqueous phases (such as 
the cytoplasm, nucleoplasm and organelle lumina), the 
lateral diffusion of a membrane protein is slower than 
that of a soluble protein. In addition, the D for a soluble 
globular protein is inversely proportional to the cube 
root of the protein’s molecular mass. 

Within a cell, however, free diffusion of a protein can 
be hindered by its interactions with other proteins and 
structures. In a crowded environment, a protein often 
interacts with other mobile proteins and can bind to rela­
tively immobile cellular structures, such as the cytoskel­
eton, chromatin and plasma membrane. Either way, the 
protein in question moves more slowly than would be 
expected for its size. Moreover, a fraction of the protein 
molecules (termed the immobile fraction) is assumed  
to be trapped during the time of observation by binding to  
immobile cellular structures. These two kinetic para­
meters of a protein — the apparent D and the immobile 
fraction — can be extracted from the data of bulk mass 
movement measurements41–45. It is important to note 
that, owing to macromolecular crowding, there are situ­
ations in which diffusion cannot be described in terms 
of a single D value (BOX 2).

Photobleaching-based measurements. The movement 
of FP­fused proteins has been assessed conventionally 
using photobleaching techniques, such as fluorescence 
recovery after photobleaching (FRAP) and fluores cence 
loss in photobleaching (FLIP). In both techniques, fluo­
rescent molecules in a certain region of the cell are irre­
versibly photobleached with a high­power laser beam, 
which allows observation of the surrounding non­
bleached fluorescent molecules into the photobleached 
region. In the FRAP technique, fluorescence recovery is 
monitored in the bleached region after photobleaching 
(FIG. 2a–d). By contrast, in the FLIP technique, fluores­
cence loss is monitored in the unbleached region during 
photobleaching. Thus, the two techniques are, in a sense, 
complementary.

Each of these techniques usually yields a series of 
confocal images that allows one to determine whether 
free diffusion is blocked within the cellular structure 
where an FP­fused protein is localized (compartment 
connectivity)43,45–49, which may also yield information 
about the structure itself. For example, analysis of FRAP 
data in the endoplasmic reticulum (ER) suggested that 
free diffusion is permitted43, which highlights the con­
nectivity of the ER structure. In addition, temporal pro­
files of fluorescence intensities in FRAP or FLIP data 
provide descriptive parameters, such as the mobile and 

Figure 1 | Oligomerization and aggregation of GFP-like proteins. a | Construction  

of fluorescent proteins (FPs) for protein fusion from a tetrameric FP (tFP). Despite only 

modest sequence identity with Aequorea victoria green FP (GFP), GFP-like proteins share 

a β-can fold (an 11-stranded β-barrel), which is shown as a rounded square of light green 

(top view) or dark green (bottom view). Each subunit has an amino terminus and a 

carboxyl terminus. In a tFP, each subunit has two hydrophobic patches on its surface. 

The patches drawn in grey and blue constitute the AB and AC interfaces, respectively. 
Elimination of the hydrophobic patch at the AB interface in tFP generates an AC 

dimeric FP (dFP). By linking the C terminus of A and the N terminus of C, it is possible to 
generate a tandem dimeric FP (tdFP) from a dFP. Elimination of the hydrophobic patch  
at the AC interface of the dFP generates a monomeric FP (mFP). Incomplete elimination 

results in the generation of an ‘incomplete monomer’ (d~mFP; in which the ‘~’ represents 

ambiguity about the monomerization), which is not suitable for use as a fusion tag.  

b | An additional hydrophobic patch on the free surface of the subunit contributes  

to the generation of a tFP aggregate. c | Fusion to oligomeric host proteins may lead to  
the formation of large aggregates owing to crosslinking of the host proteins.
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Fractal model
A model in which diffusing 

molecules and complexes 

encounter the same 

obstructions regardless of 

their size.

Dendritic spines
Small membranous protrusions 

from dendritic shafts that 

usually receive excitatory 

input.

immobile fractions, as well as the halftime of recovery 
(using FRAP) or loss (using FLIP) of fluorescence, 
which can be used to calculate the apparent D.

In addition to the diffusional properties of the ana­
lysed protein, the biophysical properties of the immo­
bile fraction, such as the association and dissociation 
rates (ON and OFF rates) from localized binding sites, 
can be extracted by a combination of kinetic model­
ling and computer simulation. When diffusion is fast 
compared with association–dissociation processes, a 
compartmenta l computational model45 using ordinary 
differential equations can be used under the assumption 
that the analysed proteins are quickly mixed within each 
compartment (diffusion­uncoupled FRAP)44. However, 
when association–dissociation processes and diffusion 
occur on similar timescales, the spatiotemporal dynam­
ics of the protein is limited by diffusion as well (diffusion­ 
coupled FRAP)44. In such cases, spatial modelling45 that 
uses partial differential equations (with more than one 
independent variable) is preferable to take diffusion­
related parameters into account and allow more accurate 
kinetic modelling. One can estimate how the observed 
binding pattern is limited by diffusion by comparing 
the time course of recovery (using FRAP) or loss (using 
FLIP) in different parts of a compartment. 

One major drawback of the photobleaching techni­
ques is their inability to analyse fast diffusion (for 
example, of proteins with an apparent D as large as 
100 μm2  s–1), although some approaches have been 
described that reduce this limitation50–52 (see below). 
This is because these techniques necessitate full photo­
bleaching, which requires relatively long and intense 
illumination in a specific region of the cell. Accordingly, 
photobleaching techniques have mostly been useful 
for measuring the slow movements of proteins within 
a membrane, which have an apparent D that is below 
1 μm2 s–1.

Photoactivation- and photoconversion-based measure-
ments. Photobleaching techniques have recently been 
replaced with or complemented by photoactivation or 
photoconversion experiments, which use photomodu­
latable FPs. Since 2002, numerous photoactivatable 
FPs have been developed (see Supplementary informa­
tion S1 (figure)) (reviewed in REFS 17,53,54). Examples 
include a PA­GFP derived from A. victoria GFP12, many 
PA­RFPs (including PA­mRFP1s55, PA­mCherry56 and 

PA­TagRFP57) and a photoactivatable fluorescence reso­
nance energy transfer (FRET) probe (Phamret)58 that 
induces a change in fluorescence emission from ECFP 
to photoactivated PA­GFP when irradiated with violet 
light. In addition, photo convertible FPs for use in pro­
tein fusions have been generated. tdEosFP, mEosFP59, 
mKikGR60, Dendra2 (REF. 61) and mIrisFP62 show green­
to­red photo conversion. An interesting pair is the 
cyan­to­green photo switchable CFP2 (PS­CFP2)63 and 
orange­to­far­re d PS­mOrange64, which are photocon­
verted by viole t light and blue­green light, respectively, 
and can be used to differentially highlight two distinct 
proteins and simultaneously image both the converted 
and unconverte d populations of each.

Hereafter, the term photoactivation will include 
photoconversion as well. Photoactivatable FP­fused 
proteins can be optically labelled by partial photoacti­
vation using unique colour markers that require faster 
and less intense light exposure than photobleaching, 
thus allowing measurements of fast protein movements 
with an apparent D as large as 100 μm2 s–1 (FIG. 2e–h). 
Photoactivation is usually done by locally irradiating a 
region of interest within a cell with a very short pulse 
of violet light. By monitoring the decay of the emerging 
fluorescence, one can analyse the dissociation rates of 
local protein binding. By contrast, conventional FRAP 
techniques can provide information about the asso­
ciation rates. For example, the binding kinetics of the 
tethering factor early endosome antigen 1 (EEA1) was 
analysed through photoactivation and FRAP experi­
ments that used EEA1–PA­EGFP and EEA1–EGFP, 
respectively65. Although these comparative studies were 
descriptive, they revealed that the association rate of 
EEA1 with the endosomal membrane was much faster 
than the dissociation rate, and that the residence time 
of EEA1 on the endosomal membrane was determined 
by the dissociation rate. In addition to elucidating the 
thermodynamics of protein binding, determining of the 
association and dissociation rates offers information on 
the kinetics of protein binding. For example, a recent 
study used a fluorescence decay after photoactivation 
(FDAP) assay to examine the binding kinetics of the 
pluripotency factor OCT4 and observed that the kinet­
ics of chromatin binding of OCT4 predicts cell lineage 
patternin g in the early mouse embryo66.

Protein dynamics inside dendritic spines. Photo­
activation and photobleaching techniques have been 
used to examine the kinetics of protein movement 
within dendritic spines. Initially, the chemical compart­
mentalization between dendritic spines and shafts was 
examined by two­photon photobleaching and photo­
release of fluorescein–dextran67. Two­photon micros­
copy is generally characterized by the intrinsic spatial 
confinement of excitation68. Because it cannot generate 
instantaneous and complete bleaching in a large three­
dimensional (3D) space, the two­photon approach 
seems to be generally inadequate for FRAP. However, 
as dendritic spines are very small, with head volumes 
ranging from 0.01 μm3 to 0.8 μm3, they can be examined 
using the two­photon photobleaching technique69.

Box 2 | Anomalous diffusion

In anomalous diffusion, the diffusion constant, D, is not constant but changes with 

time (D(t)) and/or space (D(x, y, z)). This phenomenon has been observed both in vitro 
and in living cultured cells137. A range of physical mechanisms has been proposed to 

explain how diffusion can be anomalous and influenced by other factors. For example, 

inside the endoplasmic reticulum (ER), the diffusion of misfolded proteins is affected 

by their interaction with the ER quality control machinery138. Also, inside dense 

nuclear compartments, molecular crowding was found to affect the diffusion and 

binding of nuclear proteins in heterochromatin. Observing anomalous diffusion can 

offer useful insights; a fractal model of chromatin organization was proposed by 

observing the behaviour of nuclear proteins139.
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Pyramidal neurons
The predominant type of 

neuron in the neocortex. 

They are named after their 

triangular cell bodies.

Barrel cortex
The dark-staining regions of 

layer 4 of the somatosensory 

cortex, where somatosensory 

inputs from the contralateral 

side of the body come in from 

the thalamus.

In particular, numerous studies have focused on the 
actin cytoskeleton (which regulates the structure and plas­
ticity of a dendritic spine), and many of these have used 
actin–EGFP70. For example, the rapid turnover of actin 
in dendritic spines, and its activity­dependent regulation, 
were observed by carrying out conventional FRAP on 
disso ciated hippocampal neurons expressing actin–EGFP. 
In many of these photobleaching experiments, however, 
the dendritic spine was regarded as a homogenous com­
partment. Conversely, using two­photon photoactivation 
of β­actin fused to PA­GFP, one study successfully identi­
fied three filamentous actin (F­actin) pools that contrib­
uted differentially to spine enlargement and probably also 
to plasticity71. This was achieved by directly visualizing the 
flow of F­actin pools inside individual dendritic spines on 
CA1 pyramidal neurons in rat hippocampal slices. Owing 

to the unique features of two­photon photoactivation, 
the researchers were able to achieve 3D­confined high­
lighting of F­actin and thus investigate actin dynamics 
with satisfactorily high spatial and temporal resolutions 
within a dendritic spine. The combination of PA­GFP and 
two­photon photoactivation was also applied to studies 
of the dynamics of postsynaptic density 95 (PSD95; also 
known as DLG4), a member of the membrane­associated 
guanylate kinase family of scaffolding proteins, within 
individual spines in dendrites of layer 2 or 3 pyramidal 
neurons in the developing mouse barrel cortex72, as well 
as in hippocampal neurons in rat organotypic slices73. In 
these cases, the two­photon photoactivation technique 
allowed the elucidation of 3D protein movement, which 
could not, in principle, be achieved by conventional  
(one­photon) photobleaching experiments.

Figure 2 | Relaxation processes after photobleaching and photoactivation. a | In photobleaching, the cell is modelled as 

a flattened, homogenous cylinder with a radius of 10 μm, which is filled with enhanced green fluorescent protein (EGFP). 

b | Fluorescence–distance curves. Assuming that instantaneous and complete bleaching is achieved by intense 488‑nm 
laser illumination in a small cylinder, the figure shows how the EGFP fluorescence distribution along the line in a relaxes 

towards the steady state. c | Fluorescence recovery at the centre of the bleached region. d | A series of images of a HeLa cell 

expressing Lyn-Venus, a membrane-bound variant of yellow FP (YFP), which were acquired using a confocal laser-scanning 

microscope after photobleaching (tornado scan). e | In photoactivation, the modelled cell is filled with photoactivatable 

GFP (PA‑GFP) and briefly illuminated at one spot by a short pulse from a 405‑nm laser. f,g | Fluorescence–distance curves (f) 

and the fluorescence activation at the centre of the spot (g) are shown. h | A series of images of a HeLa cell expressing Kaede 
in the cytosol, which were acquired using conventional wide-field microscopy. A pinhole was placed in the plane of the field 

iris in the ultraviolet (UV) illuminator to focus the UV pulse on a spot 10 μm in diameter. Red fluorescence images were taken 

about every 0.1 seconds. A spot of red fluorescence emerged 0.03 seconds after the UV pulse, which spread concentrically 
until it reached the nuclear envelope at 1.2 seconds. Images in part h are reproduced, with permission, from REF. 13 © (2002) 

National Academy of Sciences, USA.
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Photobleaching versus photoactivation. Both photo­
bleaching and photoactivation have provided great 
insights into the speed of diffusion and the association–
dissociation rates of proteins. The choice of technique 
will depend on the speed of diffusion of an FP­fused pro­
tein relative to the rates of the protein’s binding pro cess 
and the FP’s photobleaching–photoactivation process. 
If protein diffusion is slow compared with the binding 
kinetics, the spatiotemporal pattern of the output will 
also be limited by diffusion; in this case, spatial model­
ling using partial differential equations (see above) 
should be used, taking into account the precise value of 
the apparent D. However, to be quantified, the apparent 
D must be slower that the photobleaching or photoacti­
vation of the FP. Because photoactivation is usually more 
efficient than photobleaching, and because only partial 
photoactivation is needed to generate an instantaneous 
fluorescence source (FIG. 2), the photoactivation time can 
be significantly shortened for the measurement of large 
apparent D values. Therefore, if the diffusion process is 
fast compared with the photobleaching of the FP, photo­
activation is preferred and a photoactivatable FP should 
be used.

Before the advent of photoactivatable FPs, Verkman’s 
group50–52 designed elaborate instrumentation and ana­
lytic methods based on photobleaching for bulk (FRAP) 
measurements of fast diffusion (D = 5–30 μm2 s–1) of 
bright variants of A. victoria GFP in aqueous com­
partments, such as the cytoplasm50, the mitochondrial 
matrix51 and the ER52. However, FRAP measurements 
of diffusion were more easily carried out on EGFP­
fused proteins diffusing within biological membranes8 
(through slow diffusion). Photobleaching techniques 
could monitor their slow lateral diffusion in the mem­
branes, which could also be effectively characterized 
by the 2D diffusion of a molecule in a thin and flat 
medium. Today, photoactivation techniques in combi­
nation with two­photon excitation have improved not 
only the temporal resolution of diffusion analyses but 
also the spatial resolution of 3D diffusion analyses in 
the aqueous phase.

Reversible photoswitching (photochromism). The irre­
versibility of the photobleaching and photoactivation 
techniques prevents recurrent monitoring of the same 
protein in a study of its temporal regulation. This prob­
lem can be solved by using reversibly photoswitchable 
(photochromic) FPs, such as FP595 (REF. 74), kindling FP1 
(KFP1)75, Dronpa76 and its derivatives77, Padron78, mono­
meric teal FP 0.7 (mTFP0.7)79, IrisFP80, reversibly switch­
able Cherry (rsCherry)81, rsCherryRev81 and rsTagRFP82. 
Dronpa, for example, is a green­light­emitting, mono­
meric and photochromic FP with excellent bright/dark 
contrast. The photochromic characteristics of these FPs 
enable studies of fast protein dynamics at multiple time 
points in individual cells. For example, by repeatedly 
labelling the same regions, it was possible to observe 
the real­time flow of mitogen­activated protein kinase 
(MAPK) across the nuclear envelope, demonstratin g 
that the kinase’s nucleocytoplasmic shuttling rate 
increased following growth factor stimulation76.

Effects of FP fusion and overexpression. It is possible that 
the diffusion of a free protein differs from that of the same 
protein fused to an FP. Indeed, fusion with an FP should 
have some measurable effects on the protein, including 
changes in size or the propensity to bind other proteins 
or structures. In this context, I am more concerned about 
changes in binding patterns. Ideally, the surface of an FP 
should be completely hydrophilic to ensure that they do 
not bind other structures. However, although many GFP­
like proteins have been successfully made into mono­
meric forms, there may be also ‘incomplete monomers’ 
(dimeric~mFPs (d~mFPs); in which the ‘~’ represents 
ambiguity about the monomerization) (FIG. 1a), which 
have sticky, hydrophobic patches on their surfaces. When 
this type of FP is used, the diffusion of the FP­fused pro­
tein will be slowed down, and in fact d~mFPs themselves 
show substantially slower diffusion in their free form than 
mFPs (A.M., unpublished observations).

Moreover, the measurement of bulk mass movement 
usually requires that cells and subcellular structures be 
loaded with high levels of FP­fused proteins to maintain 
a good signal/noise ratio. However, the high expression 
levels of FP­fused proteins may perturb normal cellular 
processes and produce artefactual movement owing to 
the relatively lower levels of binding partners inside cells. 
Therefore, when interpreting data from such experi­
ments, a great deal of care should be taken in consider­
ation of the relative amounts of FP­fused proteins and 
endogenous proteins83,84.

Measurements of single-molecule movement

In contrast to bulk measurements, measurements of single­ 
molecule movement mainly record the trajectories of 
individual proteins by tracking them in the cell. A range 
of techniques has been developed to label and track 
singl e proteins, and these methods are discussed below.

Tracking membrane surface proteins. Conventionally, 
surface proteins are analysed by labelling with collo­
idal gold particles and visualized using differential 
interference contrast microscopy85. Alternatively, those 
proteins can be labelled with chemical fluorophores or 
quantum dots (BOX 3) and visualized by fluorescence 
microscopy86. Because endogenous proteins in the 
plasma membrane have accessible extracellular domains, 
they can be labelled using specific antibodies conjugated 
with colloidal gold particles, chemical fluorophores or 
quantum dots rather than FPs.

Analyses of individual membrane proteins have 
yielded insights into protein movement, as well as the 
structure of the membrane itself. For example, by analy­
sing translational diffusion of transmembrane proteins 
and glycosyl phosphatidylinositol (GPI)­anchored pro­
teins, one study showed that the plasma membrane is 
partitioned into compartments that are 50–300 nm wide87. 
These compartments are constructed by actin­based 
membrane skeleton ‘fences’, with the anchored transmem­
brane proteins acting as ‘pickets’. Accordingly, membrane 
proteins are highly mobile and exhibit random walk 
trajectories within their compartments, but ‘hop’ across 
the fences only infrequently. This infrequent hopping 
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Axial dimension
The dimension along the 

optical axis of an objective 

lens.

Highly inclined and 
laminated optical sheet
The illumination light for 

single-molecule imaging inside 

cells. The light is generated  

by positioning the incident 

beam to propagate near the 

objective edge.

Multiplexing
A method that allows the 

simultaneous imaging of 

multiple events in a single cell.

Diffraction limit
Although an ideal optical 

system would image an object 

point perfectly as a point, 

diffraction occurs owing to the 

wave-like nature of radiation, 

and the result is that the image 

of a point is a blur. Thus, the 

ability of an imaging system  

to resolve detail is ultimately 

limited by diffraction. 

Stochastic optical 
reconstruction microscopy
A high-resolution fluorescence 

microscopy method based on 

high- accuracy localization of 

photoswitchable fluorophores.

is assumed to substantially limit the lateral spreading of 
signal ling information on the plasma membrane.

Tracking membrane-bound cytosolic proteins. Compared 
with transmembrane proteins or GPI­anchored proteins, 
cytosolic proteins are less accessible to antibodies used in 
labelling techniques. Because of this, membrane­bound 
cytosolic proteins are fused to FPs. Their binding to and 
lateral movement on the plasma membrane have been 
tracked with a high signal/background ratio by total inter­
nal reflection fluorescence microscopy (TIRFM), which 
uses an evanescent wave to selectively illuminate and 
excite fluorophores in a restricted region of the specimen 
immediately adjacent to the glass–water interface88–92 (that 
is, a surface region, such as the basal plasma membrane). 
In addition, the translocation of many signalling proteins 
along the axial dimension can be analysed by switching the 
microscopy mode between TIRF and conventional epi­
fluorescence93,94. Similar single­molecule imaging with a 
high signal/background ratio can also be achieved deep 
inside of cells. For example, highly inclined and laminated 

optical sheet (HILO) microscopy was developed to observe 
blinking bright spots that represent single molecules of 
importin­β–GFP interacting with the nuclear pore 
comple x during nuclear transport95.

In these experiments, photostable FPs are preferred 
to accomplish long­term tracking. It is thus important to 
explore the possibility of improving currently avail­
able FPs. Tsien’s group96 used a photostability selection 
method to screen libraries of mutated FPs for enhanced 
photo stability. For example, TagRFP97, which is reason­
ably photo stable, has been further improved by a single 
mutation (Ser158Thr) to generate TagRFP­T96; this is the 
most photostable of all known FPs.

Tracking soluble cytosolic proteins. Compared with 
membrane­bound proteins, soluble proteins are diffi­
cult to track because they move very fast in 3D space. 
A similar comparison can be made between polymerized 

F­actin and monomeric globular actin (G­actin). As the 
cytoskeleton is continuously remodelled by the poly­
merization and depolymerization of actin, the relative 
content of F­actin and G­actin are subject to tempora l 
and spatial fluctuations. F­actin can be visualized by 
conventional epifluorescence or TIRF microscopy, 
whereas G­actin cannot. Nevertheless, the rapid move­
ment of soluble cytosolic proteins, including G­actin, 
can be analysed by fluorescence correlation spectroscopy 
(FCS). FCS enables correlation analysis of fluctuations 
in the fluorescence intensity in a defined illumination 
volume fixed in space. In this method, light is focused 
on a confocal volume inside a cell containing fluores­
cently labelled proteins, and then the fluorescence inten­
sity fluctuations that are due to diffusion, reactions or 
aggregation are measured and the data analysed using a 
temporal autocorrelation technique98.

Conventional FCS typically uses small organic fluoro­
phores to label proteins of interest. However, recent  
progress in the application of FCS to living cells has 
taken particular advantage of the detection of FPs and 
their genetically encoded fusions to cellular proteins99. 
FCS in living cells seems to require some ‘tips and tricks’ 
to minimize artefacts, optimize measurement conditions 
and obtain parameter values100. Numerous FCS­related 
methods have been proposed and practised in the past 
decade, including multicolour applications, high spatial 
and temporal resolution and multiplexing101. It should 
be noted that FCS can also be used to study membrane 
dynamics and protein or lipid interactions.

Tracking polymeric proteins. As discussed above, 
the overall structures of cytoskeletal polymers, such 
as F­actin, can be visualized by introducing a suffi­
cient amount of fluorescent subunits (actin–EGFP). 
Recently, fluorescent speckle microscopy (FSM), which 
was originally used to study microtubule dynamics, has 
been used to examine the actin cytoskeleton102. FSM 
uses low levels of fluorescent labels to create fluorescent 
speckles on cytoskeletal polymers in the high­resolution 
fluorescence imaging of living cells103. The dynamics of 
the speckles over time provides information on subunit 
turnover and motion of the cytoskeletal polymers. This 
approach has even been used to study non­polymeric 
macromolecular assemblies, such as focal adhesions102.

Higher resolution tracking of single molecules. In con­
ventional single­particle tracking studies, such as the 
ones mentioned above, the imaged molecular density 
in any single frame needs to be low because particle 
localization requires that the molecules be separated 
by a distance greater than the diffraction limit. In prac­
tice, therefore, many cells have to be observed to obtain 
statistically significant information about a given par­
ticle’s behaviour. To overcome the diffraction barrier 
of light, numerous methods capable of temporally 
separating molecules that would otherwise be spatially 
indistinguishable have been developed (FIG. 3a), known 
as super­resolution imaging (reviewed in REFS 20,53). 
These include PALM20,53,104, FPALM20,53,105 and stochasti c 

optical reconstruction microscopy (STORM)106. Among 

Box 3 | Organic fluorophores and quantum dots

Although this Review focuses on techniques that use fluorescent proteins (FPs), there 

have also been various recent advances in techniques for labelling proteins with other 

fluorophores. One disadvantage of FPs is that they are large tags (~27 kDa in monomeric 

form). The use of small organic fluorophores, such as fluorescein and rhodamine (<1 kDa) 

can minimize possible steric hindrance problems that interfere with protein function, 

and site-specific attachment of the fluorophores to proteins may allow the assessment  

of changes in local environments. More and more innovative techniques have been 

developed recently140, including bi-arsenic fluorophore labelling of proteins that have 

been genetically altered to contain tetracysteine motifs, labelling of proteins fused  

to O6-alkylguanine-DNA alkyltransferase with enzymatic substrate derivatives and 

labelling of cell surface proteins tagged with a 15-amino-acid peptide through 

biotinylation by Escherichia coli biotin ligase. These techniques allow specific labelling  

of recombinant proteins with small organic fluorophores within live cells. 

In addition to the small organic fluorophores, semiconductor nanocrystals, known  

as quantum dots, are among the most promising emerging fluorescent labels. 

Currently, quantum dots are mostly attached to the extracellular or intraluminal 

domains of membrane proteins. They have several advantages over organic 

fluorophores and FPs, including photostability and a wide range of excitation and 

emission wavelengths. However, the use of quantum dots has been limited by 

difficulties in making them fully biocompatible.
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these methods, PALM and FPALM use photoactivatable 
or photoconvertible FPs.

By combining the techniques of PALM and single­
particle tracking, it is possible to resolve the dynamics 
of individual molecules on a scale below the diffraction 
limit. This new technique, called single­particle tracking 
PALM (sptPALM)107, allows the localization and track­
ing of many overlapping trajectories because the distance 
between fluorescent molecules in any single frame is 
several times greater than the width of the point spread 
function (that is, the irradiance distribution that results 
from a single point source). The resulting high density 
of dynamic information can provide a spatially resolved 

map of single­molecule diffusion constants. Initially, 
sptPALM was developed to obtain information on the 
heterogeneity of protein movement in biological mem­
branes. Manley et al.107 applied sptPALM to live COS7 
cells expressing tdEosFP fused to either the HIV­1 
protein Gag or vesicular stomatitis virus glycoprotein 
(VSVG), two proteins known to have different distri­
butions and mobility. They were able to obtain several 
orders of magnitude more trajectories per cell than had 
been obtainable by conventional single­particle track­
ing and to confirm, both intuitively and statistically, that 
more VSVG–tdEosFP molecules were mobile compared 
with Gag–tdEosFP molecules (FIG. 3b).

Figure 3 | SptPALM and its dual-colourization. a | Schematic of photoactivated localization microscopy (PALM) analysis. 
A densely populated specimen is illuminated with low‑intensity activation light so that only a sparse pool of molecules is 
activated. Raw data (top) are acquired under intense excitation. The position of each molecule is localized by fitting the 

measured photon distribution with a two-dimensional Gaussian function (bottom). These molecules are photobleached 

before additional cycles of activation and photobleaching of new molecules are carried out. Combining the information 

obtained from the cycles (right) generates high-density, high-resolution maps with the position of each molecule. 

b | Trajectories of single molecules of the HIV‑1 protein Gag or vesicular stomatitis virus glycoprotein (VSVG), both tagged 
with tandem dimeric Eos fluorescent protein (tdEosFP), in live COS7 cells. PALM images of Gag–tdEosFP and VSVG–tdEosFP, 
integrated over 500 s (10,000 images) are shown in the top panel. Single‑particle tracking PALM (sptPALM) trajectories of 
localized Gag–tdEosFP and VSVG–tdEosFP molecules that are longer than 15 frames (750 ms)  are shown in the bottom 
panel; each track is represented by a different colour. White arrows indicate large Gag-enriched regions. c | VSVG tagged to 
photoactivatable green FP (PA‑GFP) and epidermal growth factor receptor (EGFR) tagged to PA‑TagRFP (red FP) were 
co‑expressed in COS7 cells. PALM images of VSVG–PA‑GFP (green) and EGFR–PA‑TagRFP (red) are merged in the left panel. 
Dual‑colour sptPALM trajectories of localized VSVG–PA‑GFP (green) and EGFR–PA‑TagRFP (red) molecules that are longer 
than 0.7 s are shown in the middle panel. A close‑up view of the region indicated by the square is shown in the right panel. 
Images in part a are reproduced, with permission, from REF. 141. Images in part b are reproduced, with permission, from 
REF. 107 © (2008) Macmillan Publishers Ltd. All rights reserved. Image in part c is reproduced, with permission, from REF. 57 

© (2010) American Chemical Society.
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Pair correlation function
A function that shows  

the probability of finding the 

centre of a particle that is 

located a given distance from 

the centre of another particle.

Euchromatin
A form of chromatin that is 

lightly packed and often 

transcriptionally active  

during interphase.

Heterochromatin
A condensed form of 

chromatin in which the degree 

of compaction is similar to  

that of mitotic chromosomes.  

It is usually found around the 

centromere.

Stokes shifts
The energy difference between 

the emitted photon and the 

absorbed photon. The Stokes 

shift is usually expressed as the 

difference between positions  

of the band maxima of the 

absorption and emission 

spectra.

However, it is desirable to compare the trajectories 
of two different membrane­associated proteins in the 
same cell sample. Aiming at dual­colour sptPALM, 
Subach et al.57 developed a monomeric, dark­to­red 
photoactivatable RFP, PA­TagRFP57, which is a bette r 
partner of PA­GFP and shows better photostability 
than PA­mCherry. Dual­colour sptPALM imaging 
was achieved to monitor the dynamics of two different 
singl e transmembrane proteins fused to PA­TagRFP and 
PA­GFP in the same cell (FIG. 3c).

Expansion of the field of view. Unlike bulk measure­
ments, measurements of single­molecule movement 
usually require that the cells or subcellular structures be 
loaded with only a very small amount of FP­fused pro­
teins. Moreover, when endogenous proteins are labelled 
with their antibodies to be observed, no expression of 
exogenous proteins is required. In this case, there is 
no concern about the perturbation of normal cellular 
processes or the artefactual movement of proteins. By 
contrast, the antibody­labelling technique is occasionally 
subject to the criticism that the antibody­coated particles 
may crosslink the proteins to be analysed.

One drawback of measurements of single­molecule 
movement lies in the narrowness of the field of view. 
When making such observations, it is difficult to zoom 
out of the cell to track proteins across the entire cell or 
even between different compartments. In particula r, 
the single­point fluorescence measurement of FCS 
yields limited information about the spatial regulation 
of protein movement. One way to address this issue is 
to doubl e the number of measurement points, which 
increases the ability to acquire such information. For 
example, the pair correlation function (pCF) method 
can be used to measure the time taken by a molecule 
to migrate from one location to another108. The spatial 
and temporal correlation between two arbitrary points 
provides a local map of protein movement, such as 
nucleo cytoplasmic transport108.

Furthermore, more spatiotemporal information can 
be obtained by observing multiple points in parallel, 
using a confocal laser­scanning microscope (CLSM). In 
scanning FCS techniques109, the measurement volume is 
moved across the sample in a defined way; this approach 
is also called image correlation spectroscopy (ICS). Its 
variations include raster ICS (RICS), which can extract 
information about molecular dynamics and concentra­
tions from images of living cells taken on common com­
mercial confocal systems110. As a new image correlation 
approach, a microscope was recently constructed based 
on light­sheet illumination to acquire FCS data in a par­
allelized manner111. Their 2D FCS imaging using 3T3 
cells that expressed heterochromatin protein 1α (HP1α) 
tagged to EGFP, revealed the existence of regions inside 
euchromatin with heterochromatin­like affinity to HP1α.

Imaging protein–protein interactions

Imaging the movement (fluctuation) of proteins provides 
information about their interactions with other mol­
ecules and structures. For example, FCS can be used to 
study molecular interactions by measuring differences in 

diffusion times. However, diffusion­based measurements 
are relatively insensitive to changes in molecular mass8. 
Fluorescence cross­correlation spectroscopy (FCCS)112 
traces two spectrally distinguishable fluorophores to iden­
tify when the two molecules coincide and thus, it detects 
molecular interactions more sensitively than FCS. Some 
FPs that are endowed with large Stokes shifts, including 
Keima113 and large Stokes shift mKate (LSS­mKate)114, can 
be used in combination with CFP to achieve simple but 
efficient FCCS using a single laser beam.

More details about the spatiotemporal patterns of pro­
tein–protein interactions can be obtained by bimolecu­
lar FRET115–120. FRET involves the radiationless transfer 
of energy from an initially excited donor to an acceptor; 
this allows the quantification of the interacting fraction 
of molecules, which is also relevant to reaction–dif fusion 
studies. In bimolecular FRET, as the donor and the accep­
tor are not linked covalently, they can move independently 
in their free forms. Because extracellular stimuli may 
cause protein movement (translocation or redistribution) 
inside cells, donor–acceptor stoichio metry in a region of 
interest may change substantially during an experiment. 
To correct for the uncertain stoichiometry, as well as other 
interfering parameters, three fluorescence intensity meas­
urements (donor and acceptor emission bands following 
excitation of the donor band, and acceptor emission 
band following excitation of the acceptor) are frequently 
obtained in three cell samples that express donors only, 
acceptors only or both donors and acceptors121–123.

However, measurement of the donor fluorescence 
lifetime is the most reliable method to quantify FRET 
efficiency. Fluorescence lifetime imaging microscopy 
(FLIM) is the preferred bimolecular FRET approach 
for quantitative equilibrium analysis because it enables 
quantification of the fraction of donor bound to accep­
tor independently of fluorophore concentration per se. 
Recently, two­photon FLIM was used to visualize the 
interactions of small GTPases and their binding partners 
in neurons124,125 (FIG. 4). Specifically, this type of micros­
copy was used together with FRET sensors, which con­
sisted of RAS, RHOA and CDC42 tagged with mEGFP 
and their respective binding partner tagged with mRFP1 
or mCherry. These imaging experiments allowed the 
observation of the spine–shaft spreading activity of 
small GTPases, which contributes to neuronal plasticit y. 
Interestingly, the spatial profiles of these molecules 
can be accurately described using a simple geometric 
model126. By taking into consideration the movement of 
other proteins that shuttle between spines and shafts, it 
will be possible to refine the model even further.

Bimolecular fluorescence complementation (BiFC) 
is a reliable tool to analyse the occurrence and sub­
cellular localization of protein–protein interactions in 
live cells18,127. The BiFC assay is based on the reconstitu­
tion of an FP from two non­fluorescent fragments. If the 
two fragments are brought into close proximity through 
a physical interaction between the proteins fused to each 
fragment, the complete FP structure will be easily recon­
stituted, and fluorescence will be produced. Although 
this technique has one limitation (the irreversible asso­
ciation of FP fragments), it can provide temporally 
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integrated information of protein–protein interactions 
with high sensitivity. This assay is expected to allow the 
visualization of transient or low­affinity interactions, 
such as those between enzymes and substrates.

Finally, more direct information about the inter­
action between membrane­associated proteins can be 
obtained by colocalization analysis using dual­colour 
super­resolutio n imaging data. For example, dual­
colour PALM using a photoconvertible FP (tdEosFP) 
and a photo chromic FP (Dronpa or PS­CFP2) was 

used to resolve different pairs of proteins assembled 
in adhesion complexes128. This technology has been 
advanced further by the development of PA­mCherry 
and PA­TagRFP, which show excellent photoactivation 
contrast and brightness and can function as good mark­
ers together with PA­GFP for dual­colour PALM imag­
ing. This method was used to observe that transferrin 
receptor and clathrin light chain fused to PA­mCherry 
and PA­GFP, respectively, were differentially localized to 
tiny clusters (~200 nm) at different maturation stages56.

The higher resolution tracking of two different sin­
gle proteins within a membrane may be a promising 
approach for evaluating the stability of their complexes 
and distinguishing substantial interactions between the 
two proteins from their accidental collisions. However, 
monitoring the joint diffusion of a pair of two different 
proteins is expected to be difficult because only a very 
small fraction of photoactivatable FPs is photoactivated 
in an sptPALM experiment. Because of this, the tracking 
of two interacting proteins is rarely achieved.

Perspectives

While studying the spatiotemporal regulation of intra­
cellular signalling within a living cell, we witness various 
proteins on the move, participating in diverse chemical 
reactions in different locations and on different time­
scales22,129. As we improve our knowledge of protein 
movement in the cell, quantitative analysis of relative 
speed is necessary to better understand spatiotempora l 
regulation, as it will reveal which process limits the 
spatiotemporal pattern.

Currently, there is a trend towards studying protein 
dynamics in a physiological context. To this end, the ulti­
mate approach would be to apply two­photon activation 
to an intact living organism. This was done in the study 
that examined the dynamics of the scaffolding protein 
PSD95 fused to PA­GFP within individual spines of layer 
2 or 3 dendrites in the developing mouse barrel cortex72 
(see above). Owing to recent remarkable progress in 
gene transfer techniques, including electroporation, 
virus­mediated gene transfer and germline transmission 
of transgenes, it may be possible to use such methods in 
primates as well130.

Although this Review has focused on observations of 
biological events occurring within a single cell, it is also 
important to visualize protein movement in extracellular 
space within larger­scale 3D structures, such as whole 
bodies131. For example, kinetic studies of how diffusion 
and transport of morphogen peptides are related to their 
binding and metabolism will clarify the mechanisms 
underlying the formation of morphogenic gradients in 
developing embryos132. Remarkably, modular, scanning 
FCCS has been developed to measure ligand–receptor 
affinities in living animals133. This was used to quantify 
the mobility of fibroblast growth factor (Fgf) receptor 1 
(Fgfr1) and Fgfr4 fused to mRFP in the cell membranes 
of living zebrafish embryos and determine their in vivo 
binding affinities to their ligand, Fgf8, fused to EGFP. 
Also, the light­sheet illumination­based 2D FCS imag­
ing of protein diffusion was carried out in Drosophila 
melanogaster wing imaginal discs111.

Figure 4 | Time-domain, two-photon FLIM for monitoring the activation of small 

GTPases. a | Schematic illustration of the time‑domain, two‑photon fluorescence 
lifetime imaging microscopy (FLIM) used to examine the interaction of RAS, RHOA or 
CDC42 (labelled X) with their respective binding partner (labelled Y). X is tagged with 
monomeric enhanced green fluorescent protein (mEGFP) (the donor, D), which is excited 

at a wavelength of 920 nm, and Y is tagged with two monomeric red FPs, mRFP or 

mCherry (the acceptor, A). Supposing that the excited state of mEGFP decays with 
time constants (τs) of 2.6 ns and 1.2 ns in the free and bound states, respectively, the 

time-course curve for the excited state of mEGFP can be fitted to the double exponential 

F(t) ~ α exp(-t/2.6) + β exp(-t/1.2); in which α and β are percentages of free and bound 

states, respectively (α + β = 1), t is time and F is the normalized fluorescence intensity. 

Supposing, for example, that α = β = 0.5, the time course (mixture, green curve) is given by 
F(t) ~ 1/2exp(‑t/2.6) + 1/2exp(‑t/1.2). b | Fluorescence lifetime images of RHOA (left) and 

CDC42 (right) activities before (0 s) and after (24 s) glutamate uncaging (which is used to 
stimulate individual spines). The stimulated spines are indicated by arrows. Activation 

(red) of RHOA spread over the dendrites with a small gradient between the stimulated 

spines and dendrites; CDC42 activation was restricted to the stimulated spines. Images 
in part b are reproduced, with permission, from REF. 125 © (2011) Macmillan Publishers 
Ltd. All rights reserved.
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Our understanding of protein dynamics within the 
cell will be improved by combining different techniques, 
for example the marriage of photoactivation and two­
photon activation, as discussed above. Other examples 
that underscore the potential of combining different 
techniques include a combination of FRET with photo­
activation (Phamret)58 or photochromism (pcFRET)82, 
single­particle tracking with PALM (sptPALM)107, and 
FSM with photoconversion134. Needless to say, future 
expansion of this technology will require additional 
combinations of techniques.

Today, more and more researchers are taking multiple 
approaches to studying the dynamics of their protein of 
interest. We should be reminded of the study that exam­
ined the association and dissociation rates of the binding 
kinetics of EEA1 by photoactivation and FRAP experi­
ments that used EEA1–PA­EGFP and EEA1–EGFP, 
respectively65. It will be important to analyse protein 
movement comparatively by using both bulk and single­ 
molecule measurements. For example, it will become 
possible to monitor the dynamics of both F­actin and 
G­actin within a single dendritic spine. The two forms 
of actin may be analysed alternately even with differ­
ent time­ and length­scales. It is also important to note 
that the global and local diffusion processes on the cell 
surface, such those obtained by FRAP (or photoactiva­
tion) and FCS experiments, may be characterized by 
significantly different D values. For example, accord­
ing to the fence model discussed above87, the diffusion 
of a transmembrane protein in the plasma membrane 
may be very active within a compartment but may seem 
to be a slow process when measured across the entire 
cell. Thus, researchers should be aware of the biases 
inherent to the approaches they use to study protein 
movement.

Although the range of patterns amenable to observa­
tion is limited by the performance of current microscopy 
systems, there is hope that this limitation will be overcome 
in the future. Numerous photomodulatable FPs have 
been developed following the emergence of PA­GFP12 
and Kaede13 in 2002. In each of those FPs, photoactiva­
tion or photoconversion is achieved by excitation of the 
protonated form of a chromophore that absorbs light 
maximally at approximately 400 nm (see Supplementary 
information S2 (figure))135,136. Coincidentally, the past 
decade has witnessed a huge expansion in the market 
for Blu­ray disc players, which use 405­nm diode lasers. 
As the lasers have become the standard light source in 
the industrial realm, today the norm is to equip com­
mercial CLSM systems with similar violet­laser diodes to 
facilitate photoactivatio n–photoconversion techniques. 
An important consideration is that the light for photo­
modulation should not be limited to only violet. Green­
to­red Dendra61 and, more recently, orange­to­far­red 
PS­mOrange64 can be photoconverted by blue and blue­
green light, respectively, which will furthe r diversify the 
utility of this technique.

With the growing popularity and use of photomodu­
latable FPs, the technique will continue to be refined and 
diversified. Newly emerging tools will surely stimulate 
the imagination of many biologists, and this increased 
interest is expected to spark an upsurge in the demand 
for the tools themselves. Consequently, fluorescence 
microscopes will need to be equipped with special 
hardware and software functions to optimize their use. 
A significant evolution in microscopy will be necessary 
if photoactivatio n–photoconversio n techniques are to 
enjoy widespread use. Commercial microscopy systems 
should evolve into ones that are amenable to the addition 
of many new functions.
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