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Abstract: Membrane proteins are vital to life and major 
therapeutic targets. Yet, understanding how they function 
is limited by a lack of structural information. In biological 
cells, membrane proteins reside in lipidic membranes and 
typically experience different buffer conditions on both 
sides of the membrane or even electric potentials and 
transmembrane gradients across the membranes. Proteo­
liposomes, which are lipidic vesicles filled with reconsti­
tuted membrane proteins, provide an ideal model system 
for structural and functional studies of membrane proteins 
under conditions that mimic nature to a certain degree. 
We discuss methods for the formation of liposomes and 
proteoliposomes, their imaging by cryo­electron micros­
copy, and the structural analysis of proteins present in 
their bilayer. We suggest the formation of ordered arrays 
akin to weakly ordered two­dimensional (2D) crystals in 
the bilayer of liposomes as a means to achieve high­reso­
lution, and subsequent buffer modification as a method to 
capture snapshots of membrane proteins in action.

Keywords: buffer gradient; cryo­electron microscopy; 
image processing; membrane proteins; proteoliposomes.

1  Introduction

Liposomes are colloidal particles formed by one or more 
bilayers of amphiphillic lipids, and are generally spherical 
with an aqueous lumen. In medicine, they can be used as 
potential nanocarriers for the delivery of drugs [1, 2], are 

foreseen as nanocarriers for functional proteins [3], and 
are used as detoxification agents [4], to name just a few 
applications; see Xing et al. [5] for an extensive review. An 
overview of their use in the field of biosensing is given in 
Refs. [6] and [7]; in particular, target­specific responsive 
liposomes have been developed [5]. Liposomes can be used 
as nanocompartments for crystal growth [2, 8]. Further, 
some form of liposome container was possibly key to the 
development of the first primitive cellular systems [9].

Methods to encapsulate different buffers and compo­
nents within liposomes are well established. It is possible 
to set up a pH gradient across their bilayer [10], and ion 
gradients can be used to load liposomes with drugs [1, 10]. 
Compatible with a possible role in evolution, the spon­
taneous encapsulation and concentration of biological 
macromolecules (protein macromolecules, ferritin, and 
ribosomes) and the encapsulation of an entire minimal 
protein synthesis system have also been reported, and 
protein synthesis was demonstrated (reviewed in Ref. [9], 
see also Ref. [11]).

Proteoliposomes are unilamellar liposomes with pro­
teins inserted in their lipid bilayer. They offer an additional 
level of complexity and can serve as model systems for 
biological membranes. Proteoliposomes can be formed by 
removing the detergent from solubilized lipid/membrane 
protein mixtures or from mixtures of detergent­solubilized 
membrane proteins and preformed liposomes ([12,  13]; 
details below), are often formed together with planar 
two­dimensional (2D) crystals (membrane proteins incor­
porated as regular arrays in a planar lipid bilayer) in 2D 
crystallization experiments [14], and can occur in cell­free 
protein synthesis (CFPS) experiments when liposomes 
are present [15]. Various methods have been applied to 
monitor the reconstitution of membrane proteins into 
liposome bilayers (e.g. light scattering [16], dual­color 
fluorescence cross­correlation spectroscopy using green­
labeled membrane protein and red­labeled liposomes 
[17]), to determine the orientation of the protein in the 
lipid bilayer [18–20], and to follow the effect that protein 
insertion has on the lipids present (e.g. fluorescence ani­
sotropy [21]). Proteoliposomes are used to investigate and 
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demonstrate the function and activity of membrane pro­
teins, e.g. by the presence or development of ion concen­
tration gradients across the bilayer ([22], reviewed in Refs. 
[13, 23]). They have also been used in structural studies 
carried out by cryogenic electron microscopy (cryo­EM; 
details are below) and by solid­state nuclear magnetic res­
onance (NMR [24]). The latter avoids the use of cryogenic 
procedures but is restricted to relatively small membrane 
proteins, and these have to be present at relatively high 
concentrations.

Electron microscopy, particularly cryo­EM, is rou­
tinely used to characterize liposomes and proteoli­
posomes [25]. Negative stain transmission electron 
microscopy (TEM) can clearly reveal membranes and 
liposomes, especially when the negative stain is phos­
photungstic acid, and gives information about sample 
homogeneity (resolution ∼ 20 Å [26, 27]). It is also used to 
screen for 2D membrane protein crystals in crystallization 
trials and to assess their quality and characterize them as 
planar, tubular, or vesicular [28, 29]; vesicular 2D crystals 
is an alternative name for proteoliposomes with 2D crys­
tals in their bilayer. Before cryo­EM was fully established, 
high­quality negatively stained samples were analyzed 
further by helical analysis (tubular crystals) or electron 
crystallography (flat crystalline sheets or planar crys­
talline regions of collapsed vesicles) [30]; the formation 
of vesicular 2D crystals allowed corresponding activity 
assays to be made [31]. Freeze­fracture electron micros­
copy, where the fracture plane that follows the bilayers of 
liposomes or membranes is replicated for imaging, reveals 
the inner/outer surface structure of this layer and the pres­
ence of proteins, although at resolutions typically below 
3 nm [32]. Cryo­EM, in which liposomes are flash­frozen in 
buffer and imaged at cryogenic temperatures ([33]; details 
are below), gives a more precise view of their bilayer that 
allows the membrane thickness to be measured and, espe­
cially when combined with electron tomography (ET; reso­
lution > 10 nm [34]), reveals their three­dimensional (3D) 
shape in solution and the location and shape of any elec­
tron­dense material present [35]. As well as to character­
ize the morphology, size, and shape of liposome samples, 
cryo­EM can be used to visualize the effect of additives 
[36], encapsulation ([2] addressed below) and internaliza­
tion [37] phenomena, and protein­liposome interactions 
[3, 38–41]. Further information about the use of cryo­EM 
to characterize lipid­based and other nanoparticles can be 
found in a recent review by Stewart [42].

In this article, we consider the role of membrane pro­
teins, and outline methods used to insert purified mem­
brane proteins into the bilayer of unilamellar liposomes 
and the use of cryo­EM to characterize liposomes and 

proteoliposomes. We discuss the possible use of proteoli­
posomes and cryo­EM to capture snapshots of membrane 
proteins “in action” under close­to­native  conditions and 
reveal the conformational changes that take place.

2   Membrane proteins and the 

importance of the lipid bilayer

Genome­wide sequence studies predict that about one­
third of all expressed human gene products are integral 
α­helical membrane proteins [43]. Membrane proteins 
can be densely packed in biological membranes. For 
example, mitochondrial membranes are reported to have 
a lipid­to­protein ratio (w/w) of 1 or less [44]. The updated 
version of the Singer­Nicolson model describing the 
structure and function of cell membranes [45] underlines 
the important role of the proteins they contain. Several 
transmembrane proteins present in the lipid bilayer of a 
cell membrane perturb it, influence its thickness and cur­
vature, and interact with one another restricting fluidity. 
Membrane proteins also mediate various vital processes 
in the biological membranes of cells and organelles, such 
as energy transport during photosynthesis or respiration, 
transport of molecules across the membranes, transmis­
sion of chemical signals, anchoring of the cytoskeleton, 
and catalysis of chemical reactions. The pivotal role of 
membrane proteins in cellular function explains their 
high medical importance. It is estimated that more than 
50% of all available drugs act on membrane proteins [46]. 
Despite their importance, however, structural studies 
remain challenging, as evident from the fact that only 
approximately 3% of all the known structures published 
in the protein data bank (PDB) are of membrane proteins 
(http://www.rcsb.org/pdb, as of September 2016).

Compared to cytoplasmic proteins, it is difficult both 
to purify membrane proteins in sufficient amounts for 
X­ray crystallography studies and to obtain well­diffract­
ing 3D crystals. Electron crystallography of membrane 
proteins reconstituted in a planar lipid bilayer as 2D crys­
tals has long been an alternative approach [47–49]; it 
requires much less material and the proteins are imaged 
while embedded in a lipid bilayer. Proteoliposomes offer 
the possibility of going a step further and imaging mem­
brane proteins in the presence of a membrane potential or 
ligand gradient [50], but this has not been demonstrated 
experimentally.

The importance of the lipidic membranes and their 
surface, transmembrane, and dipole potentials for mem­
brane protein aggregation, conformation, and function, 
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is becoming increasingly clear [51]. As a consequence, 
the need to determine the structure of membrane pro­
teins in a “close­to­native” environment is now appar­
ent. The surface potential [52] generated by the lipid 
headgroups changes the concentration of ions close 
to the membrane surface and ion uptake. The dipole 
potential (+ 200  mV to + 500  mV or more) arises from 
the alignment of dipolar residues and water within the 
membrane. It depends on the structure of the lipids and 
affects ion permeability within and in the proximity of 
the membrane. The transmembrane potential (typically 
− 40 to − 120 mV) depends on the ion concentrations on 
either side of the membrane. Variations in the membrane 
voltage trigger the function of some membrane proteins. 
For example, a change in the transmembrane potential 
causes voltage­gated channel proteins to undergo a con­
formational change, which can lead to opening of the 
channel pore and conduction of ions [53].

3   Liposome preparation

We discuss two ways to prepare liposomes below 
(Figure  1). Other methods are reviewed in Refs. [54, 55] 
(less conventional methods) and in Ref. [56] (microfluidic 
approaches).

3.1   Film dispersion method

Lipids solubilized in chloroform (typical concentration, 
10–25  mg/ml) are transferred to a glass tube or flask. A 
stream of argon gas is passed over the solution to evapo­
rate the solvent. A film of lipids forms on the walls of the 
tube. Residual solvent is removed under vacuum (e.g. by 
active pumping at 5–15  mbar for a few hours). A rotary 
evaporator, also known as a “rotavap”, can also be used 
[57]. Afterwards, the lipid film is dispersed in the desired 
aqueous buffer or buffer plus additives (e.g. for encapsu­
lation experiments) by adding liquid and vortexing until 
no film is visible on the vessel walls. When working with 
phospholipids, this generally results in the spontaneous 
formation of multilamellar vesicles (MLV) and large unila­
mellar vesicles (LUV). This procedure should be extended 
by an extrusion step (e.g. Mini­Extruder device, Avanti 
Polar Lipid Inc., USA) if small unilamellar vesicles (SUV) 
are required and, if necessary, followed by size exclusion 
chromatography to obtain more homogeneous size distri­
butions (see below).

3.2   Dialysis method

In this case, the lipid film is solubilized in approximately 
1 ml of buffer containing detergent at a concentration 

Figure 1: Liposome formation by the film dispersion and dialysis methods. The extrusion step promotes the formation of unilamellar 
liposomes of uniform size. Size exclusion chromatography decreases the size variation and can be used to exchange the dispersion buffer. 
The liposomes shown in Figures 3–6 and employed to obtain the proteoliposomes shown in Figure 7 were prepared by the film dispersion 
method and manually extruded 11 times through a polycarbonate filter (pore size of 100 or 200 nm) using a mini-extruder (Avanti Polar Lipid 
Inc., USA).
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well above the detergent’s critical micellar concentration 
(cmc), loaded into dialysis buttons (e.g. Hampton dialy­
sis buttons, Hampton Research, Aliso Viejo, CA, USA) or a 
dialysis bag and dialyzed against detergent­free buffer for 
hours to weeks, depending on the type of detergent used 
and its cmc. Liposomes form as the detergent concentra­
tion falls below the cmc. The method is assessed in Ref. 
[12]. Following dialysis, the liposome mixture generally 
has to be extruded multiple times through a filter using 
a mini­extruder (AvantiPolar Lipid Inc., USA) to obtain 
homogeneous unilamellar vesicles.

Extrusion helps to maintain a uniform liposome 
size distribution and favors the formation of unilamel­
lar vesicles [58, 59]. The average size and the size dis­
tribution of the liposomes depend on the pore size of 
the filter and on the lipid composition [60]. A detailed 
description of the method can be found in the study by 
Mull et al. [61]. The size distribution can be decreased 
by a subsequent size exclusion chromatography step, 
which is also a convenient way to exchange the disper­
sion buffer for encapsulation experiments (see below). 
In this context, it is important to note that extrusion 
and the type of filter used can influence the results 
of encapsulation experiments, as demonstrated by 
 Colletier et al. [62].

The preparation of GUVs is described in detail in 
Ref. [63]. Liposome formation by gentle dilution and elec­
troformation methods are also described in Ref. [64].

4   Reconstitution of membrane 

proteins

Reviews by Stockbridge et  al. [65] and Rigaud and Levy 
[12] give detailed accounts of the reconstitution of mem­
brane proteins into liposomes and also consider the 
overall characterization of the resulting proteoliposomes 
[12] and their use for activity measurements [65].

There are two basic approaches to reconstitution. One 
is detergent­mediated, as detailed below for 2D crystals. 
The other is a variation where preformed liposomes are 
used as a starting point instead of detergent­solubilized 
lipids. The use of preformed liposomes is reported to favor 
unidirectional insertion of the membrane proteins [12]. In 
addition, Rigaud et al. employed a “step­by­step” method 
to understand the mechanisms governing protein recon­
stitution, assuming that assembly mirrors disassembly 
(summarized in Ref. [12]). In this approach, the solubi­
lization of preformed liposomes is characterized by the 
stepwise addition of detergent. Protein is then added at 
each well­defined step to determine the best reconstitu­
tion conditions.

To obtain highly ordered 2D crystals, detergent­solu­
bilized purified membrane proteins in buffer solution are 
mixed with detergent­solubilized lipids and the amount 
of detergent is reduced slowly by dialysis (Figure 2A) [66], 
more rapidly by the use of Biobeads [67], by the addition 

Figure 2: Reconstitution of membrane proteins in a lipid bilayer and vitrification for cryo-EM. (A) The principle of 2D crystallization: 
detergent-solubilized and purified membrane proteins are mixed with detergent-solubilized lipids, and the detergent is removed to form 2D 
crystals. (B) Vitrification of planar 2D crystals (above) and proteoliposomes with 2D crystals in their bilayer (below). The proteoliposomes 
can encapsulate one buffer system and be dispersed in another, as indicated. The ion or ligand gradient across their bilayer is experienced 
by the reconstituted membrane proteins.
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of cyclodextrin [68], or by gradual dilution [16]; for further 
details, see Ref. [69]. In all cases, many conditions have to 
be screened to find the conditions (detergent, buffer, pH, 
additional salts, lipid­to­protein ratio, temperature gradi­
ents, time scale) that lead to the best well­ordered planar 
2D crystals [69] or to helical tubular crystals [70, 71]. The 
latter are often open at one or both ends, which does 
not allow a buffer gradient to be set up across the lipid 
bilayer. High­quality samples can be vitrified or embed­
ded in sugar solution (such as trehalose) and vitrified and 
imaged by cryo­EM [72]. Computational image processing 
of the micrographs and diffraction data [49, 69, 73–75] is 
then utilized to reconstruct the 3D structure of the protein 
at high resolution.

In practice, a mixture of planar 2D crystals or helical 
tubular crystals and liposomes of various types – pure 
lipid, packed to different degrees with protein, sometimes 
with 2D crystals in their bilayer – is often obtained in 2D 
crystallization runs. The ratio of these, the stoichio metric 
ratio of the components present in 2D crystals, and the 
crystal form obtained, depend on the membrane protein, 
lipids, and crystallization conditions.

Potentially, cell­free protein expression offers a com­
pletely different yet related approach to membrane protein 
reconstitution for structural studies. CFPS systems exploit 
the transcription and translation machinery used by cells 
to express soluble and membrane proteins in vitro [76, 77]. 
The additional presence of pre formed liposomes in the 
system has been shown to increase the cell­free expres­
sion and solubility of diverse aggregation­prone α­helical 
membrane proteins [78], and the insertion of membrane 
proteins directly into liposomes during production to 
produce functional proteoliposomes has been demon­
strated in a number of cases [15]. In their review, Katzen 
et  al. [79] state that the heterogeneity of such samples 
makes them unsuitable for structural biology. It remains 
to be seen whether the possibility to obtain essentially 
monodisperse liposome preparations by a DNA template 
method [80] will change this situation.

It is known that the insertion of a membrane protein 
into liposomes can require the presence of a particular 
lipid [81] and that lipids can influence the aggregation 
state of membrane proteins in the bilayer [82]. A close 
interaction between membrane proteins and specific 
lipids has been described [30, 83]. The many physico­
chemical properties of lipids and lipid membranes that 
can influence the activity of membrane proteins are 
detailed in Sachse et al. [15]; some aspects were already 
discussed above [51]. Further information relevant to the 
reconstitution of functional membrane proteins can be 
found in Ref. [84].

5   Cryo-EM methods

To prepare samples for cryo­EM imaging, a few microlit­
ers of sample are pipetted onto cryo­EM grids that are 
covered with a holey carbon film that was previously 
made hydrophilic by glow discharge in a low pressure 
of air. The grids are then blotted with filter paper and 
rapidly plunge­frozen in liquid ethane cooled by liquid 
nitrogen; both of these steps can be performed using a 
dedicated instrument (e.g. an FEI Vitrobot or Leica GP 
plunger). Afterwards, a vitreous sample layer fills the 
holes of the carbon film (Figure 2B). The blotting condi­
tions and the grid’s surface properties with respect to the 
sample determine the shape and thickness of the layer, 
making it thinner at the center of holes in a hydrophilic 
carbon film. The frozen grids can be stored or immedi­
ately transferred to a cryo­holder, inserted in the cryo­EM 
instrument, and imaged.

There are, of course, variations to this protocol. In 
one, a thin continuous layer of carbon, graphene or gra­
phene oxide [85–87] is placed on top of the thicker holey 
carbon film and the sample is deposited on top of it. This 
method is useful when proteins tend to adhere to the thick 
carbon at the edge of holes rather than distribute in the 
vitreous ice within them, and is also used to prepare 2D 
crystals for imaging and electron crystallography. Grids 
holding 2D crystals are also prepared by the so­called 
back­injection and sandwich methods. In the former, the 
2D crystals on the grid are embedded in a sugar layer, 
blotted, and plunge­frozen. In the latter, the 2D crystals 
are sandwiched between two thin carbon layers, and 
excess sample is removed by blotting from the side before 
the grid is plunge­frozen.

In all of the above cases, the paper­blotting step 
removes over 99.99% of the sample volume and can affect 
its quality. More economical methods in terms of sample 
loss are being developed, such as the use of nanoliter 
droplet deposition on self­blotting grids [88] or the direct 
deposition of nanoliter sample volumes via microfluidic 
devices [89].

For structural studies, the transmission electron 
microscope is usually operated at 100 to 300  kV and 
micrographs are recorded at a range of defocus settings 
under low electron­dose conditions to minimize beam 
damage. The magnification employed is sample­depend­
ent. Detectors vary, CCD cameras being used for screening 
runs. Direct electron detectors deliver the highest con­
trast and resolution and support “movie­mode” imaging 
where a series of frames are recorded at very low dose and 
summed to give the final image [90]. This allows correc­
tion to be made for sample drift by dedicated software 
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such as Motioncorr [90], Unblur [91], or Zorro [92] before 
the averaging step.

As purified proteins usually orient in different ways in 
the vitreous buffer film, their 3D structure can be directly 
reconstructed by “single particle analysis” of the 2D pro­
jections obtained [93]. By contrast, 2D crystals (Figure 2B, 
top) only present one view of the protein to the beam and 
have to be tilted to obtain 3D information. As the tilt angle 
is limited (generally to ± 60°), this results in a so­called 
missing cone and, as a consequence, the structures recon­
structed from the images tend to have a lower resolution 
in the z­direction [49]. Crystalline samples are also exam­
ined in diffraction mode and analyzed by electron crystal­
lography software, as outlined in Abeyrathne et al. [69]. 
The missing phase information is obtained from images.

The same grid preparation procedure can be used 
when cryo­electron tomography (cryo­ET) is employed 
to look at liposomes and proteoliposomes (Figure 2B, 
bottom). However, samples generally have to be thinner 
than 500  nm to ensure that the number of transmitted 
electrons is sufficient for imaging. Thicker samples would 
have to be rapidly frozen at high pressure, which might 
necessitate additional steps (fixation and freeze substitu­
tion), and cut into serial sections at cryogenic tempera­
tures [94]; the sections can then be mounted on TEM 
grids for inspection. In both cases, the vitrified sample 
has to be tilted in the beam for imaging and, as with 2D 
crystals, there is the problem of a missing wedge or cone 
in Fourier space. As the electron dose has to be limited 
to avoid sample damage, the signal­to­noise ratio of the 
tomograms is low. Thus, while larger features can be 
immediately recognized, subtomogram averaging [95, 96] 
is required to reveal smaller macromolecules.

An assessment of negative stain TEM and the various 
cryogenic methods can be found in the study by  Thompson 
et al. [97].

Figures 3–7 illustrate cryo­EM imaging of liposomes 
and proteoliposomes. These images were not published 
before. Grids were prepared by pipetting 4 µl of the lipo­
some or proteoliposome sample onto glow­discharged, 
holey carbon films (Quantifoil R2/1, Quantifoil Micro 
Tools, Jena, Germany). Grids were blotted and rapidly 
plunge­frozen in liquid ethane cooled by liquid nitrogen 
by using a MarkIVVitrobot (FEI, Eindhoven, The Nether­
lands) with a fast blotting time of 1 s and a blotting force 
of 1. They were transferred to a Gatan­626 cryo­holder 
for imaging. The micrographs were recorded under low­
dose conditions (25 electrons/Å2) on a CM200 transmis­
sion electron microscope (FEI Company, Eindhoven, The 
Netherlands) equipped with a TVIPS F416 CMOS camera 
(TVIPS, Gauting, Germany). The accelerating voltage was 

200 kV, and the nominal magnification was 50,000×. The 
defocus settings employed were chosen so that the lipid 
bilayer of the liposomes could be distinguished in the 
micrographs.

6   Characterization of liposomes 

and proteoliposomes by cryo-EM 

methods

Cryo­EM can be used to characterize and control the 
quality of liposome samples [80], including those that 
are foreseen for use in biomedicine and nanotechology 
[2, 3, 100, 101]. It also gives detailed information about 
encapsulation and internalization phenomena, reveal­
ing the location of the proteins (Figure 6) or nanoparticles 
[2, 102]. Depending on their nature and the experimen­
tal conditions, nanoparticles can reside in the liposome 
lumen [37] or between the two leaflets of the lipid bilayer 
[35]. Cryo­ET is used to examine liposomes [37, 39] and 
proteoliposomes [103] as well as native cell membranes 
[104] and cells [105], and to determine the localization and 
structure of proteins complexes [106] within them, or to 
follow interactions with external agents such as viruses 
[107, 108]. Cryo­ET combined with sub­volume averag­
ing is able to reach very high resolution on membrane­ 
embedded structures [109], but this is still rarely achieved 
in practice. However, even with lower resolution data, 
such studies help to understand how complex nanoma­
chines might influence membranes in vivo [103, 110].

As with all methods, misleading artifacts can occur. In 
cryo­EM, these are caused by the vitrification process and 
variations in the thickness of the vitrified sample layer. 
Three common problems are mentioned here. First, vari­
ations in the thickness of the vitrified layer can effectively 
sort the liposomes by size, concentrating larger liposomes 
in thicker regions and giving a misleading impression of 
the sample. Second, when the vitreous layer is too thin, 
liposomes protrude from it and the exposed region col­
lapses, resulting in increased contrast in the correspond­
ing area of the 2D projections (Figure 3A, right). Third, 
some liposomes may deform during cryo­EM grid prepara­
tion, which could be caused by drying of the sample solu­
tion and the accompanying increase in salt concentration 
and osmolarity or by the surface tension of water flatten­
ing and sometimes also breaking them. Further possible 
effects are outlined in Almgren et al. [25].

Because almost all of the liquid deposited on the EM 
grid is removed by a paper­blotting step before vitrifica­
tion, only a qualitative impression of the sample can be 
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obtained by cryo­EM; the assumption is made that blot­
ting has no effect on sample composition or appearance. 
For this to be true, the humidity and temperature within 
the blotting apparatus have to be finely tuned to avoid 
drying or swelling of the sample during or shortly after 
blotting, which would change the salt concentration and 
osmotic pressure. The absolute determination of, e.g. the 
mean liposome diameter or the relative occurrence of dif­
ferent liposome species in the sample, is not possible. 
Ideally, quantitative answers that can be used for statis­
tical analysis would be required, e.g. to determine the 
stabilizing effect of modified lipids and different bilayer 
compositions [36, 111] or the suitability of a formulation 
for drug delivery [3, 100]. Thus, at present, cryo­EM has 
to be combined with other methods (e.g. photon cor­
relation spectroscopy was employed by Menzel et  al. 
[111]). The recent development of a microfluidic platform 
capable of cryo­EM grid preparation in a loss­less manner 
[89] promises to change this situation in the near future, 
as the newly developed methods do not involve any 

paper­blotting. However, as with conventional methods, 
the presence of sample on electron­opaque regions of 
the grid (grid bars, thick carbon of theholey carbon film) 
cannot be avoided.

7   Determination of membrane 

protein structure by cryo-EM

Single particle cryo­EM can be used to determine the 
structure of membrane proteins solubilized in detergent 
[112] or other surfactants (reviewed in Ref. [113]), includ­
ing nanodiscs [114] and amphiphols [115]; reviewed 
in detail in Ref. [116]. Alternatively, membrane pro­
teins can be crystallized in 2D in a planar lipid bilayer 
and examined at cryogenic temperatures by electron 
 crystallography [69].

The high­resolution structural analysis of proteins 
reconstituted in the non­planar bilayer of a liposome is 

Figure 3: Encapsulation of fluorescent dye and heavy metal chemicals investigated by cryo-EM. (A) Control. E. coli polar lipid extract lipo-
some with the same buffer system (20 mm Tris-HCl pH 7.6, 1 mm EDTA) on both sides of the bilayer. Under these conditions, the image con-
trast and noise distribution should be uniform inside and outside of the liposome (left and center). The two leaflets of the lipid bilayer can 
be distinguished (inset). A contrast gradient in the liposome lumen that increases towards the center indicates that the liposome protruded 
from the vitrified layer and collapsed (right), i.e. it is a grid-preparation artifact. (B–D) Encapsulation. E. coli polar lipid extract liposomes 
were formed in 20 mm Tris-HCl pH7.6, 1 mm EDTA buffer, containing the indicated additional component and dispersed in the same buffer 
without it. (B) The fluorescent dye CF, 100 mm. (C) CsCl, 100 mm. (D) FeCl3, 100 mm. Encapsulation could not be visualized by cryo-EM. The 
increased contrast towards the center of liposomes shown in B and D is a grid preparation artifact, as discussed in (A). Insets: magnified 
views of the indicated liposomes. Equivalent results were obtained with DMPC liposomes under the same buffer conditions. Scale bars: 
100 nm.
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challenging. The random spherically constrained (RSC) 
single particle reconstruction method [117, 118] can be 
applied to spherical unilamellar proteoliposomes that 
are sparsely populated with proteins and tethered to a 
2D streptavidine crystal (∼ 2­nm resolution structure of 
the BK potassium channel [118]) or adsorbed directly to 
a thin carbon film [119], and particles can be identified in 
the images by automated procedures (e.g. [119]). In this 
work, particles were identified in liposomes after image 
subtraction of the underlying streptavidin 2D crystal (if 
present) and of the liposome bilayer. Another approach 
requires the formation of membrane protein/lipid poly­
hedral nanoparticles [120]. These symmetric liposomes 
can then be analyzed by cryo­ET and single particle 
cryo­EM. The structure of the mechanosensitive channel 
protein was solved at ∼ 1­nm resolution by this method, 
but although comparable liposomes were obtained with 
two other proteins, it remains to be seen how generally 
applicable it is.

The structure of bovine F
0
F

1
 ATPase in a lipid mem­

brane was determined at a resolution of 24 Å from 
vesicular 2D crystals using a combination of cryo­ET, sub­
tomogram averaging, and electron crystallography of 2D 
tomographic slices [103]. This was facilitated by the fact 
that the vesicles were flat and relatively thin rather than 
spherical, as the F

0
F

1
 ATPases on opposite sides of them 

interacted via their rotor rings.
Cryo­ET and subtomogram averaging were also 

recently used to determine the structure of the mouse 
serotonin 5­HT3 receptor densely packed in the bilayer of 
liposomes. The 12 Å resolution achieved revealed second­
ary structural elements and showed that the short hori­
zontal helices take part in receptor­receptor interactions 
in the bilayer [121].

8   The use vesicular 2D crystals and 

cryo-EM to structurally  characterize 

membrane proteins in action

Although the sheet­like 2D crystals employed for cryogenic 
electron crystallography provide a more native lipidic 
environment for the membrane protein than 3D crystals, 
their surroundings do not mimic the conditions present 
on either side of native membranes; the membrane pro­
teins in single flat crystalline sheets or open­ended helical 
tubes experience the same buffer on both sides (buffer A 
in Figure 2B). The typical salt, pH, and ligand concentra­
tion gradients that occur across the membranes of cells 
and organelles are not present and cannot be generated. 

However, vesicular 2D crystals would allow such gradi­
ents to be created, at least for a short period of time.

As outlined above, a few cryo­EM studies have been 
made using proteoliposomes without a gradient across 
the bilayer, giving membrane protein structures at resolu­
tions of typically 1–2 nm [121]. The method now proposed 
here is to form unilamellar liposomes in buffer A, which 
then encapsulate that buffer in their lumen, and recon­
stitute the membrane protein into the liposome bilayer 
using the same buffer, at the same time achieving some 
2D crystalline arrangement of the membrane proteins in 
the bilayer. The outer buffer of this suspension of semi­
crystalline proteoliposomes can then be exchanged to 
buffer B, and the structure of the reconstituted membrane 
proteins can be determined by cryo­EM and electron crys­
tallography (Figure 2B). As noted above, the use of pre­
formed liposomes will favor the unidirectional insertion 
of the membrane protein. After buffer exchange, buffer 
A must remain encapsulated within the proteoliposomes 
for a period of time, during which the membrane pro­
teins experience different environments on either side 
of the lipid bilayer and sample grids can be flash­frozen 
for cryo­EM. Imaging will then deliver a “snapshot” of 
the membrane protein in action, allowing the conforma­
tional changes involved to be elucidated. In its simplest 
form, this procedure would mean adding a ligand to 
either buffer A or buffer B (also suggested by Jiko et al. for 
the F

0
F

1
 ATPase vesicles they generated [103]), followed 

by imaging or protein activity tests. Samples contain­
ing membrane proteins in a 2D crystalline arrangement 
within liposomes have been used for activity studies [31]. 
The use of densely crowded 2D crystal arrays instead of 
proteoliposomes with only a few membrane proteins will 
facilitate structural analysis by cryo­EM, by greatly reduc­
ing the number of images required. Further, this method is 
expected to deliver higher resolution if the advantages of 
single particle analysis and electron crystallography can 
be merged (discussed below).

The liposomes and proteoliposomes generated must 
have the following three important properties: (i) They 
must retain the encapsulated content. (ii) They should not 
burst or contract due to osmotic pressure. (iii) They must 
withstand vitrification for cryo­EM.

The cryo­EM images shown in Figures 3–6 docu­
ment experiments carried out to assess the extent to 
which cryo­EM can be used to monitor the encapsula­
tion of various chemicals, proteins, and gold markers by 
liposomes formed from either E. coli polar lipid extract 
or the synthetic zwitterionic lipid, 1,2­dimyristoyl­sn­
glycero­3­phosphocholine (DMPC). To confirm encapsula­
tion, the lumen of liposomes encapsulating material must 
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B

A

Figure 4: Cryo-EM images of liposomes encapsulating bovine 
serum albumin (BSA). E. coli polar lipid extract liposomes were 
formed in 20 mm Tris-HCl pH 7.6, 1 mm EDTA buffer containing the 
indicated amount of BSA and dispersed in the same buffer without 
it. (A) BSA, 33 mg/ml. (B) BSA, 5 mg/ml (left), 10 mg/ml (middle), 
50 mg/ml (right). The concentration of BSA in the starting buffer had 
to be 10 mg/ml or more for encapsulation to be visible. Scale bars: 
100 nm.

A

B

Figure 5: Encapsulation of apoferritin and urease investigated 
by cryo-EM. E. coli polar lipid extract liposomes were formed in 
20 mm Tris-HCL pH 7.6, 1 mm EDTA buffer containing the indicated 
additional component and dispersed in the same buffer without 
it. (A) Apoferritin, 2 mg/ml. Some liposomes contained apoferritin 
and retained it when the buffer was exchanged by size exclu-
sion chromatography. In some cases, the amount was more than 
expected from the distribution of apoferritin at the same concen-
tration in the same buffer without lipids. This might be caused by 
spontaneous encapsulation as reported for ferritin [9]. The few 
apoferritin complexes in the background of the image are prob-
ably from liposomes that opened during the size chromatography 
or vitrification steps. (B) Urease, 3.5 mg/ml. Encapsulation was 
probably not successful. After size exclusion chromatography, 
the distribution of urease in the background (small arrows) and 
apparently in the lumen of liposomes is essentially the same. The 
later might be in the vitreous buffer above and below the liposome 
imaged, or indeed inside it. Only the small oval liposome (large 
arrow) looks as if it might contain encapsulated protein. Scale 
bars: 100 nm

display either uniform higher contrast than the dispersion 
buffer (background contrast) or a different morphology. 
In the examples shown, size exclusion chromatography 
was employed to remove non­encapsulated material from 
the samples after encapsulation, unless otherwise stated. 
When 100 mm 5(6)­carboxyfluorescein (CF; C

21
H

12
O

7
; a 

florescent dye), cesium chloride (CsCl), or ferric chlo­
ride (FeCl

3
) was present in the encapsulation buffer, the 

only contrast differences observed within the liposomes 
were grid preparation artifacts that could be misleading 
to the inexperienced eye (Figure 3B–D; compare with A). 
These are due to the collapse of liposome regions that pro­
trude from the vitreous buffer layer. The electron scatter­
ing power and concentration of CF, which is membrane 
impermeant, was too low for this molecule to be detected 
in the lumen of liposomes after buffer exchange. Simi­
larly, CsCl and FeCl

3
 could not be detected and, as for 

CF, this was independent of the lipid used. The result 
can be understood in the light of the following: first, 
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A

B

Figure 6: Encapsulation of gold nanoparticles (GNPs) investigated by cryo-EM. E. coli polar lipid extract liposomes were formed in 20 mm 
Tris-HCl pH 7.6, 1 mm EDTA buffer containing the indicated additional material and dispersed in the same buffer without it. (A) GNPs, diluted 
1 : 60 in the same buffer. The distribution of GNPs in the background and apparently in the lumen of the liposomes is the same before 
(left) and after (right) ultracentrifugation, showing that ultracentrifugation could not be used to remove non-encapsulated material in this 
case. (B) GNPs, diluted 1 : 60 in the same buffer and BSA, 33 mg/ml, before (left) and after (right) size exclusion chromatography using a 
1.5 × 10 cm Econo-Column (Bio-Rad) packed with G-25 resin (Sigma-Aldrich) equilibrated with 20 mm Tris-HCl pH 7.6, 1 mm EDTA; the GPNs 
were removed by the chromatography step. Thus, GPNs were not successfully encapsulated. The patterning/increased contrast associated 
with encapsulated BSA can be distinguished (compare with Figure 4). See main text for details. GNPs (diameter, 5 nm) were purchased from 
Cell Microscopy Core at the University Medical Centre in Utrecht, The Netherlands. They were conjugated with protein A-Gold (PAG), and were 
supplied in phosphate-buffered saline (PBS) buffer containing 12–15% glycerol, 0.1% BSA, and 0.02% sodium azide. Scale bars: 100 nm.

Garcia­Manyes et  al. showed that the zeta­potential of a 
DMPC unilamellar liposome dispersion decreases as the 
ionic strength of the solution is increased and concluded 
that cations adsorb to the lipid headgroups at the surface 
of the bilayer [122]. Second, in de­ionized water, the 
encapsulation of Fe2+ ions by liposomes composed of 80% 
(mol/mol) egg lecithin, 10% (mol/mol) cholesterol, and 
10% (mol/mol) Tween 80 is less at higher concentrations, 
i.e. at higher ionic strength, and is increased by the pres­
ence of chelating agents [123]. Thus, the amount of Cs+ and 
Fe3+ ions encapsulated in the DMPC or E. coli polar lipid 

extract liposomes used here might have been increased 
by decreasing the CsCl and FeCl

3
 concentrations used and 

increasing the concentration of the chelating agent EDTA 
in the buffer solutions; the encapsulation of chelated Cs+ 
and Fe3+ might have been favored.

The protein bovine serum albumin (BSA; 66.5 kDa; dia­
meter is around 7 nm) was encapsulated, remained encap­
sulated during the chromatography step, and was visible 
in the lumen of the liposomes formed by E. coli polar lipid 
extract (Figure 4). The same result was obtained when the 
encapsulation of apoferritin (∼ 480 kDa; diameter, 12 nm 
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Figure 7: Cryo-EM images of liposomes reconstituted with the potassium channel MloK1. In the crystallization screens, liposomes from 
E. coli polar lipid extract preformed by the film dispersion method and dispersed in 20 mm Tris-HCl pH 7.6, 20 mm KCl, 1 mm BaCl2, and 
1 mm EDTA were mixed with detergent-solubilized MloK1 in 295 mm NaCl, 5 mm KCl, 20 mm Tris-HCl pH 8.0, 10% glycerol, 1 mm phenyl-
methylsulphonyl fluoride, 40/500 mm (wash/elution) imidazole, 0.2% n-decyl-β-D-maltopyranoside at LPRs ranging from 1 to 10, added to 
dialysis buttons sealed by a dialysis membrane with a 14-kDa molecular weight cut-off, and dialyzed for 48 h at room temperature to remove 
detergent. (A) Optimization of MloK1 reconstitution in liposomes by changing the LPR; although some liposomes are densely packed with 
MloK1, regular 2D crystalline arrays are not present. (B) Vesicular patches of MloK1 formed at an LPR of 10 and the aligned and averaged 
Fourier transform of the patches, indicating some weakly crystalline arrangement. Only diffraction spots up to orders (1,1) are visible above 
the noise. Their spacing does not agree with the crystalline arrangement obtained from planar well-ordered 2D crystals of MloK1 [98, 99], 
indicating that the crystal packing is different. MloK1 had an up/down alternating orientation in the latter. It might be unidirectional in the 
vesicular crystals as expected from the preparation method, but this remains to be shown. Scale bars: 100 nm.

[124]) from equine spleen (Figure 5A) was tested. However, 
urease (1 MDa [125]; diameter is 15 nm) from Yersinia enter-

ocolitica bacteria (Figure 5B) was either not encapsulated 
or lost when the buffer was exchanged. The situation was 
the same for gold nanoparticles (GNPs; diameter, 5  nm) 
present in the encapsulation buffer alone or together 
with BSA. GNPs remaining in the dispersion buffer after 
liposome formation were not removed by ultracentrifuga­
tion (Figure 6A), but size exclusion chromatography was 
efficient. No GNPs were present afterwards; BSA was still 
encapsulated and retained as expected (Figure 6B). Inter­
actions similar to those governing the spontaneous con­
centration of BSA conjugated with fluorescein (BSA­FITC 
[11]) and ferritin (apoferritin plus iron moiety [102]) within 

liposomes might have favored and/or helped to stabilize 
the encapsulation of BSA and apoferritin in these experi­
ments, explaining the different result obtained with urease 
and GNPs. Colletier et al. investigated the encapsulation 
of Drosophila melanogaster acetylcholinesterase (AChE) 
in phospholipid liposomes by varying the preparation 
protocols, lipid composition, buffers, and ionic strengths 
and showed that encapsulation efficiency depends on 
protein­lipid bilayer interactions [62]. In particular, they 
suggest that stronger interaction helps to prevent loss of 
encapsulated material during extrusion steps and that 
the encapsulation of AChE is reduced in the presence of 
BSA because the latter competes for interaction with the 
phospholipids. To conclude, the many factors governing 
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liposome encapsulation make careful monitoring essen­
tial. Although cryo­EM is well suited to assess the encap­
sulation of large proteins and protein complexes, it cannot 
be used to follow the encapsulation of small molecules 
and ions.

As illustrated in Figure 7, cryo­EM is the ideal method 
to visualize proteoliposomes formed during the recon­
stitution of membrane protein oligomers and judge their 
quality. Both the presence of proteins densely packed in 
the lipid bilayer (Figure 7A) and the lattice of 2D crystals 
can be distinguished, allowing crystallization condi­
tions to be optimized. Importantly, cryo­ET can be used 
to obtain the detailed information about the shape of 
vesicular 2D crystals required for image processing. The 
∼ 210­kDa protein oligomer used in the example, MloK1 
[98, 99], is a bacterial potassium channel that contains 
S1–S4  semi­voltage sensing domains and is modulated 
by cAMP at its cyclic nucleotide binding domains. Three­
dimensional structures were obtained at 7­Å resolution by 
the analysis of planar single 2D crystal layers in the pres­
ence and absence of the ligand, cAMP, by cryo­EM and 
electron crystallography. These structures reveal a large­
scale conformational difference and indicate a possible 
channel gating mechanism [99]. Reconstituting MloK1 
into liposomes and adding cAMP to the buffer outside of 
the vesicles will allow the effect of an asymmetric ligand 
distribution across the membrane to be investigated and 
compared with these results. The first step towards this is 
shown in Figure 7B.

9   The analysis of cryo-EM images 

of 2D membrane protein crystals 

in spherical liposomes

The formation of flat proteoliposomes filled with 2D crys­
tals similar to those obtained for the F

0
F

1
 ATPase [103] is 

unusual as documented by negative stain electron micros­
copy of 2D crystallization samples; images show collapsed 
2D crystal vesicles with many folds, which sometimes 
also have flat double­layered regions suitable for elec­
tron microscopy [98]. Thus, the challenge of analyzing 2D 
crystal patches in proteoliposomes of different sizes and 
with different degrees of sphericity must be addressed. 
The use of spherical or highly curved vesicles would 
have two advantages. First, depending on the spheric­
ity, it might not be necessary to tilt the specimen in the 
microscope to obtain views of the protein in all possible 
orientations, as the spherical geometry will offer partial 
side views in the peripheral areas of a liposome image. 

Second, for structural studies, the protein would not have 
to insert in the bilayer unidirectionally; crystals with 180° 
screw­axis symmetry (alternating up/down protein ori­
entations), like the p4212 planar 2D crystals formed by 
MloK1, would allow the 3D structures of oppositely regu­
lated states to be determined in one experiment.

The classical image processing methods for 2D elec­
tron crystallography images, including crystal lattice 
unbending and Fourier filtering methods, are well estab­
lished and allow access to high­resolution 3D reconstruc­
tions, when flat, well­ordered 2D crystals are available. 
However, they have limitations when this is not the case. 
One alternative approach is to treat badly ordered or non­
planar 2D crystals as single particles while still exploiting 
the neighborhood correlation between adjacent proteins 
in the lattice to address the low signal­to­noise ratio of the 
images. This method was successfully applied to improve 
the resolution of the MloK1 datasets [74] and is included 
in the 2dx software [126, 127]. To extend this single par­
ticle approach to the analysis of 2D crystals in proteo­
liposomes, the algorithm would have to take into account 
the geometry of the liposomes and the overlapping lattices 
arising from crystals on both sides of them. As detailed 
in Jiang et  al. [117], the position of a membrane protein 
in a spherical liposome can be directly used to determine 
two of the three Euler angles that define its orientation. 
As the sphericity of liposomes can be maintained during 
vitrification, this simplifies orientation determination by 
projection matching. The questions then are how spheri­
cal the liposomes are when 2D crystals are present in their 
bilayer and how regular the 2D crystals can become in the 
bilayer. The answers to both will depend on the protein. 
In molecular dynamics simulations, Parton et  al. [128] 
demonstrate that the aggregation of α­helical membrane 
proteins depends on their shape, which is essentially 
that of a truncated cone, the curvature of the bilayer, and 
the hydrophobic mismatch, i.e. the difference between 
the length of the hydrophobic domain of the membrane 
protein and the length of the hydrophobic core of the lipid 
bilayer. Taking this a step further, empirically, the unidi­
rectional insertion and local formation of semi­ordered 2D 
crystal patches of α­helical membrane proteins in a lipid 
bilayer should be possible for large spherical proteoli­
posomes, provided the correct mixture of lipids and the 
correct buffer conditions are used.

The presence of two layers of 2D crystals, one in the 
upper and one in the lower hemisphere of vesicular 2D 
crystals, will be visualized as two overlapping lattices in 
the projection images, which have to be dealt with by the 
image analysis software. One approach would be decon­
volution of the total signal. Another would be to combine 
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the single particle electron crystallography approach 
detailed above with ET and sub­volume averaging, i.e. to 
use a modified form of the processing described in Jiko 
et  al. [103] for the vesicular F

0
F

1
 ATPase 2D crystals. For 

this, the sample would have to be imaged at low dose by 
cryo­EM for the single particle approach and then tilted in 
the microscope and the same region imaged by ET, follow­
ing the so­called Hagen scheme [129]. The crystal unit cell 
from the image recorded by single particle cryo­EM could 
then be located in the tomogram. A similar approach 
was shown to work for COPI­coated vesicles [130]. The 
Dynamo software system provides the necessary tools to 
semi­automatically pick individual 3D sub­volumes by 
exploiting the regular arrangement of membrane proteins 
in vesicular 2D crystal arrays and perform sub­tomogram 
averaging [96, 131].

The resolution achievable by ET and sub­volume aver­
aging has drastically improved, and the method can now 
be used to reach side­chain resolution (3.9 Å) in α­helical 
proteins [95, 109]. Like for single particle cryo­EM, this 
improvement is primarily due to the increased image 
contrast delivered by direct electron detectors and their 
movie­mode imaging feature, which allows the blurring 
caused by beam­induced motion to be corrected.

10   Conclusions and outlook

Liposomes are widely used in science today, e.g. as 
models mimicking primitive cellular systems and as 
nanocontainers. Although they are also employed to 
assess the activity of membrane proteins inserted in their 
bilayer, they are not widely used to study the structure of 
these. With the technological advancement in the field, 
cryo­EM and cryo­ET are now in the position to rectify 
this. Even though the resolution for building atomic 
models for membrane­embedded membrane proteins is 
still rarely reached by these methods, the advantage of 
determining the structure of membrane proteins in the 
semi­native environment provided by a liposome bilayer 
must not be overlooked. Importantly, the system promises 
to allow structure/function relationships to be probed by 
introducing buffer or ligand gradients across the lipid 
bilayer. The snapshots obtained of the membrane pro­
teins in action by flash­freezing at cryogenic tempera­
tures will help to understand how they function. Further, 
the relatively low­resolution data can be combined with 
high­resolution structural models determined by other 
methods, if available, to enable computer modeling of 
protein function.
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